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Abstract 

Microbial communities play important roles in organismal and ecosystem health. High 

throughput sequencing has revolutionized our understanding of host-associated microbial 

communities, but the viral component of these communities remains poorly characterized 

relative to microbes such as bacteria, particularly in non-human hosts. This knowledge gap 

has implications for global health, as viruses originating in wildlife are responsible for 

recent disease outbreaks in humans and domestic animals. Although studies have identified 

factors differentiating viral communities between species, we have little understanding of 

the variability of viral communities within species. Comparative studies of viral 

communities are therefore necessary to characterize novel taxa and to evaluate the 

ecological factors influencing intraspecific viral diversity and distribution. 

Bats are recognized as “special” reservoirs for viruses because they are associated with 

diverse viral communities and display deep evolutionary relationships with individual viral 

taxa. Common vampire bats (Desmodus rotundus) represent a particularly interesting 

system in which to investigate viral communities, as they are obligate blood feeders that 

interact ecologically with many different host species, providing opportunities for the 

acquisition of diverse viruses. The overall objective of this thesis was to advance our 

understanding of intraspecific wildlife-associated viral communities using an established 

field network of common vampire bat colonies across Peru. Specifically, I developed a 

novel method for comparative viral community studies, characterized the viral 

communities of vampire bats, and examined the ecological correlates of vampire bat viral 

diversity across Peru. 

Metagenomic sequencing is a promising technique for comparative studies of viral 

communities in wildlife, but there is a need to first develop standardized methods that can 

be applied to samples collected in the field. In Chapter 2 I developed a shotgun 

metagenomic sequencing approach to characterizing viral communities from non-invasive 

samples. Specifically, I optimized extraction and sequencing protocols using fecal and 

oropharyngeal swabs collected from common vampire bats in Peru. Two preliminary 

sequencing runs were performed, the results of which motivated four pilot studies in which 

I tested how different storage media, nucleic acid extraction procedures, and enrichment 

steps affect the viral community detected. Metagenomic sequencing revealed viral 

contamination of fetal bovine serum, a component of viral transport medium, suggesting 

that swabs should be stored in RNALater or another non-biological medium. Extraction 
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and qPCR tests were performed on swabs inoculated with known concentrations of virus, 

which revealed that nucleic acid should be directly extracted from swabs rather than from 

supernatant or pelleted material. Metagenomic sequencing of paired samples was used to 

test enrichment by ribosomal RNA depletion and light DNAse treatment, which both 

reduced host and bacterial nucleic acid in samples and improved virus detection. A 

bioinformatic pipeline was developed specifically for processing vampire bat shotgun viral 

metagenomic data. Finally, the optimized protocol was applied to twelve pooled samples 

from seven localities in Peru, and read subsampling demonstrated that the viral 

communities detected were consistent at commonly attained depths of sequencing. The 

protocol developed in this chapter enables minimally biased comparative viral community 

studies in non-invasive samples collected from wildlife. 

Having a detailed understanding of viral diversity in key wildlife hosts is an important first 

step in evaluating the risk of zoonotic disease emergence, but we still lack a holistic view 

of viral communities in many species including vampire bats. In Chapter 3, I used the 

metagenomic sequencing protocol developed in Chapter 2 to thoroughly characterize viral 

communities in the saliva and feces of vampire bats captured across Peru. Viruses were 

detected from a range of natural host groups including vertebrate-associated taxa that were 

potentially infecting vampire bats, bacteriophages associated with gut bacteria, and plant- 

or insect-infecting viruses potentially acquired from the environment. There were broad 

differences between fecal and saliva viral communities, showing evidence of body habitat 

compartmentalization. Eight vertebrate-infecting viral families were selected for 

phylogenetic analysis to evaluate relationships with previously characterized viral taxa 

from bats. Novel findings included a Hepatitis delta-like virus in vampire bat saliva 

samples from three sites, representing the first detection of this virus outside of humans. 

Full genomes were generated for novel viruses in families that contain zoonotic taxa such 

as Coronaviridae, Hepeviridae and Reoviridae. Finally, widespread viral families such as 

Picornaviridae and Adenoviridae were identified as potential markers of vampire bat 

movement. Overall, these results established that vampire bat viral communities differ 

between body habitats and suggested that, for the vertebrate-infecting families analyzed, 

novel viruses mostly fall within bat-specific clades, without evidence of livestock or 

humans acting as a major source of viral diversity in vampire bats. 

Interspecific differences in ecological and life history traits are known to impact viral 

richness in bats, but the factors structuring viral communities within bat species are less 

well understood. In Chapter 4, I examined the spatial, demographic and environmental 
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correlates of intraspecific viral diversity in vampire bats. Three measures of viral diversity 

were calculated at the colony level: richness, a novel measure of taxonomic diversity, and 

community composition. Generalized linear models were then used to test the effects of 

broad scale and local ecological variables on saliva and fecal viral diversity. Differences in 

saliva viral richness were positively correlated with geographic distance, and there was an 

association between longitude and viral richness and community composition, both of 

which indicated the importance of location in shaping saliva viral communities. The results 

also suggested the northwest region of Peru as a hotspot of vampire bat saliva viral 

diversity. Fecal viral communities broadly differed between ecoregions, with the Amazon 

exhibiting higher richness and distinct community composition, and differences in fecal 

community composition were positively related to geographic and genetic distance 

between colonies. In addition to the broad scale and spatial patterns of diversity, fecal viral 

richness also increased with the proportion of juveniles in a colony, and there was an effect 

of environmental context encompassing elevation, climate, and in some cases local 

livestock density. These results show for the first time that ecological variables can 

influence intraspecific viral diversity. 

In summary, the work presented in this thesis advances our understanding of wildlife-

associated viral communities in an ecologically important bat host. Future directions in 

comparative wildlife viral metagenomics, as discussed in Chapter 5, will include exploring 

the determinants of viral communities across host species, environments and time. 
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1 Introduction 

1.1 Microbial community diversity 

Microbial communities play essential roles in ecosystem function (Suttle 2007; van der 

Heijden et al. 2008; Strom 2008; Strickland et al. 2009) and impact the health of 

organisms through their roles as either mutualists or pathogens (Costello et al. 2012; 

Virgin 2014; Manrique et al. 2016), therefore it is important to understand the factors 

shaping their diversity and distribution. Microbial communities exhibit extreme diversity 

(Breitbart & Rohwer 2005; Fierer et al. 2007) with spatial variation thought to be shaped 

by both contemporary environmental and historical processes (Martiny et al. 2006; 

Lindström & Langenheder 2011). The diversity of host-associated microbial communities 

must be considered on different hierarchical levels as communities exhibit variation 

between body habitats within a host (Costello et al. 2009), between individuals within a 

species (The Human Microbiome Project Consortium 2012; Wasimuddin et al. 2017), 

between species within an environment (McCord et al. 2013; Menke et al. 2014) and 

between environments (Sullam et al. 2012; Linnenbrink et al. 2013; Muletz Wolz et al. 

2017). The factors involved in shaping this variation also depend on the scale being 

considered. For example, differences in host-associated bacterial communities between 

species are influenced by phylogeny and host diet (Ley et al. 2008; Muegge et al. 2011; 

Phillips et al. 2012), while differences in communities within a species may be influenced 

by factors such as geographic location (Linnenbrink et al. 2013; Kueneman et al. 2013) 

and host sex (Bolnick et al. 2014; Menke et al. 2017). 

In addition to the importance of host dynamics in the structure of their associated microbial 

communities, important insights have come from applying ecological theories developed at 

the macro-organismal level to micro-organisms (Prosser et al. 2007; Christian et al. 2015; 

Dudaniec & Tesson 2016). For example, metacommunity theory has provided a useful 

framework for generating hypotheses about spatial structure in micro-organisms 

(Mihaljevic 2012); microbial community composition could depend on host dispersal, 

differences in host traits, and environmental variation between patches (Costello et al. 

2012). Interactions among different microbes can also influence community composition 

(Lozupone et al. 2012; Koskella et al. 2017). A community-level perspective is critical for 

understanding both the factors that structure host-associated microbial communities and 

their roles in health and disease (Costello et al. 2012; Vayssier-Taussat et al. 2014; Virgin 

2014; Christian et al. 2015). The ability to simultaneously characterize all members of 



1 15 
 
bacterial communities and test hypotheses about the factors that structure them has recently 

become possible due to advances in sequencing technology (Costello et al. 2009; Sullam et 

al. 2012; The Human Microbiome Project Consortium 2012). However, the viral 

component of host-associated microbial communities remains relatively poorly 

characterized (Stulberg 2016), despite the critical roles played by viruses in ecosystems 

and within hosts (Suttle 2007; Virgin 2014; Manrique et al. 2016) and their unique biology 

which might lead to very different patterns of diversity and distribution compared to other 

microbes. 

1.2 Viral communities 

1.2.1 Technical challenges to studying viral communities 

Viruses remain understudied relative to bacteria and other micro-organisms because they 

lack a conserved genetic marker (Rohwer & Edwards 2002; Mokili et al. 2012), which has 

prohibited the use of a metabarcoding approach such as the 16S ribosomal RNA (rRNA) 

gene that has been used to examine bacterial communities across highly multiplexed 

samples (Creer et al. 2016). For this reason, viral communities have primarily been studied 

using untargeted shotgun metagenomic sequencing, which is the random sequencing of the 

genomic fragments of an entire sample, and in the case of viruses including additional 

steps to deplete non-viral material (Hall et al. 2014; Kleiner et al. 2015; Kohl et al. 2015; 

Conceição-Neto et al. 2015). As well as being relatively unbiased, shotgun sequencing has 

other advantages such as more precise classification of taxa and the ability to assess 

functional traits of the microbial community (Jovel et al. 2016). However, there are 

technical challenges specific to viral metagenomics that need to be addressed before broad 

comparative studies equivalent to those in other microbial systems are possible. 

In contrast to the human-associated viral communities which have been studied extensively 

(Breitbart et al. 2003; Breitbart & Rohwer 2005; Pride et al. 2011; Reyes et al. 2012; 

Wylie et al. 2014; Hannigan et al. 2015), characterizing viral communities from a wide 

range of hosts likely requires sampling in resource-limited environments. The storage and 

transportation of field-collected samples is an important consideration in viral community 

studies, as RNA viruses are highly sensitive to degradation in sub-optimal temperature and 

storage conditions (Cardona et al. 2012). Diverse methods have been used to store field-

collected samples destined for viral discovery in previous studies (e.g. Donaldson et al. 

2010; Baker et al. 2013; Wu et al. 2016). Standardized collection procedures that can be 



1 16 
 
implemented in resource-limited environments will be essential in future studies that aim 

to compare viral communities across host species, space and time. Establishing these 

procedures will require testing different storage buffers and extraction methods in order to 

generate sufficient viral nucleic acid for shotgun sequencing. 

Another technical consideration is the relatively small size of viral genomes, which can be 

swamped out by larger host and bacterial genomes in an unbiased sequencing approach 

(Nakamura et al. 2009; Yang et al. 2011), making enrichment an important component of 

viral community sequencing. Methods of viral enrichment relative to host and bacteria 

include filtration of host/bacterial particles, density gradient centrifugation, nuclease 

treatment, and removal of rRNA (Hall et al. 2014; Kleiner et al. 2015; Kohl et al. 2015). 

Filtration and centrifugation are known to bias the inferred taxonomic composition of 

samples (Thurber et al. 2009; Kleiner et al. 2015), and are not ideal for ecological studies 

in which non-viral sequences may also be of interest. However, nuclease treatment using 

DNAse (Allander et al. 2001) and depletion of host rRNA (He et al. 2010; Matranga et al. 

2014) are two effective enrichment methods that are less likely to bias the viral 

community. Although DNAse could cause bias towards RNA viruses, previous studies 

including a DNAse treatment step have also detected DNA viruses (Baker et al. 2013; Hall 

et al. 2014). A challenge of comparative non-invasive viral metagenomics will be 

identifying a combination of field and laboratory methods that maximize the proportion of 

viral reads while minimizing bias and preserving information about other taxa of interest. 

The bioinformatic challenges of analyzing viral metagenomic data are also significant, as 

typical studies contain many millions of reads per sample, the majority of which belong to 

host or bacterial genomes (Kunin et al. 2008; Fancello et al. 2012; Soueidan et al. 2015). 

Taxonomic assignment is typically performed using reference-based methods, in which 

reads are compared to a database of sequences, although reference-independent methods 

exist in which metagenomic samples are directly compared to one another (Dutilh et al. 

2012). Reference-based methods may not be as useful for characterizing novel viruses, as 

existing databases are incomplete and viruses are characterized by high genetic diversity 

and fast evolutionary rates (Edwards & Rohwer 2005; Fancello et al. 2012), but are useful 

for identifying well-characterized viruses such as pathogens of concern to human health. 

There is therefore a need to develop standardized, yet flexible, bioinformatic approaches 

for comparing viral communities from non-human taxa. 
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1.2.2 Characterizing viral communities 

Despite the challenges in generating and interpreting data, metagenomic studies have 

already revolutionized our understanding of viral communities in humans and the 

environment. Given the prominent roles played by viruses in health and disease, many 

viral metagenomic studies to date have focused on humans (Breitbart et al. 2003; Breitbart 

& Rohwer 2005; Pride et al. 2011; Reyes et al. 2012; Wylie et al. 2014; Hannigan et al. 

2015). In addition to being compartmentalized by body habitat (Paez-Espino et al. 2016), 

viral communities in healthy humans are individually distinct and stable over time (Abeles 

et al. 2014; Wylie et al. 2014), with shared living environment increasing bacteriophage 

community similarity (Robles-Sikisaka et al. 2013). Disease has also been linked to 

changes in the viral community within humans (Ly et al. 2014; Norman et al. 2015). 

Looking outwards into the environment has revealed a stunning diversity of viral taxa 

(Edwards & Rohwer 2005; López-Bueno et al. 2009; Roux et al. 2012), including unique 

viral communities in extreme environments such as the Antarctic (Adriaenssens et al. 

2017), perennial desert ponds (Fancello et al. 2013), and hypersaline ponds (Roux et al. 

2016a). Studies of viral communities across a wide taxonomic range of invertebrates (Shi 

et al. 2016) and vertebrates (Shi et al. 2018) have shed light on viral diversity in an 

evolutionary context, but questions remain about the extent to which viral communities 

vary across populations and individuals within non-human hosts. 

Viral metagenomic studies are beginning to realize comparisons on a shallower 

evolutionary scale. For example, Wu et al. (2016) examined pooled samples from 4,400 

bats from China across 29 provinces and 40 species, describing broad patterns of diversity 

and characterizing novel viruses in a phylogenetic context. Other descriptive studies of 

viral communities within non-human hosts have discovered a variety of novel taxa (Li et 

al. 2011; Bodewes et al. 2013; Sasaki et al. 2015; Amimo et al. 2016; Conceição-Neto et 

al. 2017; Yinda et al. 2018), with some studies beginning to incorporate individual 

information about hosts, such as disease status in pandas (Zhang et al. 2017). The 

accumulation of in-depth studies of viral diversity will undoubtedly continue to reveal 

novel taxa and will eventually allow the establishment of general principles about the 

variation and organization of viral communities within and between diverse hosts. 
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1.2.3 Drivers of viral communities 

Describing the variation in viral diversity across space and connecting differences in viral 

richness and community composition with environmental and host-specific traits are 

exciting opportunities offered by metagenomics. Previous studies testing the factors that 

structure viral communities have often focused on large ecological scales, for example, 

establishing that viral communities vary across biomes (Dinsdale et al. 2008; Fierer et al. 

2012; Hurwitz et al. 2014). However, local environmental factors that vary over smaller 

scales, such as soil pH and elevation, can also play a role in viral community structure 

(Adriaenssens et al. 2017). In addition to furthering our knowledge of viral ecology in the 

environment, understanding the ecological drivers of viral communities has implications 

for understanding and predicting disease emergence from wildlife into humans and 

domestic animals. 

Predicting viral emergence from wildlife is a complex field of study with relevance to 

global health (Karesh et al. 2012; Hassell et al. 2017; Kelly et al. 2017), as the majority of 

emerging infectious diseases are zoonotic and 25 - 44% are estimated to be viral (Taylor et 

al. 2001; Jones et al. 2008). All else being equal, a reservoir host with higher viral richness 

overall is likely to harbor more viruses that are able to infect other species (Morse 1993), 

but landscape and local factors are also important considerations in anticipating disease 

emergence (Hassell et al. 2017). Examining spatial patterns of viral diversity and 

ecological correlates of viral richness and community composition represent early steps in 

predicting viral emergence. For example, Anthony et al. (2015) tested whether viral 

communities in macaques were assembled through predictable or stochastic processes. 

Their finding of non-random patterns in viral communities across individuals and locations 

lends support to the idea that we might be able to predict how changing environmental 

conditions could lead to viral emergence from wildlife into humans (Anthony et al. 2015). 

Another study found that viral richness in mice differed across geographic sites and was 

positively correlated with mouse weight (Williams et al. 2018). However, few studies to 

date have robustly characterized viral communities within a single host species, and even 

fewer have identified population or landscape level features that explain intraspecific 

variation in viral diversity. 
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1.3 Viral diversity in bats 

Though viruses are ubiquitous throughout the natural world, bats (Order Chiroptera) are a 

particularly interesting host group to focus on. Bats are highly diverse, with 1,242 

described species (IUCN 2017) that vary dramatically in their dispersal, aggregation, 

dietary ecology and degree of association with humans and domestic animals. Moreover, 

bats are implicated as the likely reservoir host in a number of high-profile viral zoonoses 

such as Severe Acute Respiratory Syndrome (SARS-CoV), Ebola, and Nipah virus (Li et 

al. 2005; Leroy et al. 2005; Pulliam et al. 2011). Bats display both deep evolutionary 

relationships with individual viral families (Cui et al. 2007; Drexler et al. 2012a; Quan et 

al. 2013; Drexler et al. 2013) and associations with diverse communities of viruses (Li et 

al. 2010a; Donaldson et al. 2010; Wu et al. 2012; He et al. 2013a; Baker et al. 2013; 

Dacheux et al. 2014; Wu et al. 2016; Salmier et al. 2017; Hu et al. 2017), and as such have 

been described as “special” viral reservoirs (Calisher et al. 2006; Luis et al. 2013; Brook & 

Dobson 2015; Hayman 2016). The high viral diversity found in bats has been hypothesized 

to result from their unique biology and ecology, with a variety of mechanisms proposed. 

One hypothesis links flight in bats with elevated body temperature and metabolic rate, such 

that bats are able to tolerate viruses without being adversely affected (O'Shea et al. 2014). 

Migration also influences disease dynamics (Altizer et al. 2011), and some migratory bat 

species may encounter different viral communities due to long-distance movements and 

use of different habitats (Hayman et al. 2012). Migratory and non-migratory populations of 

the same species may provide an opportunity for susceptible individuals to mix with those 

harboring viruses (Calisher et al. 2006). Population structure is another factor potentially 

allowing viruses to persist in bat populations with periodic outbreaks among spatially 

separated populations (Turmelle & Olival 2009). Many bats roost colonially, with some 

species maintaining local population densities of several million bats, providing the 

opportunity for sustained disease transmission (Calisher et al. 2006). Torpor in bats has 

been shown to influence the transmission dynamics of some bat viruses which are able to 

persist through overwintering in hosts until a birth pulse (George et al. 2011). For example, 

the evolutionary rate of rabies virus is slower in bat species that live in temperate zones as 

compared to those living in tropical zones, which may be explained by seasonal 

hibernation in temperate bats (Streicker et al. 2012a). It is thought that torpor can reduce 

pathogen replication rates, lengthen incubation time, and allow viruses to overwinter 

(Calisher et al. 2006; Hayman et al. 2012). Bats have a long life span for their body size 

(Munshi-South & Wilkinson 2010), with many species living at least 25 years (Calisher et 
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al. 2006). This has important epidemiological consequences as a persistent infection in a 

long-lived organism could lead to many opportunities for virus transmission (Calisher et 

al. 2006). Finally, unique aspects of bat immune systems have been noted for the potential 

to allow unusual tolerance of viral pathogens that cause disease in other species (Baker et 

al. 2012; Brook & Dobson 2015), emphasizing that virulence is not a trait inherent to 

viruses themselves, but rather a product of host-virus interactions (Mandl et al. 2015). 

In support of the idea that variation in bat life history and ecology could influence viral 

diversity, a literature-based analysis of bats as viral reservoirs by Luis et al. (2013) 

revealed that bats hosted more zoonotic viruses per species than rodents, while Olival et al. 

(2017) found that this also holds true compared to all mammals. Sympatry with other bat 

species, longevity, litter size, and number of litters per year were correlated with increased 

viral richness in bats (Luis et al. 2013). In another comparative study, Turmelle and Olival 

(2009) found that near-threatened and vulnerable bats had higher viral richness than 

species of least-concern, which is opposite to what has been found in primates (Altizer et 

al. 2007). They also found that increasing levels of host population structure were 

associated with greater viral diversity (Turmelle & Olival 2009). Gay et al. (2014) used 

virus data from the literature to conclude that species distribution shape, and specifically 

increased levels of habitat fragmentation, resulted in lower viral diversity in bats. Recent 

comparative studies showed that viral richness increases with colony size before plateauing 

in colonies over a hundred thousand individuals (Webber et al. 2017) and that cave-

roosting was associated with increased viral sharing in bats (Willoughby et al. 2017). 

However, such literature-based studies are inherently challenged by different diagnostic 

techniques used across records, biased study effort across host species and geographic 

areas, and low specificity in distinguishing related viruses. Previous studies have also 

focused exclusively on interspecific comparisons, while intraspecific drivers of viral 

diversity remain relatively unexplored. Empirical tests of how natural variability in 

ecological factors influences observed viral diversity would provide a powerful advance 

towards identifying how changing environmental conditions or contact with humans could 

affect viral emergence. 

Understanding the role of human activities is a key research priority (Hassell et al. 2017; 

Kelly et al. 2017), as anthropogenic land-use change has been implicated in recent viral 

emergence events involving bats (e.g. Field et al. 2001). Bats have likely long co-existed 

with these viruses, but human modification of the landscape is increasingly bringing 

humans and livestock into contact with bats and their viruses. For example, land-use 
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change associated with agriculture acted as an important driver in a spillover of Nipah 

virus from bats into livestock and humans (Pulliam et al. 2011). Bats are globally 

distributed and often live in large numbers in close association with humans or domestic 

animals (Wood et al. 2012). It is important to understand the ecological factors leading to 

disease spillover as it is not possible or desirable to control zoonotic diseases by 

eliminating bat hosts. For example, decades of culling of vampire bats have failed to 

eliminate rabies virus in Latin American (WHO 2013), and in one study in Peru, culling 

did not reduce rabies seroprevalence in wild vampire bats (Streicker et al. 2012b). 

Ecological factors leading to pathogen spillover are a complex mixture of processes, but 

our ability to understand and predict future zoonotic disease outbreaks first requires a 

holistic understanding of viral diversity in connection with bat ecology (Wood et al. 2012; 

Plowright et al. 2014). 

1.4 Vampire bats 

Common vampire bats (Desmodus rotundus) are an ideal study system in which to 

examine viral diversity, as they display distinctive social behaviors and interact 

ecologically with many different species, providing opportunities for the acquisition or 

maintenance of diverse viruses (Figure 1.1). They belong to the Neotropical family 

Phyllostomidae and the subfamily Desmodontinae, which contains two other less common 

vampire bat genera (Diphylla and Diaemus) (Baker et al. 2003). D. rotundus are native to 

Central and South America and occupy diverse habitats from rainforest to semi-arid desert, 

ranging in elevation from sea level to 3600 meters (Quintana & Pacheco 2007; Martins et 

al. 2009). 
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Figure 1 1 Summary of vampire bat ecological interactions. 
Arrows and text represent specific behaviors or interactions of a vampire bat that could 
result in virus acquisition. Adapted from Wray et al. (2016). 

Vampire bats are a key wildlife reservoir in Latin America for rabies virus (family 

Rhabdoviridae) (Carini 1911; Pawan 1936) and have been associated with other viral 

families including Paramyxoviridae (Drexler et al. 2012a), Coronaviridae (Brandão et al. 

2008), Polyomaviridae (Fagrouch et al. 2012), Adenoviridae (Lima et al. 2013; Wray et al. 

2016), Retroviridae (Escalera-Zamudio et al. 2015) and Herpesviridae (Wray et al. 2016; 

Escalera-Zamudio et al. 2016; Salmier et al. 2017). Two recent metagenomic studies of 

vampire bats detected additional viral taxa, including some vertebrate-infecting families 

(Salmier et al. 2017; Escalera-Zamudio et al. 2017). 

1.4.1 Behavioral features 

Vampire bats, which are obligate blood-feeders, have evolved to specialize on native 

mammals (Greenhall et al. 1983), but now commonly feed on introduced livestock (Voigt 

& Kelm 2006; Bobrowiec et al. 2015), resulting in population growth and range 

expansions (Delpietro et al. 1992; Lee et al. 2012a). This shift in foraging behavior could 

impact viral richness in vampire bats if the livestock themselves harbor high viral diversity 

and prevalence due to close living conditions. However, bats continue to feed on diverse 
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wildlife in undisturbed areas (Voigt & Kelm 2006; Streicker & Allgeier 2016), which 

could expose the bats to the different communities of viruses unique to each prey species. 

Vampire bats also appear more likely to feed on humans in areas with less livestock 

(Schneider et al. 2009; Stoner-Duncan et al. 2014; Streicker & Allgeier 2016), providing 

another prey source from which bats might acquire viruses and creating the opportunity for 

disease transmission from bats to humans. A study of isotopic niche in vampire bats 

suggested that ecological connectivity via feeding is highest in regions of intermediate 

disturbance (Streicker & Allgeier 2016). Additionally, Becker et al. (2018) found that 

livestock density was associated with lower prevalence of two bacterial pathogens in 

vampire bats, potentially due to the positive effects of provisioning on host immunity. In 

summary, there is not a clear prediction as to how human modification of the landscape 

and its impact on foraging might affect viral diversity, but blood-feeding is an important 

behavioral feature of vampire bats that presents opportunities for viral sharing between 

bats and livestock, humans, and native wildlife. 

Behavioral features such as allogrooming and food sharing through regurgitation of blood 

meals (Wilkinson 1984) might further promote virus transmission. Blood sharing occurs 

primarily between mother and offspring, but also may occur in small groups of females 

and males (Wilkinson 1984; DeNault & McFarlane 1995; Voigt et al. 2011; Carter & 

Wilkinson 2012). The sharing of blood meals within a colony may contribute to higher 

levels of viral richness within individuals than would be expected in other bat species due 

to sharing of fluids and the direct contact required. 

1.4.2 Population-level features 

Colony size and connectivity are two other factors that could affect viral richness and 

community composition in vampire bats. Host population size generally increases parasite 

persistence and diversity (Arneberg et al. 1998; Nunn et al. 2003; Vitone et al. 2004; 

Torres et al. 2006; Ezenwa et al. 2006; Lindenfors et al. 2007; Rifkin et al. 2012; Kamiya 

et al. 2013), which could be associated with increased probability of encountering novel 

viruses or with enhanced persistence within a colony, related to the epidemiological 

concept of critical community size (Bartlett 1957; Lloyd-Smith et al. 2005). Although 

Streicker et al. (2012b) did not find colony size to strongly impact seroprevalence of rabies 

in vampire bats, viruses with different transmission modes (i.e. density versus frequency 

dependent) might have varying probabilities of extinction depending on colony size 

(McCallum et al. 2001; Lloyd-Smith et al. 2005). A literature-based study found that viral 
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richness in bats increased up to a group size of 10,000 individuals (Webber et al. 2017); 

vampire bat colonies fall below that threshold, typically ranging from 10 - 200 bats 

(Greenhall et al. 1983), so colony size might therefore be important. Connectivity could 

also play a role, as many pathogens are best able to persist in a metapopulation (e.g. 

Grenfell & Harwood 1997; Swinton et al. 1998). Indeed, increasing levels of population 

structure have been associated with increased viral diversity in bats (Turmelle & Olival 

2009) and vampire bat rabies can only persist in the context of a metapopulation 

(Blackwood et al. 2013). There is evidence of large-scale population structure in vampire 

bats (Martins et al. 2007; 2009) but haplotype sharing between neighboring colonies 

within regions and lack of local population structure in microsatellites suggests that there is 

local gene flow (Streicker et al. 2016). Levels of host movement between colonies might 

have implications for viral sharing, such that highly connected colonies could exhibit more 

similar viral community composition. 

Host geographic range size is often positively correlated with parasite diversity (Torres et 

al. 2006; Lindenfors et al. 2007; Garrido-Olvera et al. 2012), which may arise because 

hosts with larger geographic ranges overlap with greater numbers of other host species, 

making them more likely to encounter and acquire novel parasites through cross-species 

transmission (Poulin 2014). Indeed, greater range overlap with other hosts (Davies & 

Pedersen 2008; Krasnov et al. 2010; Huang et al. 2013) and greater local host species 

richness (Harris & Dunn 2010; Kamiya et al. 2014) have both been associated with 

increased parasite diversity. This suggests that viral richness could be positively associated 

with bat species richness, which has been shown globally in the viral family Coronaviridae 

(Anthony et al. 2017b). Vampire bats live in colonies with other bat species including 

those in the genera Micronycteris, Glossophaga, Carollia, Sturnia, Saccopteryx, and 

Artibeus (Greenhall et al. 1983). Though each species typically has its own territory within 

the roost (Arellano-Sota 1988), aerosolized viruses can be transmitted within a bat roost 

(Winkler 1968). Other species, particularly smaller species, may try to avoid sharing a 

roost with vampire bats if possible (Wohlgenant 1994). However, in areas where trees are 

scarce, bats species may have to compete for roost space, which could lead to aggressive 

interactions between vampire bats and other species (Wohlgenant 1994). The comingling 

of species sharing a roost could result in virus transmission to vampire bats from other bat 

species, especially if species are phylogenetically closely related (Streicker et al. 2010), 

resulting in the accumulation of viral diversity as hypothesized by Luis et al. (2013). 
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1.4.3 Demographic features 

Different demographic groups within a colony might exhibit differences in viral diversity. 

Host age can positively influence parasite diversity, as older hosts have had more time to 

accumulate different parasite species (Lo et al. 1998). However, the importance of 

juveniles in driving disease dynamics has been noted for both bacterial and viral pathogens 

in bats (Dietrich et al. 2015). In vampire bats, there is evidence that juveniles have higher 

infection prevalence for both viruses and bacteria (Streicker et al. 2012b; Volokhov et al. 

2017). In addition, there might be sex-specific differences in viral diversity, as males and 

females exhibit different propensity for parasite infection based on behavior and 

physiology (Zuk & McKean 1996; Poulin 1996b; Reimchen & Nosil 2001; Negro et al. 

2010). Studies have demonstrated differences in symbiotic microbial communities between 

healthy males and females (Mueller et al. 2006; Abeles et al. 2014), as well as sex-specific 

responses to illness in humans (Fish 2008). There is also evidence that the connection 

between parasitism and anthropogenic impact differs between male and female bats (Frank 

et al. 2016), suggesting the importance of considering sex-specific differences in studies of 

viral diversity. 

1.4.4 Environmental features 

Environmental conditions on both broad and small scales can influence viral diversity 

(Dinsdale et al. 2008; Hurwitz et al. 2014; Sunagawa et al. 2015). Studies have found that 

diversity generally tends to decline with both increasing distance from the equator 

(Guernier et al. 2004; Nunn et al. 2005; Lindenfors et al. 2007; Randhawa & Poulin 2010; 

Bordes et al. 2011; Guilhaumon et al. 2011) and with increasing elevation (Lomolino 

2001), although this is not always true in bacterial communities (Fierer et al. 2011; Wang 

et al. 2011; Muletz Wolz et al. 2017). Local conditions such as temperature can play a role, 

with more diverse parasite communities occurring in warmer habitats (Poulin & Rohde 

1997; Luque & Poulin 2008). However, these relationships may ultimately be driven by 

the relationship between host and parasite diversity, with higher host diversity in certain 

latitudes and habitats leading to higher parasite diversity in these environments (Poulin 

2014). Habitat differences on a smaller scale can also influence the transmission and 

persistence of pathogens. For example, intact habitat has been associated with maintenance 

of rabies virus (de Thoisy et al. 2016), while habitat fragmentation decreased richness 

across multiple pathogens (Gay et al. 2014). 



1 26 
 
Due to their unique feeding habits and anthropogenic modification of the landscape which 

has resulted in increased levels of contact, vampire bats are ecologically closely connected 

to humans, livestock and wildlife. This may create the opportunity for viral emergence, but 

predicting the risk of cross-species transmission in this system first requires an 

understanding of vampire bat viral communities and factors that influence them. 

1.5 Aims of the thesis 

Viruses play important roles in health and disease of the organisms with which they 

interact, but our understanding of host-associated viral communities lies far behind that of 

other microbes such as bacteria (Stulberg 2016). This knowledge gap has potential 

implications for global health, as recent disease outbreaks in humans and domestic animals 

have been traced back to wildlife viruses (Karesh et al. 2012) and hosts with diverse viral 

communities may be more likely to contain viral taxa that can emerge in a new host 

species (Morse 1993; Wolfe et al. 2000). The first step in addressing this gap is to establish 

a baseline understanding of viral diversity by characterizing natural viral communities in 

wildlife and testing associated environmental and host demographic traits. If viral 

communities are structured in predictable ways, this might ultimately allow us to anticipate 

when changing conditions could lead to disease emergence from wildlife into humans and 

domestic animals (Anthony et al. 2015). Smaller scale investigations of viral communities 

within a single host species complement ongoing studies of single viral taxa at a global 

scale (e.g. Drexler et al. 2012a; Drexler et al. 2012b; Anthony et al. 2017b), allowing us to 

understand both the evolutionary and ecological forces contributing to viral diversity at 

different scales (Anthony et al. 2017b). This thesis presents a new field-laboratory-

bioinformatic approach for comparative studies of wildlife-associated viral communities, 

then uses that method to characterize viral communities and examine potential drivers of 

variation on a country-wide scale in an ecologically important bat host. 

First, I addressed field and laboratory challenges inherent to studying wildlife-associated 

viral communities by developing a minimally-biased shotgun metagenomic sequencing 

method for non-invasive field-collected samples (Chapter 2). This method was applied to 

pooled samples collected from D. rotundus in Peru, in which I statistically validated the 

ability to characterize the viral community using subsampling of reads. The results 

presented in this chapter are currently under review in the journal Molecular Ecology 

Resources. 
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Next I characterized novel viruses detected in vampire bat saliva and feces from across 

Peru (Chapter 3). Using multi-colony pools from eight localities, I described the overall 

diversity of viral taxa and the natural host groups of detected viruses, and examined 

differences in viral diversity between sample types. Viral metagenomic data were also 

generated for 48 single-colony pools of fecal and saliva samples. Combining multi-colony 

and single-colony datasets, large vertebrate-infecting viral contigs were phylogenetically 

analyzed compared to previously characterized bat viruses. The results presented in this 

chapter are in preparation for submission to the journal mBio. 

Finally, I examined demographic and environmental correlates of viral diversity in vampire 

bats (Chapter 4). Saliva and fecal viral diversity at 23 colonies were tested for broad-scale 

differences between ecological regions, and correlations with geographic and host genetic 

distance. Colony-level demographic and local environmental variables were also tested for 

effects on viral richness and community composition. The results presented in this chapter 

are in preparation for submission to the journal Ecology Letters. 

The results presented in the three data chapters were based on non-invasive swab samples 

collected from individual vampire bats captured at colonies across Peru. Individual 

samples were combined in different ways for metagenomic sequencing and analyses across 

different chapters. To clarify which samples were used in which analyses, Table A1 

(Appendix A) presents the different metagenomic pools along with experiments or 

analyses in which they were included, as well as the individuals and colonies included in 

each pool. 

Chapter 5 provides a general discussion of the results from previous chapters in a broader 

context, along with future directions. Together, the results paint a detailed picture of 

vampire bat viral communities on a country-wide scale and provide insight into factors that 

influence viral diversity in an ecologically important bat host. 

1.6 Key collaborators 

This project would not have been possible without the work and input of many 

collaborators in Glasgow and Peru. The flowchart below describes the sample collection 

and processing pipeline, and the people or institutions that were essential at each step 

(Figure 1.2). 
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Figure 1 2 Key collaborators and institutions in the study of vampire bat viral communities. 
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2 Using non-invasive metagenomics to 
characterize viral communities from wildlife 

2.1 Abstract 

Microbial communities play an important role in organismal and ecosystem health. While 

high throughput metabarcoding has revolutionized the study of bacterial communities, 

generating comparable viral communities has proven elusive, particularly in wildlife 

samples where the diversity of viruses present and limited quantities of viral nucleic acid 

present distinctive challenges. Metagenomic sequencing is a promising solution for 

studying viral communities, but the lack of standardized methods currently precludes 

comparisons across host taxa or localities. Here I developed an untargeted shotgun 

metagenomic sequencing protocol to generate comparable viral communities from non-

invasively collected fecal and oropharyngeal swabs. Using samples from common vampire 

bats (Desmodus rotundus), a key species for virus transmission to humans and domestic 

animals, I tested how different storage media, nucleic acid extraction procedures and 

enrichment steps affect viral community detection. Based on finding viral contamination in 

fetal bovine serum, it is recommended to store swabs in RNALater or another non-

biological medium. Based on qPCR tests, nucleic acid should be extracted directly from 

swabs rather than from supernatant or pelleted material, which had undetectable levels of 

viral RNA. Using a low-input RNA library preparation protocol, I established that 

ribosomal RNA depletion and light DNAse treatment reduce host and bacterial nucleic 

acid and improve virus detection. Finally, applying the final protocol to twelve pooled 

samples from seven localities in Peru, I showed that detected viral communities saturated 

at the attained sequencing depth, allowing unbiased comparisons of viral community 

composition. Future studies using the methods outlined here will elucidate the 

determinants of viral communities across host species, environments and time. 

2.2 Introduction 

Microbial communities of bacteria and viruses play important roles in ecosystem function 

(Suttle 2007; van der Heijden et al. 2008; Strom 2008; Strickland et al. 2009) and in 

maintaining the health of organisms (Ley et al. 2006; Muegge et al. 2011; Manrique et al. 

2016). Despite the importance of studying microbial communities in the environment and 

within hosts, classical methods of microbe discovery are not easily applied at the 

community level. For example, characterization by isolation and culturing are unsuitable 
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for members of the microbial community that are difficult to grow in culture (Fancello et 

al. 2012). Serological tests of antibody presence are targeted towards specific taxa, and can 

be difficult to interpret due to antibody cross-reactivity and inconsistent cut-off thresholds 

for positivity (Gilbert et al. 2013). Molecular detection of nucleic acids by targeted PCR 

remains an important technique for sequencing specific genomic regions, but these 

approaches cannot identify all taxa present and are inappropriate for discovering new, 

highly divergent taxa as designing primers or probes requires prior knowledge of 

nucleotide sequences (Fancello et al. 2012; Temmam et al. 2014). In contrast, unbiased 

deep sequencing has the potential to capture a snapshot of microbial communities in a 

large number of samples without prior expectations about what taxa will be detected. 

Deep sequencing has illuminated the structure and function of microbial communities 

across time and space in ways that would not have been possible using traditional methods. 

In the field of ecology, theories developed at macro-organismal level have been tested in 

microbial communities, such as the cycling of predator and prey populations (Rodriguez-

Brito et al. 2010) and the existence of elevational diversity gradients (Fierer et al. 2011). 

Deep sequencing has also demonstrated that both bacterial and viral communities differ 

across abiotic environments (Dinsdale et al. 2008) in such diverse systems as soil bacteria 

(Fierer et al. 2012) and marine viruses (Hurwitz et al. 2014). In the context of human and 

animal health, deep sequencing can identify candidate pathogens in unexplained disease 

(Cox-Foster et al. 2007; Palacios et al. 2008; Honkavuori et al. 2008; Briese et al. 2009) 

and potential hosts and vectors of emerging pathogens (Masembe et al. 2012; 

Veikkolainen et al. 2014). Studies of host-associated microbial communities have revealed 

that microbes vary across body habitats, space, and time (Costello et al. 2009; Blekhman et 

al. 2015), and that a community-level perspective of host-associated microbes is critical for 

understanding health and disease (Lecuit & Eloit 2013; Vayssier-Taussat et al. 2014; 

Virgin 2014). Sequencing host-associated bacterial communities in wildlife has revealed 

that communities vary over time (Bobbie et al. 2017), that social interactions are key 

determinants of community composition (Tung et al. 2015; Grieneisen et al. 2017) and that 

dietary changes due to habitat degradation can alter bacterial communities (Amato et al. 

2013). While host-associated viral communities in wildlife remain relatively unexplored, 

the divergent responses of host-associated bacteria and viruses to experimental diet 

modification (Howe et al. 2015) and the biological differences between the two types of 

microbes suggest that viral communities in wildlife might exhibit different patterns to 

those observed in bacteria. 
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Deep sequencing studies of microbial communities typically employ either metagenomics, 

which is the random sequencing of genomic fragments of an entire sample, or 

metabarcoding, which is a sequence-specific PCR-based approach (Creer et al. 2016). 

Studies of bacterial communities frequently use 16S ribosomal rRNA metabarcoding to 

examine highly multiplexed samples. However, viral communities lack a similarly 

conserved marker across or even within viral families (Rohwer & Edwards 2002; Mokili et 

al. 2012) and therefore are more commonly characterized using metagenomics. Although 

this approach is currently less cost- and time-efficient than metabarcoding for large 

numbers of samples, it can assign taxa at higher resolution (depending on factors such as 

read length, genomic region, and reference database) and avoids PCR biases (Jovel et al. 

2016). Shotgun metagenomics also allows the simultaneous characterization of different 

microbial communities (e.g. bacterial and viral) (Chandler et al. 2015; Schneeberger et al. 

2016) as well as host population structure and diet (Srivathsan et al. 2016). Furthermore, 

metagenomics can detect viruses at or below the sensitivity of taxon-specific PCR and 

qPCR (Greninger et al. 2010; Yang et al. 2011; Li et al. 2015), implying that broader 

taxonomic coverage does not necessarily trade off with sensitivity. Targeted approaches 

also likely underestimate or bias measures of viral diversity, potentially impacting 

downstream comparative analyses. The ability of metagenomics to sensitively detect taxa 

that are not specifically targeted and/or were previously undescribed has the potential to 

overturn prior understandings of viral community diversity and distribution based on 

serology and PCR. 

Despite the great promise of metagenomics for studying viral communities, challenges 

inherent to sequencing viral genomes and technical uncertainties need to be addressed to 

maximize comparability. Viral communities include single and double stranded viruses 

with both DNA and RNA genomes, ranging in size from 1,259,197bp (Megavirus 

chilensis; Arslan et al. 2011) to 1,700bp (Hepatitis deltavirus; Taylor 2006). Larger viral 

genomes that have a higher probability of being sequenced may be overrepresented in the 

inferred community (Fancello et al. 2012). The RNA virus component of viral 

communities is highly sensitive to degradation due to temperature and storage conditions, 

raising questions about how samples should be preserved and transported (Cardona et al. 

2012). Indeed, different storage media alter viral detection in PCR-based studies (Forster et 

al. 2008; Osborne et al. 2011) and it is reasonable to assume the same in metagenomic 

studies. Two popular methods for preserving viruses from field or clinical samples are viral 

transport media (VTM), an aqueous solution that typically contains protective proteins, 

antibiotics, and buffers to control the pH (Johnson 1990) and RNALater, a commercial 
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reagent that penetrates tissues and stabilizes RNA (Ambion). VTM has historically been 

used to preserve samples when viruses are to be detected by PCR or cultured in vitro 

(Jensen & Johnson 1994; Druce et al. 2012). Given the large number of historically-

collected samples in VTM, it would be ideal to include these in metagenomic studies. 

However, VTM may not be an appropriate medium because one commonly used 

component, fetal bovine serum (FBS), may be contaminated with bovine viruses. 

RNALater is another popular medium for storing microbial samples collected in the field 

(Drexler et al. 2011; Gomez et al. 2015; Frick et al. 2017; Bányai et al. 2017), as it 

preserves RNA without requiring immediate freezing. However, its high salt content, while 

not problematic for solid tissue samples, creates challenges for nucleic acid extraction from 

the kinds of non-invasive swab samples that are typical of ecological field studies (e.g. 

blood, urine, feces, saliva). While viruses are often extracted from an aliquot of 

supernatant (Tse et al. 2012; Wu et al. 2012; Baker et al. 2013), extraction from the swab 

itself may be desirable for samples stored in RNALater (Vo & Jedlicka 2014). These 

extraction procedures need to be tested and optimized for more widespread use in non-

invasive viral metagenomics. 

Another challenge for viral metagenomics is that since genomes are sequenced at random, 

larger host and bacterial genomes are preferentially detected relative to smaller viral 

genomes (Nakamura et al. 2009; Yang et al. 2011). For this reason, samples are often 

enriched for viruses using methods including nuclease treatment, filtration of host/bacterial 

particles, density gradient centrifugation, and removal of host rRNA (Hall et al. 2014; 

Kleiner et al. 2015; Kohl et al. 2015). DNAse treatment is a well-established and effective 

method of enrichment (Allander et al. 2001), while filtration and centrifugation are 

sometimes used but can bias the inferred viral community composition (Thurber et al. 

2009; Kleiner et al. 2015) and are impractical for ecological studies given the large 

numbers of samples typically processed and interest in generating community data rather 

than focusing on a particular pathogen. Depletion of host rRNA is unlikely to bias the viral 

community (He et al. 2010; Matranga et al. 2014), but may affect the distribution of 

coverage across the viral genome (Li et al. 2016). There is therefore a need to identify a 

combination of laboratory methods that will maximize the proportion of viral reads while 

minimizing bias, allowing greater multiplexing and enabling metagenomic studies of viral 

communities on an ecological or evolutionary scale. 

The aim of this chapter was to develop a method for generating comparable viral 

community data from non-invasively collected samples from wildlife. Specifically, a field-
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laboratory-bioinformatic pipeline was developed to characterize viral communities in fecal 

and oropharyngeal swabs from common vampire bats (D. rotundus) in Peru. Two 

preliminary sequencing runs were performed, the results of which motivated four pilot 

studies to inform the optimized comparative metagenomic protocol. The following 

questions were addressed in pilot studies: (1) are samples stored in VTM containing FBS 

appropriate for viral metagenomics? (2) what is the most effective way to extract viral 

nucleic acid from swabs stored in RNALater? and do the enrichment methods of (3) rRNA 

depletion and (4) DNAse treatment increase the number of viral reads or viral taxa 

detected? The optimized protocol was then applied to field-collected samples to validate 

whether viral communities were reliably characterized at commonly attained depths of 

sequencing. 

2.3 Materials and Methods 

2.3.1 Authorizations 

Bat capture and sampling methods were approved by the Research Ethics Committee of 

the University of Glasgow School of Medical Veterinary and Life Sciences (Ref081/15) 

and the University of Georgia Animal Care and Use Committee (A2014 04-016-Y3-A5). 

Bat capture and sampling was approved by the Peruvian Government under permits RD-

009-2015-SERFOR-DGGSPFFS, RD-264-2015-SERFOR-DGGSPFFS, and RD-142-

2015-SERFOR-DGGSPFFS. Access to genetic resources was granted under permit RD-

054-2016-SERFOR-DGGSPFFS. 

2.3.2 Field sampling of common vampire bats 

Wild common vampire bats were captured and sampled at colonies across Peru. Roosts 

were either natural (caves, trees) or man-made structures (abandoned houses, tunnels, 

mines) inhabited by bats. Bats were captured within roosts using hand nets, or while 

exiting roosts using mist nets and harp traps. For nocturnal captures, nets were open from 

approximately 18:00 – 6:00 and checked every 30 minutes; a combination of 1-3 mist nets 

and 1 harp trap were used depending on the size and number of roost exits identified. 

When exact roost locations were unknown, bats were captured while foraging at nearby 

livestock pens.  Upon capture, bats were placed into individual cloth holding bags before 

being processed and sampled. Bats were also given a uniquely numbered wing band 

(Porzana Inc) for identification of recaptures in ongoing longitudinal studies. 
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Oropharyngeal (saliva) samples were collected by allowing bats to chew on cotton-tipped 

wooden swabs (Fisherbrand) for 10 seconds. Fecal samples were collected by rectal swab, 

using a 3-mm diameter rayon-tipped aluminum swab (Technical Service Consultants Ltd) 

dipped in sterile Dulbecco’s Phosphate Buffered Saline (DPBS) (Gibco). Swabs were 

stored in uniquely numbered cryovials containing 1 mL RNALater (Ambion) or VTM 

(10% fetal bovine serum, penicillin-streptomycin, fungizone antimycotic). Following the 

manufacturer’s instructions, swabs in RNALater were stored overnight at 4°C before being 

transferred to dry ice (around -80°C), while those in VTM were immediately placed on dry 

ice until both were permanently stored in -70°C freezers. 

2.3.3 Preliminary sequencing 

The four pilot experiments described below (Section 2.3.6 - 2.3.9), which informed the 

final protocol, were developed based on the results of two preliminary sequencing runs. 

These runs aimed to characterize viral communities based on nucleic acid extracted 

directly from buffer (VTM and RNALater) in which swabs were stored. It was 

subsequently found that VTM is not a suitable medium for storing metagenomic samples 

and that extracting from buffer is not optimal for RNALater samples, thus comparisons of 

viral communities detected in those experiments are difficult to interpret. However, a 

description of preliminary sequencing runs and some results are presented to give context 

to the pilot experiments. 

2.3.4 Viral communities from swab samples stored in VTM 

The first preliminary run tested whether it was possible to characterize viral communities 

from swab samples stored in VTM, where nucleic acid was extracted directly from 

supernatant. Samples analyzed were collected from four vampire bat colonies in the 

southern Andes region of Peru (Figure B1) in July - August 2015. Field sampling was 

conducted as described in Section 2.3.2. 

2.3.4.1 Extraction and library preparation 

Total nucleic acid was extracted from the VTM buffer in which swab samples had been 

stored. Swabs were removed using sterile forceps and 100 µL of buffer was aliquoted to 96 

well extraction plates along with 40 µL Proteinase K (Qiagen). Samples were inactivated at 

this stage by adding 600 µL of a mixture containing Buffer RLT, MagAttract Suspension 

G (both Qiagen) and isopropyl alcohol. All of these steps were performed according to 
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CL2+ guidelines. Plates for wash steps were prepared, including one plate containing 700 

µL wash buffer AW1 and two plates containing 500 µL wash buffer RPE (both Qiagen). 

All plates were loaded onto a Kingfisher Flex 96 automated extraction machine (Thermo). 

The instrument settings, provided by Qiagen (‘Protocol for purification of viral nucleic 

acid and bacterial DNA with Thermo Scientific KingFisher Flex’), consist of a lysis and 

binding step, followed by three wash steps, and a final elution in 80 µL Buffer AVE 

(RNase-free water with 0.04% NaN3). Extracted nucleic acid was stored at -80°C. Eight 

sequencing pools were prepared by combining nucleic acid from ten vampire bat samples 

that were pooled by four colonies and three sample types (Table 2.1; Table A1). 

Table 2 1 Description of samples used to test viral communities from swabs stored in VTM. 
Samples were analyzed in preliminary sequencing run 1. Pools were made up of nucleic 
acids extracted from 10 individual swabs of the same sample type from the same site. 

Sample ID† Sample Type Site‡ Department Raw reads Viral reads 

H1 Feces AYA15 Ayacucho 3,098,838 38,097 
H2 Feces API17 Apurimac 2,870,572 137,293 
H3 Feces AYA14 Ayacucho 2,818,423 34,452 
H4 Feces CUS8 Cusco 4,367,722 20,216 

SG1 Saliva AYA15 Ayacucho 4,106,626 286 
SV1 Saliva API17 Apurimac 2,623,124 311 
SV2 Saliva AYA14 Ayacucho 2,426,277 229 
SV3 Blood AYA15 Ayacucho 2,811,141 318 

 
†Sample ID reflects sample type where H is feces, SV is saliva, and SG is whole blood 
‡Sites are depicted in Figure B1 

All nucleic acid extracts were quantified using a Qubit 3.0 fluorometer and a Qubit RNA 

HS Assay (Life Technologies) to determine RNA concentration for pooling. As nucleic 

acid was undetectable following extraction, sample input into pools was normalized by 

volume rather than concentration; 50 µL was taken from each of 10 extracts for a total of 

500 µL. Pools were then concentrated using 1.8X Agencourt RNAClean XP beads 

(Beckman Coulter) before reverse transcription and library preparation (Appendix B1.3). 

Libraries were pooled in equimolar ratios for sequencing on an Illumina MiSeq instrument 

with v3 2x201 bp chemistry. 

2.3.4.2 Bioinformatic pipeline and viral community datasets 

A bioinformatic pipeline was created for virus discovery and viral community analyses in 

vampire bat samples (Appendix B2; Figure B2). Briefly, the pipeline filtered out low-

quality reads and duplicates, then filtered out non-viral reads including those matching the 

vampire bat genome (Zepeda-Mendoza et al. 2018; NCBI BioProject Accession 

PRJNA414273), the PhiX Illumina sequencing control, ribosomal RNA, and other reads 
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with high matches to prokaryote/eukaryote sequences. Remaining reads were assembled 

into contigs, and then both raw reads and assembled contigs were assigned to viral taxa by 

comparison to the NCBI Viral RefSeq database. 

Viral reads and contigs were converted into lists of viral taxa at different taxonomic levels 

using MEGAN Community Edition (Huson et al. 2016). Viral taxa were filtered for 

vertebrate-infecting viruses using a list of vertebrate-infecting viral families and genera 

(Table B1) that was compiled from the 2017 ICTV Taxonomy (Adams et al. 2017), then 

viral family and genus richness were calculated using the R package vegan (R Core Team 

2017; Oksanen et al. 2017). Further details on the bioinformatic pipeline and generating 

viral community datasets are found in Appendix B2. 

2.3.4.3 Results 

The preliminary sequencing run testing the ability to generate viral community data from 

samples stored in VTM and extracted directly from buffer yielded a total of 25,378,779 

raw reads, which were relatively evenly divided among samples (Table 2.1). The 

proportion of sequences matching to viral taxa was low (<5%) in all samples, with the 

majority of reads mapping to the vampire bat genome (Figure B3A). In the blood sample 

SG1, there was a lower proportion of host reads, potentially due to mammalian red blood 

cells being non-nucleated, and this sample had a higher proportion of low complexity/PCR 

duplicate reads. Fecal and saliva samples had similar numbers of non-viral reads that were 

filtered out in the bioinformatic pipeline (Figure B3A). 

Of the reads assigned to viral taxa, the vast majority were assigned to Podoviridae, a 

bacteriophage family (Table 2.2). Several other viral taxa were detected, including 

vertebrate-infecting families such as Herpesviridae, Parvoviridae and Adenoviridae. There 

were more viral reads in fecal samples due to the abundance of reads assigned to 

bacteriophage taxa, with an average of 57,515 viral reads per fecal sample (20,216 – 

137,293 reads) compared to 286 reads on average for saliva and blood samples (229 – 318 

reads). 
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Table 2 2 Read counts from different viral families detected from swabs stored in VTM. 
These samples were sequenced using a shotgun metagenomic approach of nucleic acid 
extracted directly from VTM buffer. Sample names correspond to Table 2.1. 

 H1 H2 H3 H4 SG1 SV1 SV2 SV3 
Adenoviridae 10 6 0 0 0 1 0 0 
Baculoviridae 1 0 0 0 0 0 0 0 

Myoviridae 11 23 17 12 6 6 14 20 
Podoviridae 38,009 137,168 34,329 20,132 241 236 122 115 
Siphoviridae 23 36 41 35 19 21 27 41 

Herpesviridae 2 1 19 0 2 38 57 112 
Iridoviridae 0 0 0 0 0 1 0 0 

Papillomaviridae 0 3 0 2 0 0 0 0 
Phycodnaviridae 0 2 1 0 2 0 1 2 
Polydnaviridae 0 0 0 1 0 0 0 0 

Poxviridae 0 0 0 0 0 0 1 0 
Retroviridae 0 1 0 0 0 0 0 1 
Anelloviridae 0 0 3 0 0 0 0 0 
Circoviridae 4 2 0 0 0 0 0 0 
Microviridae 0 0 0 0 1 0 0 0 
Parvoviridae 11 2 1 0 0 1 0 0 
Flaviviridae 0 2 0 1 6 2 0 14 
Hepeviridae 2 1 0 0 0 0 0 0 

Picornaviridae 0 0 0 6 0 0 0 0 
Tombusviridae 0 3 1 5 0 0 2 0 

Tymoviridae 0 4 0 1 0 0 0 0 
 

The most notable finding was the detection in five samples of Bovine Viral Diarrhea Virus 

(BVDV; family Flaviviridae; genus Pestivirus), a known cell-culture contaminant often 

found in fetal bovine serum (FBS), one of the components of VTM. Reads assigned to the 

genus Pestivirus were selected from one representative of each sample type (H2, SG1, 

SV3) for further analysis by nucleotide blast (Table 2.3); all reads analyzed yielded 

matches with high percent identity to Bovine Viral Diarrhea Virus 3 (BVDV-3). 
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Table 2 3 Description of blast hits matching to BVDV-3 from samples stored in VTM.  
Blast results are shown from three samples in which BVDV was detected (SV3, SG1, H2) 
which represent different sites and sample types. 

Read Sample Read 
Length 

(nt) 

Blast 
Genbank ID 

Blast 
Query 
cover 

Blast 
% ID 

Description of blast hit 

15147/1 SV3 187 FR873802.1 100% 98% Bovine viral diarrhea virus 3 
strain Au/A55110-1162/09 

13734/1 SV3 187 KY762287.1 99% 98% Bovine viral diarrhea virus 3 
strain PB22487 

19330/1 SV3 185 KC297709.1 100% 99% Bovine viral diarrhea virus 3 
strain LVRI/cont-1 

21648/1 SV3 185 KY762287.1 100% 97% Bovine viral diarrhea virus 3 
strain PB22487 

16830/1 SV3 171 KY767958.1 100% 98% Bovine viral diarrhea virus 3 
strain SV478/07 

5215/2 SV3 146 KU563155.1 100% 97% Bovine viral diarrhea virus 3 
isolate HN1507 

15147/2 SV3 200 JX985409.1 100% 98% Bovine viral diarrhea virus 3 
isolate CH-KaHo/cont 

13734/2 SV3 201 KY762287.1 100% 98% Bovine viral diarrhea virus 3 
strain PB22487 

19330/2 SV3 199 KC297709.1 100% 98% Bovine viral diarrhea virus 3 
strain LVRI/cont-1 

21648/2 SV3 200 KY683847.1 100% 94% Bovine viral diarrhea virus 3 
strain SV757/15 

16830/2 SV3 185 KY767958.1 100% 98% Bovine viral diarrhea virus 3 
strain SV478/07 

22574/1 SG1 187 KU563155.1 100% 95% Bovine viral diarrhea virus 3 
isolate HN1507 

2794/1 SG1 187 AB871953.1 99% 96% Bovine viral diarrhea virus 3 
strain: D32/00_'HoBi' 

13581/1 SG1 185 KY683847.1 100% 98% Bovine viral diarrhea virus 3 
strain SV757/15 

22574/2 SG1 198 AB871953.1 98% 95% Bovine viral diarrhea virus 3 
strain: D32/00_'HoBi' 

2794/2 SG1 201 KY767958.1 100% 98% Bovine viral diarrhea virus 3 
strain SV478/07 

13581/2 SG1 199 KY767958.1 100% 98% Bovine viral diarrhea virus 3 
strain SV478/07 

15012/1 H2 185 KY762287.1 100% 95% Bovine viral diarrhea virus 3 
strain PB22487 

15012/2 H2 200 KY762287.1 100% 95% Bovine viral diarrhea virus 3 
strain PB22487 

 

These samples were not taken from the same sites, making it even more unlikely that this 

virus originated from bat samples. The contamination of samples with viral nucleic acid 

originating from cows is particularly problematic here, given the possibility of vampire 

bats being truly infected with viruses of bovine origin that have been acquired through diet. 

This finding motivated the second preliminary sequencing run, which aimed to compare 

viral communities from theoretically identical samples stored in VTM and RNALater, as 

well as the utility of an enrichment protocol entailing DNAse treatment and the filtration of 

viral particles. 
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2.3.5 Testing the effect of storage medium and enrichment on 

viral community detection 

A second preliminary sequencing run was performed to test the effect of storage medium 

and the utility of an enrichment protocol on viral detection when nucleic acid was extracted 

from the buffer in which swab samples were stored. To test the effect of storage medium, 

paired fecal and saliva swabs were collected from ten bats, five each at two different sites 

in the department of Lima (Figure B1) in April 2016. Field sampling was conducted as 

described in Section 2.3.2. Of these paired swabs, one was stored in 1 mL VTM and the 

other in 1 mL RNALater. To test the effect of enrichment, samples were split following 

pooling and before extraction; half of each sample was extracted using enrichment of 

DNAse treatment and filtration of viral particles, and half was extracted without 

enrichment. 

2.3.5.1 Extraction and library preparation 

Samples were processed as in the first preliminary run (Section 2.3.4.1), except that 

pooling was performed by sample type and storage medium prior to extraction. After 

thawing samples, swabs were removed using sterile forceps and samples were centrifuged 

at 10,000xg for 10 minutes to remove debris. Four pools were created by combining 20 µL 

supernatant of each sample type x storage medium combination from ten individuals. For 

each pool, half was placed on ice to be extracted unenriched, and the other half was 

enriched for viral particles, resulting in a total of eight pools (Table 2.4; Table A1). 

Table 2 4 Description of samples analyzed to test enrichment and storage medium. 
Samples were sequenced using a metagenomic approach in preliminary sequencing run 2. 
Pools were made up of nucleic acids extracted from 10 individual swabs of the same sample 
type pooled across two sites. 

Sample ID† Sample 
Type 

Enrichment Storage 
medium 

Raw reads Viral reads 

H_EN_VTM Feces Enriched VTM 15,172,421 14,896 
H_UN_VTM Feces Unenriched VTM 15,489,950 951,213 

SV_EN_VTM Saliva Enriched VTM 16,286,719 141 
SV_UN_VTM‡ Saliva Unenriched VTM - - 

H_EN_RL Feces Enriched RNALater 1,705,558 301 
H_UN_RL‡ Feces Unenriched RNALater - - 
SV_EN_RL Saliva Enriched RNALater 4,400,423 1,164 
SV_UN_RL Saliva Unenriched RNALater 21,063,046 1,172 

 
†Sample ID reflects sample type (H feces or SV saliva), enrichment protocol (EN enriched or 
UN unenriched) and storage medium (VTM or RNALater) 
‡SV_UN_VTM and H_UN_RL were excluded from analyses so read counts are not shown 
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For enrichment, 100 µL of each pool was sequentially filtered through 0.45 and 0.22 uM 

filters (Millipore Ultrafree MC); samples were applied to spin column filters and 

centrifuged at 12,000xg for 4 minutes. After filtration, each pool was DNAse treated. The 

reactions consisted of 0.1 U/µL DNAse Turbo (Ambion) and 1x DNAse Turbo buffer 

incubated at 37°C for 30 minutes. Pool volumes were adjusted to 500 µL using sterile 

DPBS (Gibco), then concentrated and reverse filtered using Amicon spin column filters 

(Millipore Amicon Ultra Centrifugal Filters 10K MWCO), which were centrifuged at 

14,000xg for 5 minutes. Filters were then removed, placed upside down in a clean tube, 

and centrifuged at 1,000xg for 2 minutes. Final volume for each enriched pool was 

adjusted to 100 µL using sterile DPBS. 100 µL of each of the ten samples was aliquoted to 

96 well extraction plates along with 40 µL Proteinase K. From this point, samples were 

extracted, stored and quantified as described in Section 2.3.4.1. 

Samples were converted to cDNA and libraries were prepared (Appendix B1.3). For most 

samples, 10 µL nucleic acid was used directly as input into cDNA synthesis but for two 

samples (H_EN_RL, SV_UN_RL), there was not sufficient nucleic acid in the 10 µL 

aliquots to prepare a library. For these samples, 40 µL aliquots were first concentrated to 

10 µL using 1.8X Agencourt RNAclean XP beads. Samples were pooled in equimolar 

ratios along with other metagenomic samples for sequencing on an Illumina NextSeq500 

with Mid Output v2 2x150 bp chemistry. Sequences were processed through the 

bioinformatic pipeline (Appendix B2). 

2.3.5.2 Results 

Sample SV_UN_VTM failed to sequence properly due to low clustering; this was because 

it was likely mixed up with H_UN_RL during library preparation, so both were excluded 

from analyses, yielding a total of 74,118,117 paired-end reads from the remaining six 

samples (Table 2.4). Compared with the previous run, a higher proportion of reads were 

lost to PCR duplicate filtering (Figure B3B). This was potentially due to the low diversity 

of nucleic acid present following extraction, as all samples were initially unmeasurable and 

remained so throughout the library prep. Proportions of reads assigned to different non-

viral sources were highly variable between samples (Figure B3B). 

As viral samples may have historically been collected in VTM, it would be useful to know 

whether they are usable material for metagenomics studies, and whether they can be 

compared with samples stored in other media. Unfortunately, the viral community 
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comparisons in this study would not be easy to interpret; several samples had to be 

excluded, VTM was subsequently found to be not a good storage buffer and extracting 

directly from RNALater buffer was found to be not very effective. Therefore, the results 

from this set of samples are not further discussed. 

Based on results from the two preliminary sequencing runs, specifically the detection of 

bovine viruses in VTM-stored samples (Table 2.3) and the low number of viruses detected 

after sequencing nucleic acid extracted from swabs stored in RNALater (Table 2.4), I 

conducted four pilot studies which informed the final extraction and sequencing methods. 

These pilot studies aimed to determine whether samples stored in VTM containing FBS are 

appropriate for metagenomic analyses, what is the most effective way to extract viral 

nucleic acid from swab samples stored in RNALater, and whether rRNA depletion and 

DNAse treatment are useful as viral enrichment strategies. 

2.3.6 Pilot study 1: Are samples stored in viral transport media 
appropriate for viral metagenomic analysis? 

Based on the detection of BVDV in the first preliminary sequencing run, two different 

batches of FBS were analyzed using a shotgun metagenomic approach to evaluate the 

presence of bovine viruses and to determine whether another storage medium, such as 

RNALater, would be more appropriate. Total nucleic acid was extracted and quantified 

from sterile 100 µL aliquots of FBS (Gibco) as described in Section 2.3.4.1. 

For one aliquot, 10 µL nucleic acid was used directly as input into cDNA synthesis but for 

the other there was not sufficient nucleic acid in the 10 µL aliquot to prepare a library, so 

40 µL was first concentrated to 10 µL using 1.8X Agencourt RNAclean XP beads 

(Beckman Coulter). Nucleic acid was then converted to cDNA and libraries were prepared 

as described in Appendix B1.3. Samples were pooled in equimolar ratios for sequencing on 

an Illumina NextSeq500 with Mid Output v2 2x150 bp chemistry. The resulting reads were 

processed through the bioinformatic pipeline (Appendix B2). 

2.3.7 Pilot study 2: What extraction method for swabs stored in 
RNALater maximizes nucleic acid? 

This experiment used swabs that were inoculated with known concentrations of viral 

particles to identify the extraction method that maximized viral nucleic acid from swabs 

stored in RNALater and to assess the efficiency and repeatability of the extraction 
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protocol. Swabs were designed to mimic samples collected from the field, with the caveat 

that they did not include host material (e.g. feces, saliva), bacteria, parasites or the 

community of viruses expected to be present in field-collected samples. These other 

components of samples could impact extraction and PCR efficiency, for example, by 

acting as a carrier to enhance RNA extraction or through the presence of compounds that 

can act as extraction or PCR inhibitors. Also only one virus was tested in this experiment, 

which may limit the ability to extrapolate results to other types of viruses. However, rather 

than inoculate field-collected swabs, in which differences between sample types or 

pathogen communities could introduce uncontrolled variation, “clean” mock swabs were 

used that would allow the evaluation of differences in viral detection between extraction 

methods. 

Extraction tests used Schmallenberg virus (SBV), a single-stranded RNA orthobunyavirus 

(Hoffmann et al. 2012). A 3.9x105 plaque forming units (PFU)/mL stock of SBV was 

serially diluted using sterile DPBS (Gibco), and 10 µL of cell-free virus at a range of 

dilutions from 106 – 103 copies/mL was inoculated into the same swabs used in field 

studies (Fisherbrand, Technical Service Consultants Ltd). Swabs were stored in 1 mL of 

RNALater at -80°C overnight. 

Two extraction methods were initially tested: a magnetic bead-based extraction using the 

reagents of the Biosprint One-for-all-vet kit (Qiagen) and extraction using TRIzol reagent 

(Invitrogen). The TRIzol method, a guanidinium thiocyanate-phenol-chloroform 

extraction, was ineffective as no virus was detected by qPCR in extractions from any of the 

components of the sample (results not shown). This could be due to salt components of 

RNALater, an aqueous sulfate salt solution, which appeared to adversely affect the phase 

separation during the TRIzol extraction. Therefore, only the magnetic bead-based 

extraction method is further discussed. Reagents and volumes are based upon the 

manufacturer’s protocol, and steps are a manual approximation of the automatic extraction 

method performed on the Kingfisher Flex 96 machine (Appendix B1.1). Extractions were 

performed manually because the CVR, where the work was carried out, has a workflow 

which does not allow for lab propagated samples, such as the SBV used in this experiment, 

to be extracted on machines that are used for clinical or field collected samples, such as the 

Kingfisher. 

Samples were thawed in a CL2 flow hood and the swab was removed into a tube 

containing 288 µL Buffer RLT and 40 µL Proteinase K. The swab/lysis buffer tubes were 
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vortexed for 15 seconds, incubated for 5 minutes, vortexed again, and the swab removed. 

100 µL DPBS was added to make up the volume required in the protocol. 

The original tube without the swab was centrifuged at 13,000xg for 5 minutes. 100 µL 

supernatant was then removed to another tube containing 288 µL Buffer RLT and 40 µL 

Proteinase K. Finally, the remaining supernatant was removed from the original tube and 

the pellet resuspended in 100 µL DPBS. The resuspended pellet was transferred to a third 

tube containing 288 µL Buffer RLT and 40 µL Proteinase K. 

To each of the three tubes now containing sample (swab, supernatant, resuspended pellet), 

lysis buffer and Proteinase K, 288 µL isopropanol and 24 µL MagAttract beads were 

added. Samples were mixed on a rotating tube mixer for 5 minutes, briefly spun down, 

beads pelleted using a magnetic bead separation rack and supernatant removed. All mixing 

and pelleting steps were performed in this way. Three wash steps were performed – 700 µL 

Buffer AW1 and 1 minute of mixing, followed by two steps of 500 µL Buffer RPE and 1 

minute of mixing. After removing supernatant, beads were air dried for 15 minutes, 100 µL 

Buffer AVE was added and mixed for 5 minutes. Beads were pelleted and the supernatant 

was removed and kept. The extracted RNA was temporarily stored at -20°C before 

proceeding to cDNA synthesis. 

cDNA synthesis was performed with 5 µL RNA using random primers and SuperScript III 

Reverse Transcriptase (Invitrogen) according to the manufacturer’s instructions. The 

cDNA was then used as input into a qPCR assay to determine viral copy number in each 

extraction. The qPCR assay was performed using the Brilliant III Ultra Fast qPCR kit 

(Agilent) and previously designed SBV primers and probe (Hoffmann et al. 2012) on an 

ABI7500 Fast Real Time PCR System (Applied Biosystems). qPCR reactions of samples 

and standards were run in triplicate, and quantity of viral copies was assessed against a 

standard curve of SBV concentrations ranging from 109-101 copies/µL. Controls 

containing no template were run in triplicate for each set of qPCR reactions. The 

approximate accuracy of the qPCR assay was confirmed by quantifying undiluted virus 

that had been extracted using the same method (concentration 3.9x105 PFU/mL or 

approximately 4.02x108 copies/mL) which was estimated as 2.2x108 copies/mL by qPCR. 

Two qPCR tests were performed on mock swab samples. The first test aimed to establish 

where in the sample the most extractable virus was located. RNA was extracted from three 

components of mock swabs (swab, supernatant, and pellet). Three extraction replicates 
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were performed for each component of swabs which had been inoculated at a 

concentration of 105 copies/mL. All extraction replicates were quantified by qPCR as 

described above in triplicate along with standards and no template controls. 

The second test aimed to approximate the minimal detectable viral concentration by qPCR 

using this method, to assess repeatability, and to estimate extraction efficiency using the 

cotton-tipped wooden base swabs and rayon-tipped aluminum base swabs used to collect 

samples in the field. Three extraction replicates were performed for each concentration 

from 106 – 103 copies/mL for cotton-tipped wooden base swabs and three extraction 

replicates were performed for aluminum base swabs at 105 copies/mL. RNA was extracted 

from swabs, converted into cDNA, and quantified by qPCR as described above.  

2.3.8 Pilot study 3: Is rRNA depletion a useful enrichment method 
for characterizing viral communities? 

The effect of rRNA depletion on the number of viral reads and viral taxa detected was 

evaluated using swabs from 40 fecal and 10 saliva samples, which were taken from 

vampire bats captured at 16 sites in 7 departments (administrative regions) across Peru 

(Figure 2.1) between 2015-2016. Swab samples were extracted individually, quantified and 

pooled as described in Appendix B1.1. Five pools were created using nucleic acid extracts 

from the same sample type from 10 individuals across 1-2 sites in the same locality 

(between 0.14 -74.1 km apart) within each department of Peru (Table 2.5; Figure 2.1; 

Table A1). 
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Table 2 5 Multi colony pools sequenced for enrichment tests and subsampling. Pools were 
created by combining nucleic acid from 10 individual swabs of the same sample type from 
the same site or locality. All pools were sequenced using a shotgun metagenomic approach 
but different forms of enrichment were tested on different pools. 

Pool ID† Sample 
Type 

Raw Reads Viral 
Reads 

Colony 
1‡ 

Colony 
2‡ 

Test§ Treatment 

AAC_H_F* Feces 12,166,001 10,870 AYA7 AYA14 - - 
AAC_H_SV* Saliva 9,507,979 431 AYA7 AYA14 - - 
AAC_L_F* Feces 12,000,988 2,417 API1 AYA11 - - 

AAC_L_SV* Saliva 15,121,355 609 API1 AYA11 - - 
AMA_L_ F_NR Feces 17,827,799 2,062 AMA2 AMA6 rRNA Non-

enriched 
AMA_L_F_R Feces 17,760,709 28,344 AMA2 AMA6 rRNA Enriched 
AMA_L_SV* Saliva 9,363,273 305 AMA2 AMA4 - - 
CAJ_L_F_NR Feces 15,940,753 1,179 CAJ4 - rRNA Non-

enriched 
CAJ_L_F_R Feces 15,843,806 5,945 CAJ4 - rRNA Enriched 
CAJ_L_SV* Saliva 8,685,456 600 CAJ4 - - - 
CAJ_H_F_1* Feces 8,661,617 8,085 CAJ1 CAJ2 DNAse Light 
CAJ_H_F_2* Feces 9,272,152 8,187 CAJ1 CAJ2 DNAse Harsh 
CAJ_H_SV* Saliva 11,830,542 534 CAJ1 CAJ2 - - 
HUA_H_F* Feces 10,814,816 11,285 HUA1 HUA2 - - 

HUA_H_SV* Saliva 8,931,393 517 HUA1 HUA2 - - 
LMA_L_F_NR Feces 19,605,605 1,425 LMA5 LMA6 rRNA Non-

enriched 
LMA_L_F_R Feces 17,365,381 8,206 LMA5 LMA6 rRNA Enriched 

LMA_L_SV_NR Saliva 18,698,730 75 LMA5 LMA6 rRNA Non-
enriched 

LMA_L_SV_R Saliva 15,953,442 483 LMA5 LMA6 rRNA Enriched 
LR_L_F_NR Feces 19,531,234 1,535 LR1 LR2 rRNA Non-

enriched 
LR_L_F_R Feces 13,843,629 4,544 LR1 LR2 rRNA Enriched 
LR_L_SV* Saliva 9,023,821 478 LR1 LR2 - - 

 
†All Pool IDs reflect the locality (AAC, Ayacucho-Apurímac-Cusco; AMA, Amazonas; CAJ, 
Cajamarca; HUA, Huánuco; LMA, Lima; LR, Loreto) and sample type (F, feces; SV, saliva). 
Some IDs also reflect elevation (H, high; L, low) to differentiate localities with multiple pools. 
NR and R correspond to ribosomal treatment, either non-enriched or enriched, and one 
sample (CAJ_H_F) has associated numbers (1 and 2) referring to two batches that received 
different DNAse treatments during viral enrichment. Pools processed using the final 
protocol are shown in bold. 
‡Colony codes correspond to department within Peru. Colony locations and pool midpoints 
are shown in Figure 2.1. 
§Enrichment tests are abbreviated as rRNA (ribosomal RNA depletion) and DNAse (light or 
harsh DNAse treatment) 
*Pool IDs with an asterisk are included in subsampling analyses 
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Figure 2 1 Vampire bat colonies and pools used in enrichment tests and subsampling. 
Individual colonies are represented as white points and midpoints for each pool, in which 1-
2 colonies were combined, are represented as circles (feces) or triangles (saliva). Colony 
names are shown in the same color as the pools in which they are included. Peru country 
borders and departments within Peru where samples were collected are outlined in white. 
The inset map shows South America, with Peru highlighted in the gray box. 

 

Pools were treated with DNAse I (Ambion), with buffer and enzyme scaled such that all 

reactions contained 1X DNAse buffer and 2U DNAse per 100 µL. Reactions were 

incubated at 37°C for 5 minutes, then cleaned up with 1.8X Agencourt RNAClean XP 

beads, eluted in RNAse-free water, and split in half. Half of each DNAse treated pool was 

enriched by rRNA depletion using the Ribo-Zero rRNA Removal Kit (Human/Mouse/Rat) 

(Illumina) according to the manufacturer’s instructions, while the other half was library 

prepared directly, such that two libraries were prepared from each initial pool for a total of 

ten libraries. 

cDNA synthesis and library preparation were performed as described in Appendix B1.3 

with a variable number of PCR cycles: 12 cycles were used for non-enriched samples and 

16 cycles were used for enriched samples. As rRNA depletion significantly decreased the 
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quantity of nucleic acid, increased PCR cycles were necessary to generate sufficient 

material for sequencing for enriched samples; however, this difference is not expected to 

influence the proportion or composition of viral reads. Final libraries were quantified, 

pooled, and sequenced (Appendix B1.3) and processed through the bioinformatic pipeline 

(Appendix B2). 

2.3.9 Pilot study 4: Does intensive DNAse treatment further enrich 
viral communities? 

A more intensive DNAse treatment was also tested for its effect on the number of viral 

reads and viral taxa detected. Fecal swabs from 10 individuals across 2 sites in the 

Cajamarca Department (Table 2.5; Figure 2.1; Table A1) were extracted, quantified and 

pooled (Appendix B1.1). The sample was split in half after pooling; one half was subjected 

to “light” treatment of 2U DNAse and incubated at 37°C for 5 minutes (as above), and the 

other half was subjected to “harsh” treatment of 10U DNAse and incubated at 37°C for 15 

minutes. Both halves were then cleaned up using a 1.8X ratio of Agencourt RNACleanXP 

beads. Following this step, pools were library prepared and sequenced according to the 

final protocol (Appendix B1.3) and processed through the bioinformatic pipeline 

(Appendix B2). 

2.3.10 Subsampling analysis of viral community saturation 
using the optimized sequencing protocol 

A subsampling analysis was conducted to test whether observed variation in the number of 

raw sequencing reads (Table 2.5) would affect the viral community detected (i.e. the 

number of viral reads, viral taxa and vertebrate-infecting viral taxa). The datasets analyzed 

included 12 multi-colony pools (5 fecal, 7 saliva; Table 2.5) that had been sequenced 

according to the final protocol. Fecal and saliva pools contained swabs from individuals 

from the same colony or colonies, except in the Amazonas Department where saliva pools 

contained individuals from sites AMA2 and AMA4, but fecal pools contained individuals 

from sites AMA2 and AMA6. Subsampling comprised randomly selecting raw reads at 

every 10 percent between 10 to 100 percent of the total reads and was repeated five times 

per pool. Viruses from subsampled datasets were classified using the bioinformatic 

pipeline without the assembly step (Appendix B2). 

A generalized linear mixed model (GLMM) with a Poisson distribution was used to assess 

the effect of the percentage of raw reads sampled on the number of viral taxa (families and 
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genera) detected using the lme4 package of R (Bates et al. 2015). Separate models were 

constructed for each combination of sample type (fecal and saliva), filtering condition (all 

viruses and vertebrate-infecting), and taxonomic level (family and genus). The percentage 

of the total raw reads sampled was standardized by subtracting the mean and dividing by 

the standard deviation of percentages, and pool ID was included as a random effect in the 

model. For each dataset, linear and second-degree polynomial models were tested and 

compared using a likelihood ratio test and the change in Akaike information criterion 

(∆AIC), with a better fitting polynomial model indicating a plateau in the number of viral 

taxa detected at attained read depths. 

2.4 Results 

2.4.1 Metagenomic sequencing reveals diverse viral nucleic acid 
in FBS (Pilot study 1) 

A total of 21,501,182 raw reads were generated from metagenomic sequencing of the two 

batches of FBS. The bioinformatic pipeline detected 1,373 and 516 viral reads in each 

batch respectively, which spanned 14 families of RNA and DNA viruses (Table 2.6). In 

both samples, the majority of viral reads were assigned to the family Flaviviridae, with 

41% and 30% of viral reads for the two FBS batches respectively assigned to bovine viral 

diarrhea virus 3 (BVDV-3). Contigs matching to BVDV (the longest were 1,396 and 

775bp respectively, out of a full genome of around 12,000bp) had 96-98% identity to strain 

SV757/15 of BVDV-3 (Table B2). 
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Table 2 6 Viral families detected from shotgun metagenomic sequencing of FBS.  
For each viral family, the number of reads and contigs are reported for each of two batches 
of FBS which were analyzed. 

 FBS1‡ FBS2‡ 
 Reads Contigs Reads Contigs 

Adenoviridae 27 0 40 2 
Asfarviridae 2 0 0 0 
Myoviridae 52 2 10 0 
Podoviridae 29 0 47 5 
Siphoviridae 73 4 32 2 

Herpesviridae 2 2 6 1 
Iridoviridae 1 0 0 0 

Polydnaviridae 4 0 0 0 
Poxviridae 9 0 0 0 

Retroviridae 180 20 104 15 
Microviridae 2 0 2 0 
Nyamiviridae 0 0 1 0 
Flaviviridae 950 15 267 11 

Alphaflexiviridae 8 0 0 0 
Total viral reads† 1373  516  

Raw reads 13,565,793  7,935,389  
 
‡FBS1 and FBS2 were two different batches of FBS that were sequenced 
†Number of reads assigned to families do not add up to the total number of viral reads as 
some were classified as viral but not assigned to a family 

2.4.2 Viral sequences are maximized by extracting RNA from 
intact swabs (Pilot study 2) 

For swabs stored in RNALater, extracting directly from the swab itself yielded viral 

nucleic acid that was measurable by qPCR, while supernatant and pellet did not (data not 

shown). The limit of detection occurred with swabs that were initially inoculated with 220 

viral copies; at this level, virus was inconsistently detectable by qPCR (Table 2.7). Virus 

became consistently detectable at 2,200 copies inoculated into the swab. Of the three 

aluminum-base swabs that were inoculated with 2,200 copies, two of the extractions 

contained undetectable virus in all three qPCR replicate reactions; potentially because 

these swabs were smaller, and it was difficult to determine whether the virus had absorbed 

into the rayon. However, the one aluminum-base swab with measurable virus was 

comparable in final copy number to the wooden-base swabs (Table 2.7). The qPCR 

replicates were generally consistent aside from samples on the edge of detectability, but Ct 

and copy number varied between extraction replicates of swabs containing the same initial 

quantity of virus. For the swabs inoculated with 2,200 copies (aluminum and wooden-

base), there were on average 1,230 copies present following RNA extraction, yielding an 
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extraction efficiency of about 56% (there were 1,578 copies and 72% efficiency when 

excluding an outlier wooden-base swab replicate that had 0.94 qPCR copies). 

Table 2 7 Summary of mock swabs tested for different extraction methods using qPCR.  
Swabs were inoculated with Schmallenberg virus and final virus concentration following 
extraction was measured using qPCR for different swab types and initial quantities of virus. 

Swab type Virus 
concentration 
(copies/mL) ‡ 

Initial swab 
quantity 

(copies) ‡ 

Extraction 
Replicate 

Average 
Ct (SD)§ 

Average 
qPCR 
copies 
(SD)§ 

Wooden-
base 

104 220 1† 37.44 
(0.45) 

0.67  
(0.20) 

2 No Ct No Ct 
3† 36.69 

(0.72) 
1.16  

(0.55) 
Wooden-

base 
105 2,200 1 33.86 

(0.36) 
7.84 

(1.94) 
2 33.74 

(0.6) 
8.83 

(3.79) 
3 36.98 

(0.57) 
0.94 

(0.37) 
Aluminum-

base 
105 2,200 1 34  

(0.12) 
7 

(0.59) 
Wooden-

base 
106 22,000 1 33.49 

(0.35) 
10.13 
(2.4) 

2 31.72 
(0.13) 

33.70 
(2.86) 

3 32.92 
(0.32) 

14.90 
(3.06) 

 
†Indicates only two of the three qPCR replicates were measurable (one replicate was below 
the limit of detection). When all three qPCR replicates were below the limit of detection, this 
is indicated with No Ct. All other average Ct and average qPCR quantities are calculated 
based on three qPCR replicates. 
‡Virus concentration and initial swab quantities were calculated based on qPCR 
measurements of undiluted virus, which was then diluted to obtain the concentrations used 
in this experiment. 
§SD – Standard deviation 

2.4.3 Viral enrichment is improved through rRNA depletion (Pilot 
study 3) 

The sequenced fecal and saliva samples that were split and trialed for rRNA depletion 

yielded a total of 172,371,088 reads which were evenly distributed across samples (Table 

2.5). Samples that were enriched contained on average 8,213 more viral reads (Figure 

2.2A), with this difference being close to statistically significant (paired Wilcoxon signed 

rank test, p= 0.06) despite the small sample size (N=10). On average, there were 9 more 

viral families (paired Wilcoxon signed rank test, p=0.058) and 3.8 more vertebrate-

infecting viral families (paired Wilcoxon signed rank test, p=0.06) per sample in enriched 

samples (Figure 2.2B). 
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Figure 2 2 Comparison of viral reads and families in ribosomal depletion enrichment. 
(A) Number of viral reads, shown as log (N +1), compared between enriched (N=5) and non-
enriched (N=5) samples. (B) Total viral families and vertebrate-infecting viral families 
detected in samples enriched by rRNA depletion (N=5) compared to non-enriched samples 
(N=5). 

Within vertebrate-infecting viral families, number of reads per family was higher in 

enriched samples with the exception of the family Retroviridae (Figure 2.3). Vertebrate-

infecting viral families that were detected only after enrichment exhibited diverse genome 

structure including positive sense, single-stranded RNA (Astroviridae, Nodaviridae), 

negative sense, single-stranded RNA (Rhabdoviridae, Paramyxoviridae), double-stranded 

RNA (Picobirnaviridae) and double-stranded DNA (Poxviridae). Similar patterns were 

observed for all viruses, not just those infecting vertebrates, and results were consistent 

when analyses were repeated at the level of viral genera (data not shown). In summary, 

removal of host rRNA allowed detection of more viral taxa (Figure 2.2B) and improved 

the sequencing depth for detected viruses (Figure 2.3). 
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Figure 2 3 Comparison of reads per vertebrate-infecting viral family across samples. 
Comparisons are shown for reads per vertebrate-infecting viral family summed across 
samples enriched by ribosomal depletion (N=5) and non-enriched (N=5). Read number 
comparison is shown for summed reads (as opposed to the mean) to enable visualization 
on a log scale. 

2.4.4 Viral enrichment is improved through light DNAse treatment 
(Pilot study 4) 

The fecal sample that was split and trialed for light/harsh DNAse treatment yielded 

17,933,769 reads that were evenly distributed across the two treatment pools (Table 2.5). 

Although the number of viral reads was comparable between the two pools, light DNAse 

treatment increased the taxonomic richness of viruses detected, both for all viruses and 

vertebrate-infecting viruses (Figure 2.4). 
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Figure 2 4 Comparison of number of viral families between DNAse treatments. 
Comparisons show a single split sample, with half receiving light DNAse treatment and half 
receiving harsh DNAse treatment. 

The proportion of low complexity/PCR duplicate reads was also slightly higher in the 

harsh DNAse treatment (1,974,128 reads) compared to the light treatment (1,620,909 

reads) (Figure B4). Low complexity reads in a metagenomic sample could originate from 

various sources and are difficult to interpret, but increased PCR duplicates suggest that the 

harsh DNAse treatment created a less diverse pool of nucleic acid prior to re-amplification, 

although it is difficult to draw conclusions based on only two pools. Viral families that 

were absent in the harsh treatment included those with single-stranded DNA genomes 

(Circoviridae), as well as single-stranded RNA genomes (Flaviviridae), suggesting that 

DNAse treatment may also degrade RNA viruses. However, RNA viruses were not always 

affected negatively by DNAse treatment, as the single-stranded RNA family 

Paramyxoviridae was present in the harsh treatment but not the light treatment. 

Paramyxoviridae was only represented by two reads in the harsh treatment so it could be a 

rare virus that was missing from the light treatment due to chance, but the effects of 

DNAse on different viral genome types appear complex and may require further study to 

resolve. Although only two pools were compared and they contained similar numbers of 
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viral reads, a greater diversity of viral families was detected following the light DNAse 

treatment. 

2.4.5 Summary of samples sequenced using the optimized 
metagenomic protocol 

Pooled samples processed according to the final protocol had similar numbers of raw 

reads, but the proportion of viral reads varied widely across samples (Table 2.5). Saliva 

samples consistently contained fewer viral reads than fecal samples. The proportion of 

reads filtered out during different stages of bioinformatic processing was fairly similar 

across samples (Figure B4), and detected sequences matched to vertebrates, arthropods, 

bacteria, and archaea in addition to the viral sequences that were the focus of the study 

(Figure B5). 

2.4.6 Subsampling validates viral community saturation using the 
optimized protocol 

The number of viral reads increased consistently with the number of raw reads, as would 

be expected with unbiased sequencing, though rate of increase differed among pools 

(Figure 2.5). 
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Figure 2 5 Viral reads increase proportionally to percentage of raw reads. 
The number of reads assigned as viral for fecal (N=5) and saliva (N=7) samples are shown at 
increasing percentages of total raw reads. Five replicates of each sample are depicted using 
the same symbol and color; colors correspond to localities shown in Figure 2.1. 

In contrast, the number of viral families and vertebrate-infecting viral families plateaued at 

higher percentages of the total number of raw reads sampled (Figure 2.6), and models 

explaining the number of viral families with a second-degree polynomial effect of 

percentage of raw reads generally fit the data better than linear models (Table 2.8). These 

results suggest that at the level of sequencing depth achieved, common viral families and 

genera are reliably identified. 
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Figure 2 6 Viral family communities saturate at high read depths. 
Panels show the number of viral families and vertebrate-infecting viral families detected in 
fecal (N=5) and saliva (N=7) samples at increasing percentages of the total raw reads. 
Percentage reads are z-score standardized by subtracting the mean and dividing by the 
standard deviation. Points are semi-transparent, with darker points indicating more 
subsamples with a given value, and show the rescaled original data. Lines show the model 
prediction. 

 

Table 2 8 Model comparison for viral family detection in subsampling analysis. 
Linear and polynomial models were compared for each sample type (feces and saliva) and 
filtering (all viral families and vertebrate-infecting only) combination at the family level. For 
each combination, two models were constructed and compared through likelihood ratio test 
(L, X2, d.f., and P-value) and AIC (AIC and ΔAIC). 

 Model L X2 d.f. P-value AIC ΔAIC 
Viral Families 

Fecal 
Linear -556.1 17.271 1 3.24E-

05 
1118.2 15.271 

Polynomial -547.47 1102.9 
Viral Families 

Saliva 
Linear -772.02 18.304 1 1.88E-

05 
1550 16.304 

Polynomial -762.87 1533.7 
Vertebrate-

infecting viral 
Families Fecal 

Linear -407.39 10.356 1 0.00129 820.79 8.3564 
Polynomial -402.22 812.43 

Vertebrate-
infecting viral 

Families Saliva 

Linear -573.15 0.8262 1 0.3634 1152.3 1.174 
Polynomial -572.73 1153.5 
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The exception was vertebrate-infecting viral families detected in saliva; however, 

detections did plateau at the viral genus level (Table B3, Figure B6). Aside from 

vertebrate-infecting viral families in saliva, viral richness plateaued at around 80% of the 

total reads (Figure 2.6; Figure B6). Converting the percentage of total reads at which the 

plateau typically occurred (80%) to the number of raw reads indicated that, on average, 

new detections began to level off at 8,358,626 reads (range: 6,929,294 - 12,097,084). 

2.5 Discussion 

A field-laboratory-bioinformatic protocol was developed for characterizing viral 

communities, incorporating the following findings from pilot studies to maximize viral 

detections: 

1. Swab samples should be stored in RNALater rather than VTM containing FBS 

2. Nucleic acids should be extracted directly from swabs, rather than from supernatant or 

pellet  

3. Enrichment should use rRNA depletion and light DNAse treatment 

The metagenomic pipeline yielded viral community data from swab samples taken from 

vampire bats across Peru, and detections in most cases plateaued within commonly 

attained levels of sequencing depth (Figure 2.6), suggesting that this is an effective non-

invasive method for sampling viral communities from field samples collected from 

wildlife. The field protocol standardizes sample collection, storage and transportation 

among geographically widespread and remote study sites. The laboratory and 

bioinformatic protocols aim to capture and identify as many different types of viruses as 

possible, while processing large batches of samples and avoiding well-known sources of 

bias. 

Metagenomic sequencing revealed diverse bovine viral nucleic acid in FBS. Importantly, 

these results are unlikely to indicate the presence of live viruses in FBS since commercial 

FBS is often heat inactivated and screened for live viruses. Instead these detections 

probably represent viral nucleic acids which persist after heat inactivation, but which could 

nevertheless impact metagenomic studies. Detecting BVDV is unsurprising, as it is a 

common cell culture contaminant that has previously been found in high quantities in FBS 
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(Allander et al. 2001; Gagnieur et al. 2014). Consistent with the South American origin of 

the FBS used in analyses, BVDV-3, or HoBi-like viruses, were initially reported in FBS 

from South America and are likely endemic to livestock in Brazil (Bauermann & Ridpath 

2015). The consistent presence and proportion of BVDV as well as Retroviridae and 

several bacteriophage families (Table 2.6) across FBS batches suggests that this source of 

contamination could perhaps be accounted for in order to include VTM samples containing 

FBS in metagenomic analyses. However, reads in FBS also matched the family 

Adenoviridae (genus Mastadenovirus), which are common in bats (Li et al. 2010b; Drexler 

et al. 2011), including neotropical species (Wray et al. 2016). If bat samples stored in 

VTM were sequenced and filtered for viral genera detected in FBS, this would potentially 

exclude true bat viruses. The results therefore suggest that metagenomic results from 

historical samples stored in media containing FBS should be interpreted with caution and 

avoided where possible.  

Using artificially inoculated swabs, the comparison of RNA extractions from different 

components of samples (swab, supernatant, pellet), showed that swab extraction, but not 

extraction from supernatant or pellet, typically yielded measurable nucleic acid. This could 

be due to the high salt concentrations in RNALater that are designed to inhibit RNAse 

activity, but which could also interfere with extraction from the supernatant/pellet. 

Typically, tissues stored in RNALater are blotted to remove excess solution, and other 

samples such as blood are centrifuged and the supernatant is removed prior to extraction. 

Unfortunately, it is not possible to completely remove the RNALater from swabs, but 

extracting from the swab itself might minimize salts relative to the other components of the 

sample. It is also possible that virus particles mostly remain within the swab itself when 

stored in RNALater. 

Direct extraction from swabs was previously used to characterize bacterial communities 

from swabs stored in RNALater (Vo & Jedlicka 2014), and other studies have released 

particles bound to swabs through incubation in lysis buffer (Schweighardt et al. 2014) or 

lysis buffer and Proteinase K (Ghatak et al. 2013; Corthals et al. 2015). It may not be 

possible to extrapolate the estimated limit of detection or extraction efficiency to other 

viruses with different characteristics, or field-collected samples that include host cells and 

other material.	In addition, the quantity of viral RNA extracted from swabs did not appear 

highly repeatable between extraction replicates. However, the results indicated that 

extracting directly from the swab improved viral detection relative to other components of 

the sample. 
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The study tested a variety of laboratory methods for enhancing unbiased detection of 

viruses. The rRNA depletion results suggested that removing host rRNA increased both the 

number of viral reads and number of viral taxa detected, without biasing the viral 

community, as has been observed in previous studies (He et al. 2010; Matranga et al. 

2014). The only case in which there were more reads in the non-enriched samples was the 

family Retroviridae, however, retroviruses integrate into the host genome and are likely to 

behave differently than other viral taxa with respect to enrichment. Although the Ribo-

Zero kit is described as being for Human/Mouse/Rat and should be tested before use on 

other sample types, it has been used effectively on samples from taxa as distantly related as 

mosquitos (Weedall et al. 2015), and it was found here to be effective for enriching 

samples taken from bats. 

Although only one split sample was analyzed, the light DNAse treatment results suggested 

an increase in the number of viral taxa detected compared to the harsh treatment. DNAse is 

a well-established method to reduce the number of host and bacterial reads relative to virus 

(Allander et al. 2001). The light treatment was intended to knock down rather than remove 

all DNA, also potentially allowing for better detection of bacteria and parasites compared 

with an intensive enrichment, although this was not tested explicitly. Although this step 

could have caused bias towards RNA viruses, DNA virus reads occurred in all samples, as 

has been found in other viral metagenomic studies using an RNA-based approach (Hall et 

al. 2014; Kohl et al. 2015; Wu et al. 2016), including those with a DNAse treatment step 

(Baker et al. 2013; Hall et al. 2014). This could be explained by the presence of viral RNA 

transcripts, DNA viruses that replicate through an RNA intermediate (e.g. 

Hepadnaviridae), the ability of some DNA virus families to integrate into the genome of 

their host (e.g. Herpesviridae) or DNA being carried through the DNAse treatment into 

library prep due to the light treatment or less than perfect efficiency of the reaction. 

Although more intensive enrichment such as filtration or centrifugation could potentially 

have increased the number of viral reads, such methods are known to be biased against 

certain taxa (Kleiner et al. 2015; Wood-Charlson et al. 2015; Conceição-Neto et al. 2015). 

In addition, it would be impossible to include a filtration step since swabs were 

immediately treated with lysis buffer in the extraction, leading to lysis of the viral particles 

which would normally be selected for using filtration. In light of the results above, and 

despite the relatively small number of samples, light DNAse treatment and rRNA depletion 

are recommended as an effective combination for viral enrichment. 
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It is worth noting the caveats of analyzing non-invasively collected samples. First, 

although contamination has not been well characterized in viral metagenomic studies, it is 

a known problem in bacterial community studies. Samples with low microbial biomass are 

particularly sensitive to contamination with other microbes, for example from DNA 

extraction kits (Salter et al. 2014) or ultrapure water (Laurence et al. 2014). This protocol 

minimized this risk by pooling samples following extraction to increase the amount of 

target nucleic acid relative to potential reagent-derived contaminants in downstream steps. 

Second, non-invasive samples will only detect viruses that are actively shed in urine and 

feces, thus may miss latent viruses that are sporadically shed, but might be detectable by 

sequencing organs from sacrificed animals (Amman et al. 2012). Third, the protocol is not 

able to discriminate between viruses actively infecting hosts and transient viruses acquired 

from diet or the environment. 

Although some sources of bias are unavoidable, and it is likely that not all viral taxa in a 

given sample will be identified, the same is true of all studies in community ecology where 

exhaustive sampling is not possible (Gotelli & Colwell 2001; Hughes et al. 2001), and 

viral communities were statistically shown to be adequately sampled (Figure 2.6). This 

approach yielded sufficient depth to confidently characterize viral communities at the viral 

family or genus level, while identification of species or strains might be achieved by 

further increasing read depths to generate longer contigs that could be more precisely 

assigned (Figure 2.5). Although a relatively small number of pools was examined here, the 

protocols described have been developed to enable scaling up to the larger numbers of 

samples typical of ecological and evolutionary studies. Performing extraction on an 

automated platform (e.g. the Kingfisher) allows high throughput nucleic acid extraction 

from swabs, the use of kits enables preparation of up to 96 libraries simultaneously, and 

the bioinformatic pipeline developed automates analyses of large amounts of sequence 

data. Future studies of viral communities could also consider the use of sequence-capture 

based approaches (e.g. Briese et al. 2015; Wylie et al. 2015), which have the potential to 

provide more on-target reads than shotgun metagenomics, although potentially at the 

expense of discovering novel or highly divergent taxa. 

In summary, the pipeline described in this chapter simultaneously generated comparable 

viral communities from large numbers of non-invasively collected wildlife samples. A 

standardized approach to viral metagenomics opens many potential avenues of future 

research in disease and community ecology. For example, viral community data collected 

across multiple individuals, populations, and species allows the investigation of ecological 



2 61 
 
processes shaping host-associated viral community structure (Anthony et al. 2015; Olival 

et al. 2017). Taxonomic and functional patterns of bacterial diversity across host species 

are influenced by diet and phylogeny (Ley et al. 2008; Muegge et al. 2011; Zepeda-

Mendoza et al. 2018), but drivers of host-associated viral communities may be different. In 

humans, viral communities are stable over time within individuals, but highly variable 

between individuals (Reyes et al. 2010; Minot et al. 2011). These observations suggest the 

potential to use viral communities as a host or environmental “fingerprint” to evaluate 

interactions between multiple hosts, or between hosts and environments, as has been 

proposed in humans and primates (Fierer et al. 2010; Franzosa et al. 2015; Stumpf et al. 

2016). Finally, although it was not the focus of the study, reads were also detected from 

vertebrates, protozoa, and bacteria (Figure B5), suggesting that with appropriate 

bioinformatic modifications, shotgun metagenomic data generated using this protocol 

could simultaneously shed light on host genetics, diet, other non-viral pathogens, and 

commensal microbes. As metagenomics becomes an ever more popular and powerful tool 

for viral ecology, the use of standardized methods such as those developed here will be 

crucial for comparative insights from diverse host species and environments. 
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3 Metagenomics reveals the diverse RNA and DNA 
virus communities in common vampire bats 
across Peru 

3.1 Abstract 

Establishing a detailed understanding of viral diversity in key wildlife hosts represents an 

important first step in evaluating the risk of zoonotic disease emergence. As obligate blood 

feeders, common vampire bats (Desmodus rotundus) are an example of a wildlife host that 

poses a threat for disease transmission to humans and domestic animals, but we currently 

lack a holistic understanding of their viral communities. Therefore, this chapter aimed to 

thoroughly characterize viruses in vampire bat feces and saliva from individuals captured 

across Peru, evaluating differences in viral communities between body habitats and using 

phylogenetic analyses to assess whether novel viral taxa were most closely related to other 

bat-infecting taxa. A minimally biased shotgun metagenomic sequencing approach was 

used to describe vampire bat viral communities, which comprised both vertebrate-

associated taxa potentially infecting vampire bats as well as viral taxa that typically infect 

bacteria, plants or insects. Viral communities in vampire bat feces and saliva were distinct, 

showing evidence of body habitat compartmentalization. Novel viruses from eight 

vertebrate-infecting families were phylogenetically analyzed in the context of previously 

characterized taxa, revealing that vampire bat viruses frequently fell into bat-specific 

clades, such as full genomes of novel viruses in the families Coronaviridae and 

Hepeviridae which were related to other bat-infecting taxa. However, full genomes of a 

divergent Hepatitis delta-like virus were also detected from vampire bat saliva at three 

sites, representing the first discovery of this virus outside of humans. These results suggest 

that most vampire bat viruses fall within bat-specific clades, without evidence of livestock 

or humans acting as a major source of viral diversity in vampire bats, adding to our 

understanding of viral diversity in an ecologically important bat species. 

3.2 Introduction 

Bats act as important hosts to a number of high-profile zoonotic viruses (Li et al. 2005; 

Leroy et al. 2005; Memish et al. 2013), exhibiting deep evolutionary relationships with a 

broad range of viral taxa (Cui et al. 2007; Taylor et al. 2010; Tong et al. 2012; Drexler et 

al. 2012a; Quan et al. 2013; Drexler et al. 2013; Sasaki et al. 2014; Escalera-Zamudio et 

al. 2016). All other factors being equal, a reservoir host with higher viral richness overall is 
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also likely to have higher richness of viral taxa that can infect other species, or a larger 

“zoonotic pool” (Morse 1993). Understanding the viral richness of key host species, 

particularly those exhibiting high contact rates with other species, is therefore important in 

evaluating the risk of zoonotic viral emergence (Turmelle & Olival 2009; Olival et al. 

2017). 

As an obligate blood feeding species, common vampire bats represent a particularly 

interesting system in which to investigate viral richness because of their high level of 

ecological connectivity. Vampire bats historically preyed upon wildlife such as tapirs and 

peccary, while more recently their diet has shifted towards mammalian livestock (Delpietro 

et al. 1992; Voigt & Kelm 2006; Streicker & Allgeier 2016), humans (Schneider et al. 

2001; Gonçalves et al. 2002; Schneider et al. 2009), and birds (Bobrowiec et al. 2015). 

Feeding on a variety of other vertebrates creates the opportunity for exposure and infection 

of vampire bats by the viruses that infect their prey. Vampire bats also share roosts with 

bat species such as those in the genera Micronycteris, Glossophaga, Carollia, Sturnira, 

Saccopteryx, and Artibeus (Greenhall et al. 1983), with roost-sharing providing another 

potential route of pathogen transmission (Reckardt & Kerth 2007; Leu et al. 2010) from 

other bat species to vampire bats. Vampire bats exhibit traits common to bats generally 

which have been speculated to facilitate virus transmission, including long lifespan and 

colonial roosting (Calisher et al. 2006). The unique behavioral features of vampire bats, 

including allogrooming (Wilkinson 1986) and food sharing through regurgitation of blood 

meals (Wilkinson 1984), could also lead to opportunities for intraspecific virus 

transmission. 

Vampire bats have been well-studied as a key wildlife reservoir in Latin America for rabies 

virus (family Rhabdoviridae) due to the high burden of disease for agriculture and public 

health (Schneider et al. 2009; Streicker et al. 2012b; Condori-Condori et al. 2013; de 

Thoisy et al. 2016; Benavides et al. 2016; Streicker et al. 2016). However, vampire bats 

are also an interesting species in which to examine viral diversity in general due to their 

unique behavioral traits. In addition to Rhabdoviridae, vampire bats are known to harbor 

other viral families, including Paramyxoviridae (Drexler et al. 2012a), Coronaviridae 

(Brandão et al. 2008), Polyomaviridae (Fagrouch et al. 2012), Adenoviridae (Lima et al. 

2013; Wray et al. 2016), Retroviridae (Escalera-Zamudio et al. 2015), and Herpesviridae 

(Wray et al. 2016; Escalera-Zamudio et al. 2016; Salmier et al. 2017). Two recent viral 

metagenomic studies of vampire bats detected many of these families in addition to other 

vertebrate-infecting taxa (Salmier et al. 2017; Escalera-Zamudio et al. 2017). However, 
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these studies were primarily descriptive, examining relatively few samples across small 

geographic scales and employing sample collection and processing methods which have 

the potential to bias the viral communities detected. 

In addition to vertebrate-infecting viral taxa, metagenomic studies in bats have 

simultaneously detected bacteriophages (Donaldson et al. 2010; Ge et al. 2012) and insect, 

plant and fungal viruses likely acquired from diet or the environment (Ge et al. 2012; 

Dacheux et al. 2014; Salmier et al. 2017). Considering viruses that are not infecting the 

bats themselves as part of the viral community could provide a signature of host diet or 

environment. Previous metagenomic studies in bats have discovered novel viruses in 

sample types including feces, saliva, urine and tissue (e.g. Donaldson et al. 2010; Baker et 

al. 2013; Dacheux et al. 2014; Salmier et al. 2017), and the body habitat in which a novel 

virus is detected can also yield clues to its tissue tropism and transmission route (Young & 

Olival 2016). Bacterial communities have been found to vary between body habitats in bats 

(Dietrich et al. 2017) as have viral communities in humans (Wylie et al. 2014; Hannigan et 

al. 2015). However, there has not yet been an explicit test of the compartmentalization of 

bat viral communities between different body habitats. 

The aim of this chapter was to build upon previous viral metagenomic studies in vampire 

bats by expanding the geographic scale of sampling and employing minimally biased lab 

methods to thoroughly characterize viral communities. I generated viral metagenomic data 

from saliva and fecal samples from vampire bats captured across the country-wide scale of 

Peru. Specifically, I aimed to address (1) what are the natural host groups of viral taxa 

detected in vampire bats, (2) are there differences in viral richness (alpha diversity) and 

community composition (beta diversity) between body habitats in vampire bats and (3) are 

novel vampire bat viruses most closely related to other bat-infecting viral taxa? The results 

provide a detailed description of viral diversity in an ecologically important bat host. 

3.3 Materials and methods 

3.3.1 Dataset descriptions 

Metagenomic sequence datasets were generated for 62 pools, of which 16 comprised 

pooled samples from multiple bat colonies (multi-colony pools) and 46 comprised pooled 

samples from one bat colony (single colony pools). The multi-colony dataset, described in 

Chapter 2, consisted of ten individual samples pooled across 1-2 colonies within the same 


