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Abstract 

Perivascular adipose tissue (PVAT) exerts important paracrine control over 

vascular tone, but how acute hypoxia impacts upon PVAT signalling and vascular 

reactivity remains incompletely understood. Hypoxia is central to adipose 

pathophysiology because as the volume of adipose depots expand, limited oxygen 

diffusion and inadequate angiogenesis create localised hypoxia that drives 

metabolic stress, inflammation, and altered secretion of adipokines and bioactive 

lipid mediators. Together with impaired perfusion responses in obesity, these 

changes indicate that the regulatory role of PVAT may change and hypoxia may 

be central to this. To address this, I combined wire myography with molecular and 

biochemical measurements in rat thoracic aorta and mesenteric arteries, 3T3-L1 

adipocytes, and ex vivo PVAT depots exposed to normoxia and hypoxia. 

Functionally, pre-exposure to hypoxia altered subsequent contractile responses to 

phenylephrine and relaxant responses to cromakalim in a manner dependent on 

vessel type, PVAT status, and endothelium; when hypoxia was applied acutely 

during sustained phenylephrine-induced tone, thoracic aorta relaxed robustly 

even without endothelium, and relaxation was significantly augmented by PVAT, 

supporting an endothelium-independent component mediated by PVAT-derived 

factors. 

Adiponectin is an abundant adipocyte-derived hormone with insulin-sensitising 

and anti-inflammatory actions and has recognised roles in vascular homeostasis. 

Therefore, adiponectin content and release were measured in 3T3-L1 adipocytes 

and in thoracic and mesenteric PVAT to determine if acute hypoxia alters PVAT-

derived adiponectin and whether these changes could account for hypoxia-

induced vascular relaxation. Adiponectin studies showed that short-term hypoxia 

reduced adiponectin protein and Adipoq mRNA in 3T3-L1 adipocytes and lowered 

adiponectin in thoracic but not mesenteric PVAT; under normoxic conditions, 

thoracic PVAT exhibited higher basal adiponectin protein content than mesenteric 

PVAT, and a trend toward increased release during hypoxia. Pharmacological 

manipulation revealed that, with PVAT present, neither β3-adrenoceptor agonist 

nor AdipoR1 blockade altered hypoxic relaxation; in PVAT-removed endothelium-

intact rings, β3-agonism (CL-316,243) attenuated relaxation, indicating an 

inhibitory endothelial β3 pathway unmasked by PVAT removal. An exploratory 
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adipokine array indicated broader hypoxia-induced reductions in several factors 

secreted from thoracic PVAT. 

Sphingosine-1-phosphate is a PVAT-derived bioactive lipid produced by SphK1 that 

regulates vascular tone and plays key roles in cardiovascular and immune function. 

Hence, after observing that acute hypoxia induces relaxation with PVAT present, 

S1P was investigated as a candidate mediator linking hypoxia to vessel responses. 

SphK/S1P experiments demonstrated that hypoxia selectively and transiently 

increased SphK1 mRNA and SphK1 phosphorylation in adipocytes, while a short 

exposure to gas hypoxia did not change SphK1 protein or tissue S1P in PVAT. 

Thoracic PVAT released less S1P under hypoxia. Inhibition of SphK1 with PF543 

reduced S1P release under normoxia and further decreased it under hypoxia, 

consistent with SphK1-driven S1P export from PVAT. Conversely, mesenteric PVAT 

showed no effect of PF543 or hypoxia on SphK1 or S1P release. Thus, the hypoxic 

reduction in S1P release was depot specific. Exogenous S1P or selective S1P2 

activation (CYM 5478) reduced hypoxic relaxation only when PVAT was absent, 

suggesting that S1P/S1P2 can limit relaxation of the vessel wall but this is masked 

by PVAT factors when PVAT is present.  

Collectively, these data show that acute hypoxia induces a PVAT-enhanced, 

largely endothelium-independent vasorelaxation while rapidly altering 

adiponectin and S1P signals. When PVAT is present, adiponectin and β3 agonism 

are not the dominant acute mediators of hypoxic relaxation, and S1P/S1P2 opposes 

relaxation primarily when PVAT support is removed. These findings refine the 

mechanistic understanding of PVAT to vessel crosstalk under hypoxic stress and 

point to PVAT factors as key acute effectors.  
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1.1 Cardiovascular system 

The cardiovascular system (CVS), also known as the circulatory system, comprises 

the heart, blood, and an intricate network of blood vessels, including arteries, 

arterioles, capillaries, venules, and veins. Its primary function is to deliver 

oxygen, nutrients, hormones, electrolytes, and water to the cells and tissues 

throughout the body and to remove carbon dioxide and metabolic waste products, 

transporting them to excretory organs such as the lungs and kidneys (Aaronson et 

al., 2020, Matienzo and Bordoni, 2025). Furthermore, the cardiovascular system 

plays a critical role in regulating body temperature, maintaining water content in 

cells, and supporting immune system function (Aaronson et al., 2020). 

The heart, a muscular pump located within the chest cavity, ensures continuous 

circulation of blood through two interconnected circuits: the systemic circulation 

and the pulmonary circulation. Oxygen-rich blood is pumped from the left 

ventricle through the aorta and systemic arteries, which progressively branch into 

smaller arteries, arterioles, and ultimately capillaries, the site of nutrient and gas 

exchange (Chaudhry et al., 2025, Aaronson et al., 2020). After exchange, 

capillaries merge to form venules, which in turn unite into progressively larger 

veins, returning deoxygenated blood to the heart via the superior and inferior 

vena cavae. Subsequently, the right ventricle pumps this blood into the lungs 

through the pulmonary arteries for oxygenation. Blood vessels themselves require 

nutrients and oxygen, which are delivered by a specialised network known as the 

vasa vasorum embedded within their walls (Aaronson et al., 2020, Matienzo and 

Bordoni, 2025). 

1.2 Anatomy of the cardiovascular system 

The walls of all blood vessels, except capillaries, consist of three distinct 

concentric layers: the tunica intima, tunica media, and tunica adventitia (externa) 

(Figure 1-1) (Aaronson et al., 2020, Touyz et al., 2018, Daly, 2019). The tunica 

intima is the innermost layer, composed of a single layer of flattened endothelial 

cells (ECs) supported by a basement membrane or basal lamina, providing a 

smooth lining essential for efficient blood flow and regulating substance exchange 

between blood and surrounding tissues. Beneath this lies the tunica media, 

predominantly comprising vascular smooth muscle cells (VSMCs) arranged in 
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circular or spiral layers, along with elastic fibres. This layer plays a critical role in 

controlling vascular tone, peripheral resistance, and the distribution of blood flow 

throughout the body (Touyz et al., 2018, Aaronson et al., 2020). 

The outermost layer, the tunica adventitia, anchors the blood vessels to adjacent 

structures and comprises two key components: adventitia compacta, primarily 

containing fibroblasts and collagen fibres, and perivascular adipose tissue (PVAT), 

which surrounds most vessels and contributes to their physiological regulation 

(Touyz et al., 2018). Capillaries differ structurally from other blood vessels as they 

consist solely of a single endothelial cell layer resting on a basement membrane, 

facilitating efficient nutrient and waste product exchange between blood and 

tissues (Aaronson et al., 2020). 

 

 

Figure 1-1 Vascular wall structure 
Diagram illustrating the three distinct layers of the vascular wall: the inner layer (tunica intima) 
composed of endothelial cells; the middle layer (tunica media) containing vascular smooth muscle 
cells; and the outer layer (tunica externa) comprising nerve endings and perivascular adipose tissue 
(PVAT). Adapted from Daly (2019). 

1.2.1 Endothelium (Tunica intima) 

The vascular endothelium, also referred to as the tunica intima, consists of a 

single layer of flattened ECs lining the inner surface of all blood and lymphatic 

vessels. This endothelial layer creates a selective permeability barrier, 

mechanically and metabolically separating the vascular wall and peripheral tissues 

from circulating blood and lymph components (Luscher and Vanhoutte, 2020, 

Krüger-Genge et al., 2019). Once considered merely a passive barrier, the 
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endothelium is now recognised as an active participant in numerous physiological 

processes, including the regulation of vascular tone, immune responses, 

haemostasis, inflammation, and angiogenesis (Luscher and Vanhoutte, 2020, 

Deanfield et al., 2007). The vital role of endothelial cells in controlling vascular 

function was first identified by Furchgott and Zawadzki (1980), who demonstrated 

endothelium-dependent relaxation responses to acetylcholine in rabbit arteries. 

ECs synthesise and secrete a diverse array of vasoactive substances crucial for 

maintaining vascular homeostasis. Among these are vasodilators, such as nitric 

oxide (NO), prostacyclin (PGI2), and endothelium-derived hyperpolarising factor 

(EDHF), which collectively regulate blood flow, pressure, and vascular tone 

(Deanfield et al., 2007, Sandoo et al., 2010). Conversely, ECs also release 

vasoconstrictors, notably endothelin-1 (ET-1) and platelet-activating factor (PAF), 

which facilitate precise control over vascular responses (Sandoo et al., 2010, 

Galley and Webster, 2004). The delicate equilibrium between these relaxing and 

contracting mediators is essential for the normal physiological function of blood 

vessels and the systemic regulation of blood pressure (Galley and Webster, 2004). 

Disturbances in this equilibrium, characterised by enhanced vasoconstriction and 

decreased vasodilation, result in endothelial dysfunction, which is a feature seen 

in many chronic diseases including hypertension, diabetes, obesity, dyslipidaemia, 

and atherosclerosis (Wang et al., 2022a, Gallo et al., 2022). 

Moreover, endothelial dysfunction is often driven by mechanisms involving 

oxidative stress, inflammation, and disrupted cellular signalling pathways (Wang 

et al., 2022a). Such dysfunction shifts endothelial phenotype towards a pro-

inflammatory, pro-thrombotic, and proliferative state, increasing the risk of 

vascular pathology (Gallo et al., 2022). In hypertensive conditions for example, 

the imbalance between vasodilators like NO and vasoconstrictors like ET-1 

exacerbates vascular constriction, elevating blood pressure (Nadar et al., 2004). 

Experimental models have shown that endothelium denudation enhances vascular 

contraction, as evidenced by increased responses to U46619, phenylephrine, and 

KCl in rat aortic rings, highlighting the protective and regulatory roles of an intact 

endothelium (Tang and Vanhoutte, 2008). Furthermore, endothelial cells 

communicate directly with VSMCs via myoendothelial gap junctions (MEGJs), 

facilitating the passage and influence of critical endothelium-derived mediators 

such as NO, PGI2, ET-1, and EDHF. These interactions underscore the integral role 
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of the endothelium as both a structural and functional component, central to 

vascular integrity and cardiovascular health (Chaytor et al., 2005, Billaud et al., 

2009, Sandow and Hill, 2000, Bryan Jr et al., 2005, Sandoo et al., 2010). 

1.2.2 Vascular smooth muscle layer (Tunica media) 

The tunica media, or vascular smooth muscle layer, predominantly comprises 

VSMCs interspersed with elastic fibres. These components are crucial for 

maintaining arterial wall integrity, regulating vascular tone, and facilitating 

vascular remodelling (Hu et al., 2019, Basatemur et al., 2019). VSMCs modulate 

vessel diameter and consequently blood pressure through coordinated contraction 

and relaxation processes. Contraction of these cells, induced by diverse stimuli 

such as hormonal (angiotensin II, ET-1), neural (noradrenaline), or mechanical 

factors, leads to narrowing of the vessel lumen and elevation of vascular 

resistance. Conversely, relaxation results in vessel dilation and decreased 

resistance, typically mediated by endothelium-derived NO diffusing into VSMCs 

and elevating cyclic guanosine monophosphate (cGMP) levels (Wilson, 2011, 

Walford and Loscalzo, 2003). VSMC contraction significantly modulates arterial 

diameter in muscular arteries and arterioles, whereas elastin produced by VSMCs 

is vital for elastic recoil in large arteries like the aorta. In smaller arteries and 

arterioles (resistance vessels), fewer elastic fibres are present, and VSMCs play a 

pivotal role in regulating peripheral vascular resistance and blood flow into 

capillary networks (Basatemur et al., 2019). 

Intracellular calcium (Ca2+) plays a central role in regulating VSMC contraction and 

relaxation. Increases in cytosolic Ca2+ concentration, either from extracellular 

influx through L-type voltage-gated calcium channels or via intracellular release 

from sarcoplasmic reticulum stores through inositol 1,4,5-trisphosphate (IP3) 

receptors, initiate contraction (Zhao et al., 2015b, Khalil, 2010). The Ca2+ binds 

to calmodulin, forming a complex that activates myosin light chain kinase (MLCK). 

MLCK phosphorylates myosin light chain (MLC), promoting actin-myosin cross 

bridge formation, thereby triggering cell shortening and smooth muscle 

contraction (Zhao et al., 2015b, Khalil, 2010). Conversely, VSMC relaxation is 

induced by mechanisms lowering intracellular Ca2+ levels. These mechanisms 

include closure of voltage-dependent calcium channels, calcium extrusion via 

sodium-calcium exchangers, and calcium sequestration within the sarcoplasmic 
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reticulum by the sarcoplasmic/endoplasmic reticulum Ca2+-ATPase (SERCA) pump. 

This reduction in Ca2+ concentration activates MLC phosphatase and inhibits MLCK, 

resulting in muscle relaxation (Touyz et al., 2018, Brozovich et al., 2016). 

Additionally, membrane potential significantly influences VSMC function through 

modulation of ion channel activity. Depolarisation of the cell membrane promotes 

calcium channel opening, increasing intracellular calcium concentration and 

thereby causing contraction. In contrast, hyperpolarisation, primarily mediated 

by potassium (K+) channel activation, facilitates muscle relaxation. K+ channels 

identified in VSMCs include ATP-sensitive (K+
ATP), voltage-dependent (Kv), inward 

rectifying (Kir), and calcium-activated (KCa) channels (Touyz et al., 2018). Beyond 

regulating tone, VSMCs exhibit remarkable phenotypic plasticity in response to 

pathological stimuli. Under such conditions, they transition from a contractile 

phenotype to a proliferative, migratory, or even myofibroblast-like phenotype, 

contributing to vascular repair following injury or inflammation. However, these 

same phenotypic shifts also play a central role in the development of vascular 

pathologies, including atherosclerosis (Chen et al., 2023a, Cao et al., 2022, Owens 

et al., 2004).   

Adrenergic receptors (ARs) are also highly expressed on VSMCs and play a central 

role in regulating vascular tone. Both α- and β-AR subtypes are present, each 

activating distinct signalling pathways. Classically, α1-ARs and α2-ARs mediate 

vasoconstriction through Gq- and Gi-dependent mechanisms that elevate 

intracellular Ca2+ or suppress adenylyl cyclase and activate hyperpolarising K⁺ 

currents (Gambardella et al., 2023). Among α1-subtypes, α1A- and α1D-ARs are the 

principal mediators of agonist-induced VSMC contraction, while α1B-AR 

contributes selectively to aortic and carotid vasoconstriction; α2-ARs also mediate 

strong constrictor responses to endogenous neurotransmitters and exogenous 

agonists (Docherty and McGrath, 1980, Daly et al., 2002, Hussain and Marshall, 

1997, Villalobos-Molina and Ibarra, 1996, Piascik et al., 1995, Muramatsu et al., 

1990). In contrast, β1-, β2-, and β3-ARs expressed on VSMCs promote vasodilation 

via adenylyl cyclase–cAMP signalling (Gambardella et al., 2023). The dominant 

subtype varies by vascular bed: β1-AR-dependent relaxation is prominent in 

mesenteric arteries, while aortic dilation is mediated mainly by β2-AR and 

endothelial β2/β3-ARs (Flacco et al., 2013). 
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1.2.3 Adventitia and perivascular adipose tissue (Tunica externa) 

The adventitia (tunica externa) is the outermost layer of blood vessel walls, 

composed primarily of connective tissue, fibroblasts, collagen fibres, and elastic 

fibres. It provides structural support and anchors vessels to surrounding tissues. 

Enveloping most systemic vessels, except capillaries and cerebral and pulmonary 

vessels, is perivascular adipose tissue (PVAT), a specialised adipose depot that 

modulates local vascular function (Hillock-Watling and Gotlieb, 2022, Queiroz and 

Sena, 2024). The detailed structure, function, and vascular roles of PVAT are 

discussed in Section 1.4.2. 

1.3 Cardiovascular disease and obesity 

Cardiovascular disease (CVD) remains one of the leading causes of morbidity and 

mortality worldwide and poses a major global health challenge. According to the 

World Health Organization (WHO, 2021), CVD is responsible for approximately 17.9 

million deaths annually. Obesity is a major contributor to CVD through mechanisms 

such as metabolic dysfunction, inflammation, and vascular impairment. 

Cardiovascular risk factors including type 2 diabetes mellitus (T2DM), 

dyslipidaemia, and hypertension are frequently observed in individuals with 

obesity (Powell-Wiley et al., 2021). The WHO defines overweight as a body mass 

index (BMI) between 25 and 29.9 kg/m², and obesity as a BMI of 30 kg/m² or 

greater (WHO, 2000). The Global Burden of Disease  Obesity Collaborators (2017) 

reported that 603.7 million adults were obese, with obesity rates doubling in 73 

countries between 1980 and 2015 and continuing to rise globally. Recent data 

indicate that adult obesity more than doubled globally from 1990 to 2022 (WHO, 

2025; Phelps et al. (2024)). An estimated 33% to 42% of the global population are 

currently overweight or obese (Islam et al., 2024). This widespread prevalence 

highlights the urgent need to better understand the mechanisms linking obesity to 

cardiovascular disease and to develop targeted therapeutic strategies. 

Although obesity is driven by an energy imbalance between caloric intake and 

expenditure, it is fundamentally a disorder of adipose tissue, involving excessive 

lipid storage, altered fat distribution, and metabolic dysfunction (Jeremic et al., 

2017, Reilly and Saltiel, 2017). Importantly, the phenotype and cardiometabolic 

consequences of obesity are significantly influenced by the regional distribution 
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of adipose tissue. Visceral and intra-abdominal fat depots are strongly associated 

with elevated cardiometabolic risk (Mathieu et al., 2009, Gesta et al., 2007) and 

PVAT is also implicated in obesity-related metabolic dysfunction (Nosalski and 

Guzik, 2017). In obesity, PVAT becomes dysfunctional, characterised by hypoxia, 

inflammation, and elevated oxidative stress, along with adipocyte abnormalities 

such as altered lipid metabolism, increased lipolysis, and reduced secretion of 

adipokines, including adiponectin. These changes contribute to a proinflammatory 

microenvironment and impaired regulatory function in vascular homeostasis 

(Stanek et al., 2021, Queiroz and Sena, 2024). In addition to PVAT dysfunction, 

obesity is associated with elevated circulating levels of sphingolipids in both 

humans and rodents. Among these, sphingosine-1-phosphate (S1P) and ceramides 

are involved in signalling pathways that contribute to metabolic syndrome and 

obesity-related complications (Lambert et al., 2018). The sphingolipid system, 

including the role of S1P, will be discussed in more detail in Section 1.6. 

1.4 Adipose tissue biology 

Adipose tissue (AT) is a dynamic and metabolically active organ composed of 

mature adipocytes and a stromal vascular fraction (SVF) that includes 

preadipocytes, vascular endothelial cells, fibroblasts, immune cells and stem cells 

(dos Santos Goldenberg and de Carvalho, 2023, Richard et al., 2020, Coelho et al., 

2013). While traditionally considered a passive reservoir for energy storage, AT is 

now recognised as an endocrine organ that secretes numerous biologically active 

molecules known as adipokines, such as leptin and adiponectin. These adipokines 

exert autocrine, paracrine, and endocrine effects, influencing physiological 

processes such as energy metabolism, insulin sensitivity, inflammation, vascular 

function, and immune responses (Fernández-Alfonso et al., 2013, Petersen and 

Shulman, 2018, Koenen et al., 2021). AT depots are typically classified based on 

both anatomical location, for example subcutaneous and visceral fat, and 

functional phenotype, including white, brown, and beige AT. 

1.4.1 White, brown, and beige adipose tissue 

AT is broadly categorised into three major types: white adipose tissue (WAT), 

brown adipose tissue (BAT), and beige adipose tissue. These types differ in their 

cellular structure, mitochondrial content, thermogenic capacity, and 
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physiological roles (Stanek et al., 2021, Li et al., 2020). The distribution and 

activity of WAT and BAT vary significantly depending on factors such as age, sex, 

genetic background, and environmental stimuli including temperature, diet, and 

physical activity (Cinti, 2011, Berryman and List, 2017).  

WAT is composed of unilocular adipocytes containing a single large lipid droplet 

occupying over 90% of cell volume and relatively few mitochondria. It is the 

predominant form of AT in adults and functions primarily in energy storage and 

endocrine signalling. WAT stores excess nutrients in the form of triglycerides and 

releases free fatty acids during periods of energy demand. It is also an active site 

of adipokine secretion, including leptin and adiponectin, which are central to 

metabolic regulation and systemic energy balance (Jeremic et al., 2017, Cinti, 

2011, Funcke and Scherer, 2019). In humans, WAT is predominantly located in 

subcutaneous depots, such as the thighs, waist, and abdomen, and in visceral 

depots, including omental, mesenteric, retroperitoneal, gonadal, pericardial, and 

perivascular regions (Chusyd et al., 2016, Zwick et al., 2018). In obesity, WAT 

undergoes significant remodelling, characterised by adipocyte hypertrophy and 

hyperplasia, along with increased infiltration of immune cells, particularly 

macrophages. This remodelling leads to enhanced secretion of pro-inflammatory 

mediators, including interleukin-1β (IL-1β), interleukin-6 (IL-6), tumour necrosis 

factor-α (TNF-α), leptin, and monocyte chemoattractant protein-1 (MCP-1). These 

changes contribute to a sustained inflammatory environment that disrupts 

adipokine balance by suppressing adiponectin production and promoting 

metabolic disturbances such as insulin resistance, cardiovascular disease, and the 

metabolic syndrome (Koenen et al., 2021, Kwaifa et al., 2020). 

BAT is composed of multilocular adipocytes rich in mitochondria and is primarily 

involved in non-shivering thermogenesis through the action of uncoupling protein 

1 (UCP-1). This protein facilitates heat generation by uncoupling the 

mitochondrial proton gradient from ATP synthesis (Machado et al., 2022, Cannon 

and Nedergaard, 2004). BAT depots are most abundant in neonates but have been 

identified in adults, particularly in supraclavicular, suprarenal, perirenal, 

periovarian, cervical, and mediastinal regions, as well as around large vessels such 

as the thoracic aorta (Jeremic et al., 2017, Gil-Ortega et al., 2015, Hildebrand et 

al., 2018). In rodents, interscapular BAT is a well-characterised depot and 

commonly used in experimental models (Lidell et al., 2013). BAT also plays a role 
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in metabolic homeostasis by promoting lipid clearance, releasing BATokines, 

reducing insulin resistance, and improving glucose metabolism (van Marken 

Lichtenbelt et al., 2009, Gil-Ortega et al., 2015, Hildebrand et al., 2018). 

However, BAT activity is markedly reduced in overweight and obese individuals, 

often accompanied by diminished thermogenic capacity. Resting metabolic rate 

has been shown to positively correlate with BAT mass, underscoring its role in 

energy expenditure (van Marken Lichtenbelt et al., 2009). Accordingly, BAT 

activation has garnered attention as a potential therapeutic target for obesity and 

its related metabolic disorders, including T2DM. Enhancing the amount or activity 

of brown adipocytes has been associated with improved metabolic outcomes and 

greater resistance to obesity in animal studies (Cederberg et al., 2001, Kim et al., 

2005). 

Beige adipocytes, also known as brite (brown-in-white) cells, are inducible 

thermogenic adipocytes located within WAT depots (Chait and Den Hartigh, 2020, 

Li et al., 2022). They exhibit a phenotype that shares features of both white and 

brown adipocytes, including multilocular lipid droplets, increased mitochondrial 

content, and expression of UCP-1 in response to stimuli such as prolonged cold 

exposure or β-adrenergic activation (Harms and Seale, 2013, Rosenwald et al., 

2013, Bargut et al., 2017, Cuevas-Ramos et al., 2019). Unlike classical brown 

adipocytes, which originate from Myf5+ myogenic precursors, beige adipocytes are 

thought to derive either from smooth muscle-like pericytes or through 

transdifferentiation of mature white adipocytes in a process known as browning 

(Park et al., 2014a, Harms and Seale, 2013, Long et al., 2014). These cells are 

more prevalent in subcutaneous WAT and contribute to energy expenditure, 

thermogenesis, and improved metabolic regulation (Chait and Den Hartigh, 2020). 

Browning capacity varies by fat depot, with subcutaneous WAT showing greater 

propensity for beige adipocyte recruitment than visceral WAT, likely due to higher 

expression of PRDM16, a transcriptional co-regulator that promotes brown and 

beige adipocyte differentiation, and other thermogenic regulators in 

subcutaneous fat (Bargut et al., 2017, Li et al., 2021, Hondares et al., 2011). 

Although beige adipocytes have demonstrated metabolic benefits in animal 

models, their functional significance in human physiology remains an active area 

of research. 
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1.4.2 Perivascular adipose tissue (PVAT) 

Perivascular adipose tissue (PVAT) is a specialised adipose depot that surrounds 

most systemic blood vessels, including the aorta and arteries such as the carotid, 

coronary, and mesenteric arteries, but is absent around capillaries, cerebral and 

pulmonary vessels (Hillock-Watling and Gotlieb, 2022, Queiroz and Sena, 2024). 

PVAT is anatomically positioned adjacent to the adventitia; although no physical 

barrier demarcates these layers, structural differences between them have been 

identified (Szasz et al., 2013). Initially regarded as a passive mechanical support 

tissue, PVAT was historically removed during vascular studies under the 

assumption that it merely interfered with the diffusion of pharmacological agents 

(Oriowo, 2015). This view began to change in 1991 when Soltis and Cassis 

demonstrated that PVAT attenuated noradrenaline-induced contraction in rat 

aortic rings, suggesting a functional role in modulating vascular tone (Soltis and 

Cassis, 1991). 

Today, PVAT is recognised as an active endocrine, paracrine, and autocrine organ 

capable of releasing numerous bioactive substances that influence vascular 

homeostasis (Szasz and Webb, 2012). Its integral modulatory role in cardiovascular 

function has been increasingly recognised (Cheng et al., 2018). PVAT is primarily 

composed of adipocytes, but also contains immune cells, fibroblasts, endothelial 

cells, and components of the stromal vascular fraction (Nosalski and Guzik, 2017, 

Chang et al., 2020b). These diverse cellular elements endow PVAT with the 

capacity to secrete a range of adipokines and inflammatory mediators that 

contribute to vascular regulation. 

PVAT exhibits significant heterogeneity in cellular composition and function 

depending on anatomical location and species (Kim et al., 2020). It may consist of 

WAT, BAT, or a mixture of both. For instance, rodent mesenteric PVAT is 

composed predominantly of WAT, while thoracic aortic PVAT more closely 

resembles BAT (Gálvez-Prieto et al., 2008, Barp et al., 2020, Gil-Ortega et al., 

2015). In mixed aortic PVAT, characteristic features of BAT are observed, 

including multilocular adipocytes and the expression of UCP-1 (Fitzgibbons et al., 

2011). Conversely, mesenteric PVAT lacks UCP-1 expression and exhibits lower 

vascularisation (Cinti, 2011). Heterogeneity can even exist within the same blood 

vessel: thoracic PVAT is enriched in brown adipocytes, while abdominal PVAT 
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contains primarily white adipocytes with fewer brown cells (Victorio et al., 2016, 

Brown et al., 2014, Padilla et al., 2013). 

These regional and structural differences correlate with functional distinctions. 

Thoracic PVAT has been associated with BAT-like properties such as thermogenesis 

and higher resistance to inflammation, whereas abdominal PVAT demonstrates a 

greater pro-inflammatory profile and responsiveness to high-fat diets, indicating 

a more atherogenic phenotype (Padilla et al., 2013, Reynés et al., 2019, 

Fitzgibbons et al., 2011). Gene expression studies have confirmed that PVAT 

expresses lower levels of lipid metabolism and adipocyte differentiation markers, 

such as PPARγ, C/EBPα, and FABP4, compared with subcutaneous and visceral fat 

(Chatterjee et al., 2009, Adachi et al., 2022, Hu et al., 2021), further emphasising 

its distinct identity. Critically, PVAT is believed to originate from unique 

progenitor cells distinct from those of other adipose tissues, reinforcing its close 

developmental and functional association with the vascular system (Qi et al., 

2018). Taken together, the structural, molecular, and functional features of PVAT 

underscore its significance as an active and highly specialised component of the 

cardiovascular system. 

1.4.2.1 PVAT-derived mediators 

PVAT significantly influences vascular function by releasing a diverse range of 

biologically active mediators, including adipokines, cytokines, reactive oxygen 

species (ROS), and gaseous molecules (Chang et al., 2020b, Almabrouk et al., 

2014). These mediators include adiponectin, hydrogen sulphide (H₂S), NO, and 

superoxide (O₂–) (Simonsen and Boedtkjer, 2016, Chang et al., 2020b, Szasz et al., 

2013). The secretory profile of PVAT varies significantly depending on its 

anatomical location. For example, thoracic aortic PVAT releases higher levels of 

NO than abdominal aortic PVAT (Hwej et al., 2024, Victorio et al., 2016). Similarly, 

in mice, aortic PVAT secretes lower amounts of adiponectin, leptin, and resistin 

compared to subcutaneous and visceral AT (Chatterjee et al., 2009). PVAT also 

expresses components of the renin–angiotensin system (RAS) in a depot-specific 

manner. In Wistar Kyoto (WKY) rats, mesenteric PVAT demonstrates higher levels 

of angiotensin AT1a and AT2 receptors, angiotensin II, and chymase, but lower 

prorenin receptor expression compared to aortic PVAT, further modulating 

regional vascular responses (Gálvez-Prieto et al., 2008). 
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Beyond its secretory diversity and regional specialisation, PVAT also contributes 

to immune regulation and vascular remodelling through the release of both 

inflammatory mediators and growth factors. It secretes anti-inflammatory 

mediators such as adiponectin and adrenomedullin (Fésüs et al., 2007, Rajsheker 

et al., 2010), alongside pro-inflammatory adipokines including leptin, IL-6, IL-8, 

MCP-1, and TNF-α (Szasz and Webb, 2012, Şahin and Bariskaner, 2007). In addition 

to modulating inflammation, PVAT influences vascular structure through the 

secretion of growth factors that regulate VSMC proliferation and migration. These 

include thrombospondin-1, serpin-E1, transforming growth factor-beta (TGF-β), 

vascular endothelial growth factor (VEGF), platelet-derived growth factor-BB 

(PDGF-BB), and placental growth factor (PLGF), which have been implicated in 

the development of vascular pathologies such as hypertension, atherosclerosis, 

and aneurysm formation (Chang et al., 2020b, Siegel-Axel et al., 2014, Rittig et 

al., 2012). 

In summary, the PVAT secretome consists of a diverse range of bioactive 

substances that can be classified into six main functional groups. First, adipokines 

and adipocyte-derived proteins such as adiponectin, leptin, nesfatin and omentin 

are crucial for maintaining metabolic balance and vascular function. Second, 

inflammatory mediators, including cytokines and chemokines like TNF-α, IL-6, IL-

8, and MCP-1, are central to immune signalling and vascular inflammation. Third, 

gaseous signalling molecules and oxidative species, including NO, H₂S, and 

hydrogen peroxide (H₂O₂), play roles in redox balance and endothelial function. 

Fourth, vasoactive peptides such as angiotensin II and angiotensin 1–7 contribute 

to the regulation of vascular tone and remodelling. Fifth, lipid-derived molecules, 

particularly free fatty acids released via lipolysis, exert paracrine and autocrine 

effects on vascular cells and lastly, PVAT generates steroid hormones like cortisol 

and oestradiol, which modulate vascular responses and systemic metabolic 

processes (Szasz and Webb, 2012, Akoumianakis et al., 2017). The functional 

balance among these mediators is essential for vascular homeostasis, and 

disturbances in this profile are closely associated with cardiovascular 

complications in obesity, hypertension, and diabetes (Nosalski and Guzik, 2017, 

Mitidieri et al., 2022).  
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1.4.2.2 Adrenergic innervation and adrenoceptor expression in PVAT 

Sympathetic noradrenergic signalling is a key regulator of adipose tissue function. 

All major adrenoceptor subclasses (α1, α2, β1, β2 and β3) are expressed on 

adipocytes, where they differentially control lipolysis, glucose metabolism and 

thermogenesis (Lafontan and Berlan, 1993). In brown adipocytes, α1-

adrenoceptors couple to Gq and activate PKC which contributes to thermogenic 

responses, whereas in white adipocytes α1-adrenoceptor stimulation promotes 

glycogenolysis (Lafontan and Berlan, 1993). By contrast, α2-adrenoceptors which 

are particularly abundant in WAT, are Gi-coupled inhibitory receptors that 

suppress adenylate cyclase activity, reduce cAMP and thereby limit lipolysis 

(Lafontan and Berlan, 1993). All three β-adrenoceptor subtypes are highly 

expressed in both WAT and BAT, where Gs–cAMP signalling drives lipolysis and, in 

brown and beige adipocytes, activates UCP-1-dependent thermogenesis (Lafontan 

and Berlan, 1993, Deng et al., 1996, Matthias et al., 2000). Within PVAT, 

adipocytes, sympathetic nerves and stromal vascular cells together form a local 

adrenergic system capable of synthesising, releasing, taking up and metabolising 

noradrenaline (Ayala‐Lopez et al., 2014, Ayala‐Lopez and Watts, 2017). 

Fluorescent ligand binding studies in mouse mesenteric PVAT have demonstrated 

the presence of both α- and β-adrenoceptors on PVAT cells (Bulloch and Daly, 

2014). In addition to adipocytes, adrenoceptors are also expressed on PVAT-

resident immune cells, including macrophages, lymphocytes and mast cells, 

providing further pathways through which sympathetic signalling can modulate 

inflammatory tone and influence vascular function (Abrass et al., 1985, Chi et al., 

2003, Vida et al., 2011, Ayala‐Lopez and Watts, 2017). Collectively, these findings 

indicate that PVAT is not only a passive target of sympathetic activity but also an 

active adrenergic organ that integrates neural inputs with local adipokine and 

cytokine release to regulate vascular tone. 

1.4.2.3 PVAT regulation of vascular tone: anticontractile and contractile 
actions 

PVAT is an active paracrine modulator of vascular tone due to its proximity to the 

vascular adventitia. Through secretion of vasoactive molecules, PVAT interacts 

with VSMCs and ECs, contributing to vascular homeostasis (Kim et al., 2020, Chang 

et al., 2020b). PVAT exhibits regional and depot-specific effects on vascular tone, 

demonstrated in mice, where thoracic aortic PVAT significantly attenuated 
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phenylephrine-induced vasoconstriction, an effect not seen with abdominal aortic 

PVAT. This effect correlated with higher expression of endothelial nitric oxide 

synthase (eNOS) and increased NO bioavailability in the thoracic region (Hwej et 

al., 2024, Victorio et al., 2016), reinforcing the concept of PVAT phenotypic 

heterogeneity (Gil-Ortega et al., 2015). The anticontractile nature of PVAT was 

first described by Soltis and Cassis (1991) in male Sprague-Dawley (SD) rat aortic 

rings, where intact PVAT attenuated norepinephrine-induced contraction and was 

initially attributed to enhanced sympathetic reuptake of norepinephrine. 

Subsequent work by Löhn et al. (2002) showed that in male SD rats, thoracic aortic 

rings with intact PVAT exhibited reduced contractile responses to phenylephrine, 

serotonin, and angiotensin II. This effect suggested the presence of a transferable 

adventitia-derived relaxing factor (ADRF), which was later reclassified as PVAT-

derived relaxing factors (PVRFs) as they originated from PVAT itself (Szasz and 

Webb, 2012). The transferable nature of PVRFs has been validated in various 

studies using PVAT-conditioned solutions that induce relaxation in precontracted, 

PVAT-free vascular segments (Verlohren et al., 2004, Fésüs et al., 2007, Gao et 

al., 2007, Lu et al., 2011, Greenstein et al., 2009, Almabrouk et al., 2017). 

Identified PVRFs include adiponectin, leptin, H₂O₂, H₂S, omentin, methyl 

palmitate, prostacyclin, angiotensin 1–7 and NO (Tong et al., 2023, Victorio et al., 

2016, Lee et al., 2011). 

PVAT mediates vasorelaxation through both endothelium-dependent and 

independent mechanisms. Endothelium-dependent relaxation involves PVRFs 

stimulating eNOS in ECs, enhancing NO production which then activates soluble 

guanylate cyclase (sGC) in VSMCs, raising cGMP levels (Kim et al., 2020). 

Adiponectin, secreted by PVAT, plays a central role through the PI3K–Akt and AMP-

activated protein kinase (AMPK) pathways that enhance eNOS phosphorylation 

(Almabrouk et al., 2017, Antoniades et al., 2009, Chen et al., 2003). Moreover, 

adiponectin contributes to vasorelaxation in murine mesenteric arteries by 

stimulating AdipoR1 receptors on ECs (Lynch et al., 2013). Additionally, apelin, 

another PVAT-derived adipokine, has been shown to enhance NO-dependent 

vasorelaxation both in vitro and in vivo, particularly in splanchnic and peripheral 

human arteries (Salcedo et al., 2007). In contrast, endothelium-independent 

effects are mediated by direct action of PVRFs on VSMC ion channels. In male SD 

rats, PVAT-induced relaxation in thoracic aorta involves K+
ATP channels and 
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tyrosine kinase activation, functioning in a Ca²+-dependent manner (Löhn et al., 

2002). In Wistar rats, thoracic aortic relaxation is attributed to KCa channel 

activation and H₂O₂-stimulation of sGC (Gao et al., 2007). Kv channel-mediated 

relaxation has been observed in mesenteric arteries of SD rats and thoracic aorta 

of Wistar Kyoto rats (Verlohren et al., 2004, Lee et al., 2011). In human internal 

thoracic arteries, KCa channels also contribute to the anticontractile response (Gao 

et al., 2005). Additionally, adiponectin induces vasorelaxation in aortic and 

mesenteric vessel rings via opening Kv and large-conductance Ca²+-activated K⁺ 

(BKCa) channels (Fésüs et al., 2007, Weston et al., 2013, Lynch et al., 2013). 

Moreover, electrical field stimulation (EFS) of mesenteric arteries evokes an 

endothelium-independent anticontractile effect that depends partly on 

adiponectin derived from PVAT (Saxton et al., 2018). In addition, PVAT releases 

methyl palmitate, which modulates neurogenic (sympathetic–sensory interaction–

mediated) vasorelaxation (Chang et al., 2020a). This diversity reflects the 

complexity of PVAT’s regulatory role on vascular tone.   

Concomitantly, PVAT also releases a range of contractile mediators, collectively 

referred to as PVAT-derived contracting factors (PVCFs). These include pro-

inflammatory cytokines and vasoactive substances such as resistin, IL-6, TNF-α, 

leptin, angiotensin II, O₂–, calpastatin, chemerin, catecholamines, prostaglandins 

and COX-derived vasoconstrictor prostanoids (Gao et al., 2007, Ramirez et al., 

2017, Meyer et al., 2013, Kumar et al., 2019, Ferland et al., 2017, Owen et al., 

2013, Ayala‐Lopez et al., 2014, Valentini et al., 2023, Cheng et al., 2018). 

Notably, mediators such as H₂O₂, H₂S, prostanoids and leptin can exert dual 

actions, producing vasodilation or vasoconstriction depending on concentration, 

contractile state of the vessel, the vascular bed involved and pathological 

conditions (Santiago et al., 2016, Tong et al., 2023, Ahmed et al., 2023, 

Mendizábal et al., 2013, Quehenberger et al., 2002, Cacanyiova et al., 2019). 

It is now well established that potassium channels are expressed in adipose tissue 

and adipocytes and contribute importantly to the anticontractile actions of PVAT. 

Human and rodent white adipocytes display prominent voltage-dependent K+ 

currents, consistent with functional Kv channel expression on the adipocyte 

membrane (Ramırez-Ponce et al., 1996, Ramirez-Ponce et al., 2003). In vascular 

studies, PVRFs open smooth-muscle K+ channels, including KATP, Ca2+-activated K+ 
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(KCa) and delayed-rectifier Kv channels, to hyperpolarise VSMCs and limit Ca2+ 

entry (Oriowo, 2015, Lynch et al., 2013). Furthermore, pharmacological and 

genetic studies in small arteries identify XE991-sensitive KCNQ (Kv7.3–7.5) 

channels and BKCa channels as critical downstream targets of PVAT; blockade or 

deletion of these channels abolishes the anticontractile effect of PVAT, whereas 

KCNQ channel openers can restore PVAT-mediated relaxation in hypertensive and 

obese models (Lynch et al., 2013, Tano et al., 2014, Wang et al., 2021). Together, 

PVAT-derived mediators modulate vascular tone primarily through activation of 

defined K⁺-channel subtypes in both adipocytes and adjacent VSMCs. 

In conclusion, PVAT plays a pivotal and dynamic role in the regulation of vascular 

tone. Its anticontractile effects, primarily mediated by adiponectin, NO, and other 

PVRFs, promote vasodilation. Simultaneously, PVAT also produces PVCFs, which 

contribute to maintaining vascular homeostasis. The overall impact of PVAT on 

vascular tone depends on the balance between its vasodilatory and 

vasoconstrictive influences. Despite significant advancements, the precise 

mechanisms by which PVAT modulates vascular relaxation and contraction remain 

incompletely understood. Additionally, the full spectrum of vasoactive compounds 

produced by PVAT has yet to be fully elucidated, highlighting the need for further 

research in this area. 

1.4.2.4 Adiponectin 

Adiponectin is a 30 kDa protein hormone produced exclusively by adipose tissue 

and was first discovered in 1995 through subtractive hybridization studies that 

aimed to identify genes involved in adipocyte differentiation (Scherer et al., 

1995). Initially detected in human plasma and differentiated 3T3-L1 adipocytes 

(Scherer et al., 1995, Nakano et al., 1996), adiponectin has since become a key 

focus in metabolic research due to its broad effects on insulin sensitivity, 

inflammation, and cardiovascular health (Sowka and Dobrzyn, 2021). Before the 

1996 discovery that adiponectin mRNA expression is reduced in obesity, it was not 

widely recognised that adipose tissue could produce a hormone with insulin-

sensitising properties (Combs and Marliss, 2014, Hu et al., 1996). Adiponectin 

exists predominantly in two isoforms: a full-length form and a globular fragment, 

with different biological activities that are still  to be fully investigated (Kadowaki 

and Yamauchi, 2005, Kadowaki et al., 2006). Despite being rapidly cleared by the 
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liver, adiponectin is highly stable, maintaining relatively steady plasma levels with 

a short half-life of 45–75 minutes (Halberg et al., 2009b). 

The effects of adiponectin are primarily mediated through two classical receptors, 

AdipoR1 and AdipoR2. Although they contain seven transmembrane domains 

similar to G-protein-coupled receptors (GPCRs), they are structurally distinct 

because their N-terminus is located intracellularly and their C-terminus 

extracellularly, which is the reverse orientation of typical GPCRs (Yamauchi et al., 

2003). AdipoR1 is predominantly expressed in skeletal muscle, while AdipoR2 is 

enriched in the liver (Kadowaki et al., 2006). These receptors are also expressed 

in human and rodent adipose tissues and in 3T3-L1 adipocytes as well as in various 

metabolically active cells like immune cells, hepatocytes and neurons (Kadowaki 

et al., 2006, Wang et al., 2020b, Fry et al., 2006, Żelechowska et al., 2019, Pang 

and Narendran, 2008). A third adiponectin-binding protein, T-cadherin, is 

expressed predominantly in cardiovascular tissues and binds high-molecular-

weight and hexameric adiponectin isoforms. However, due to its lack of an 

intracellular signalling domain, it is not considered a classical receptor (Hug et 

al., 2004, Denzel et al., 2010). Adiponectin binding to AdipoRs activates key 

downstream signalling pathways, particularly AMPK and PPAR alpha (PPARα), to 

exert anti-diabetic effects. This signalling is enhanced by APPL1, an adaptor 

protein, which promotes glucose uptake and insulin sensitivity via insulin receptor 

substrate 1 (IRS-1)(Luo and Liu, 2022). Osmotin, an adiponectin homolog, also 

activates AdipoRs to reduce abdominal fat accumulation in high-fat diet-fed mice 

(Jo et al., 2019). 

Adiponectin shows a wide range of protective properties, including anti-

inflammatory (Huang et al., 2008), anti-fibrotic (Shafiei et al., 2011), anti-

apoptotic (Ye et al., 2014), and anti-lipotoxic effects (Xu et al., 2003), in addition 

to reducing ceramide accumulation and enhancing insulin sensitivity (Holland et 

al., 2010). In obese diabetic KKAy mice fed a high-fat diet, both adiponectin and 

its receptor mRNA expression in adipose tissues were significantly downregulated, 

which correlated with reduced insulin sensitivity (Yamauchi et al., 2001, Tsuchida 

et al., 2005). Furthermore, adiponectin knockout mice exhibit increased 

susceptibility to diet-induced insulin resistance, likely through increased TNF-α 

levels that impair insulin signalling through reduced fatty acid transport protein 1 

(FATP-1) mRNA and IRS-1 expression (Maeda et al., 2002). Clinically, circulating 
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adiponectin levels are modulated by sex, pregnancy, and pathological conditions. 

Women and pregnant individuals generally exhibit higher levels (Combs et al., 

2003), while reductions are observed in hypertension, coronary artery disease, 

metabolic syndrome, and diabetes (Yamauchi et al., 2001, Kumada et al., 2003, 

Chow et al., 2007, Salmenniemi et al., 2004).  

Beyond metabolic regulation, adiponectin plays a critical role in vascular biology. 

It inhibits the proliferation and migration of vascular smooth muscle cells by 

binding directly to PDGF-BB and blocking ERK signalling, a pathway involved in 

atherosclerosis development (Arita et al., 2002). Moreover, as discussed in Section 

1.4.2.2, adiponectin promotes vasodilation through both endothelium-dependent 

mechanisms, primarily via increased NO production, and endothelium-

independent pathways, such as the activation of vascular smooth muscle 

potassium channels. Furthermore, the essential role of adiponectin in vascular 

homeostasis and blood pressure regulation is underscored by studies in 

adiponectin-deficient mice, which display elevated blood pressure (Ouchi et al., 

2003, Ouchi et al., 2006). Overall, adiponectin functions as a crucial endocrine 

mediator linking adipose tissue with systemic metabolic, vascular, and 

inflammatory pathways. 

1.5 Hypoxia and inflammation in adipose tissue: PVAT’s 
role in metabolic and vascular dysfunction 

1.5.1 PVAT in metabolic and cardiovascular disease 

Dysfunctional PVAT has been implicated in a range of vascular diseases, including 

obesity, T2DM, atherosclerosis, and hypertension (Nosalski and Guzik, 2017). In 

many pathological states PVAT undergoes significant structural and functional 

changes. These include adipocyte hypertrophy, hypoxia, increased fibrosis, and 

dysregulated adipokine secretion, which collectively result in its dysfunction 

(Saxton et al., 2019a, Greenstein et al., 2009, Kim et al., 2019, Saxton et al., 

2021). In obesity, PVAT secretes higher levels of inflammatory mediators such as 

TNF-α and IL-6, while the production of protective adipokines like adiponectin is 

significantly reduced (Saxton et al., 2021, Weisberg et al., 2003, Cai et al., 2023). 

This imbalance between pro- and anti-inflammatory factors contributes to 

endothelial dysfunction, reduced NO bioavailability, and impaired vasodilation, 
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thereby promoting hypertension and atherosclerosis (Chang et al., 2020b, Gálvez-

Prieto et al., 2008, Quesada et al., 2018). 

Furthermore, PVAT plays a critical role in vascular angiogenesis by releasing 

numerous angiogenic factors; thus, defects in PVAT signalling may be closely 

linked to the development of CVDs such as atherosclerosis and obesity-related 

vascular dysfunction (Mitidieri et al., 2022). In apolipoprotein E-deficient (ApoE–

/–) mice, inflammation within PVAT has been shown to precede both endothelial 

dysfunction and the development of atherosclerotic plaques (Skiba et al., 2017). 

High-fat diet (HFD) models in mice show a 70% reduction in adiponectin levels in 

PVAT and a complete loss of its anticontractile effect, a finding also confirmed in 

human subcutaneous arteries from obese patients (Aghamohammadzadeh et al., 

2013, Almabrouk et al., 2018). Notably, this effect was reversed six months after 

bariatric surgery or treatment with antioxidant enzymes such as superoxide 

dismutase and catalase (Aghamohammadzadeh et al., 2013). These effects are 

partially attributed to increased oxidative stress, driven by elevated ROS 

production and impaired antioxidant defences (Qi et al., 2018, Queiroz and Sena, 

2024).  

PVAT dysfunction also plays a pivotal role in insulin resistance and metabolic 

disease. The inflammatory adipokines secreted by dysfunctional PVAT impair 

insulin signalling pathways, contributing to systemic insulin resistance, a core 

feature of T2DM (Gálvez-Prieto et al., 2012, Antonopoulos et al., 2015).  The shift 

towards a proinflammatory immune profile within PVAT, including increased M1 

macrophage infiltration, further exacerbates vascular inflammation and 

contributes to VSMC proliferation, migration and extracellular matrix remodelling 

(Chang et al., 2020b, Azul et al., 2020, Cai et al., 2023). In diabetes, thoracic 

PVAT contributes to inflammation through elevated expression of inflammatory 

markers such as CD36 and CCL2 (Azul et al., 2020). In diabetic db/db mice, 

whitening of PVAT and loss of UCP1 expression correlate with elevated 

cardiovascular risk (Wang et al., 2020a). 

Importantly, therapeutic strategies targeting PVAT have demonstrated the 

potential to reverse its dysfunction. Bariatric surgery in obese patients not only 

restores the anticontractile function of PVAT but also increases adiponectin levels, 

improves NO bioavailability, and reduces inflammatory cell infiltration 
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(Aghamohammadzadeh et al., 2013). Similar benefits have been observed with 

dietary interventions that result in weight loss, with decreases in PVAT 

inflammation and enhanced endothelial NO synthase activity (Bussey et al., 2016, 

Emanuel et al., 2020). Furthermore, regular exercise restores PVAT anti-

contractile function, reduces PVAT inflammation, increases β₃-adrenoceptor and 

organic cation transporter 3 (OCT3) expression, and improves systemic metabolic 

indices (blood glucose, plasma insulin); it also rescues adiponectin-mediated 

vasodilation (Saxton et al., 2021). These findings underline the importance of 

PVAT as a modifiable component in cardiometabolic disease and suggest that 

restoring its physiological function may provide a novel way for improving vascular 

health and reducing cardiovascular risk.  

1.5.2 Inflammatory processes in PVAT 

Inflammation within PVAT is a central mechanism linking metabolic disorders to 

cardiovascular dysfunction. In health, PVAT maintains an anti-inflammatory 

immune environment dominated by M2 macrophages and regulatory cells. 

However, obesity and insulin resistance drive a phenotypic shift towards 

proinflammatory M1 macrophages, leading to immune cell accumulation and local 

cytokine production. Macrophages in obese PVAT can constitute up to 50% of the 

immune cell population, compared to only 5–10% in lean tissue (Weisberg et al., 

2003, Zeyda and Stulnig, 2007). This infiltration is mediated through several 

signalling pathways, including Toll-like receptor 4 (TLR4) activation, enhancing 

macrophage recruitment in obese patients and obese mouse AT (Saberi et al., 

2009, Catalan et al., 2012). M1 macrophages then secrete TNF-α, IL-6, IL-1β, and 

iNOS, which promote systemic inflammation, impair insulin signalling, and 

compromise endothelial function (Zeyda and Stulnig, 2007, Weisberg et al., 2003, 

Schaffler et al., 2006). Moreover, inducible nitric oxide synthase (iNOS) expression 

is upregulated in the AT of obese humans and mice as well as diabetic mice, and 

its activity has been linked to mitochondrial dysfunction, reduced adiponectin 

synthesis, and impaired glucose uptake in 3T3-L1 adipocytes (Fite et al., 2015, 

Jeon et al., 2012, Jayarathne et al., 2018, Fujimoto et al., 2005, Engeli et al., 

2004). Knockout or pharmacological inhibition of iNOS in high-fat diet (HFD) 

models improves insulin sensitivity and reduces inflammation, underlining its 

pathogenic role (Vilela et al., 2022, Dallaire et al., 2008, Tsuchiya et al., 2007). 
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Depot-specific immune responses have also been observed in PVAT. For example, 

in hypertensive models such as Dahl salt-sensitive rats, thoracic and mesenteric 

PVAT exhibit divergent inflammatory profiles, including hyperactivation of 

regulatory T cells (Tregs) and M2 macrophages (Kumar et al., 2021). In addition to 

macrophages, other immune cell subsets, including T cells, mast cells, monocytes 

and dendritic cells, also infiltrate PVAT under pathological conditions like obesity 

(Cai et al., 2023, Queiroz and Sena, 2024). These cells contribute to the 

proinflammatory microenvironment through the release of cytokines, chemokines 

such as CCL2, and adipokines like visfatin, leptin, and resistin, thereby amplifying 

inflammatory signalling and promoting vascular dysfunction (Queiroz and Sena, 

2024). In summary, chronic low-grade inflammation within PVAT, especially in 

obesity and metabolic disease, is a critical contributor to vascular pathology. 

1.5.3 Hypoxia in expanding adipose tissue 

The onset of hypoxia within AT, particularly in PVAT, marks a pivotal transition 

from metabolically stressed adipose expansion to the development of vascular 

pathology. A central component of this transition is AT remodelling, a dynamic 

process supported by the tissue's inherent plasticity. Adipokines, secreted by 

adipocytes, mediate complex autocrine, paracrine, and endocrine signalling 

networks that regulate metabolic homeostasis and affect distant organs including 

the brain, liver, and muscle (Lee et al., 2019). In response to nutritional 

fluctuations and physiological demands, AT undergoes extensive remodelling 

involving coordinated changes in all resident cell types and tissue architecture to 

maintain health and accommodate growth (Huynh et al., 2025). AT expansion 

occurs via two primary mechanisms: hypertrophy, defined by the enlargement of 

existing adipocytes due to triacylglycerol (TAG) accumulation, and hyperplasia, 

marked by an increase in adipocyte number through de novo adipogenesis from 

precursor cells (Choe et al., 2016). While both modes contribute to overall adipose 

mass, hypertrophic growth is particularly implicated in the onset of local tissue 

hypoxia, which may impair vascular function and further exacerbate metabolic 

dysfunction. The interplay between hypertrophy and hyperplasia is governed by 

environmental and genetic factors, though the specific molecular regulators of 

this balance remain under active investigation (Huynh et al., 2025). 
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1.5.3.1 Mechanisms linking adipose expansion to hypoxia development 

The shift from a well-oxygenated adipose environment to a hypoxic state during 

obesity-associated tissue expansion is driven by a combination of physical, 

vascular, and metabolic constraints. One of the primary mechanisms is the 

limitation of oxygen diffusion in enlarged adipocytes. Physiologically, the oxygen 

diffusion limit in tissues is approximately 100–200 µm (Brahimi-Horn and 

Pouysségur, 2007, Place et al., 2017), yet in both human and murine WAT, 

adipocyte diameters often exceed this threshold, reaching 150–200 µm in humans 

and surpassing 200 µm in obese mice (Skurk et al., 2007). It has been demonstrated 

that the partial pressure of oxygen (PO₂) may drop close to zero at distances just 

100 µm from the vasculature (Folkman et al., 2000, Brahimi-Horn and Pouysségur, 

2007). Despite the massive increase in adipose mass in obesity, the relative blood 

flow and proportion of cardiac output allocated to the tissue do not increase 

(Trayhurn, 2013). Moreover, postprandial increases in AT perfusion observed in 

lean individuals are notably absent in those with obesity (Goossens et al., 2011). 

Vascular insufficiency further compounds this issue. Rapid adipose expansion, 

particularly via hypertrophy, is not matched by proportional increases in 

angiogenesis or capillary density. Studies in obese humans have shown 30–40% 

reductions in AT blood flow compared to lean individuals, alongside significantly 

decreased capillary density (Bolinder et al., 2000, Halberg et al., 2009a, Sun et 

al., 2012). This imbalance leads to reduced oxygen availability and lower PO₂ 

levels in the tissue. Measurements in both diet-induced and genetically obese 

(ob/ob) mice demonstrate that AT PO₂ can drop to 8–20 mmHg, compared to 27–

40 mmHg in lean controls (Rausch et al., 2008, Sun et al., 2013, Ye et al., 2007). 

Human studies have similarly shown a decline, with obese subjects averaging PO₂ 

levels of 47 mmHg versus 55 mmHg in lean individuals (Pasarica et al., 2009). 

In addition to structural constraints, metabolic dysfunction within adipocytes 

exacerbates local hypoxia. Obese adipocytes frequently exhibit heightened 

oxygen consumption due to mitochondrial alterations. Elevated levels of free fatty 

acids can activate adenine nucleotide translocase 2 (ANT2), a protein typically 

involved in BAT thermogenesis, resulting in uncoupled mitochondrial respiration 

and excessive oxygen use (Lefere et al., 2016, Lee et al., 2014). Hypoxia in AT has 

been confirmed by various methods, including pimonidazole staining, direct 
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oxygen tension measurement, and lactate/HIF-1α quantification in tissue biopsies 

(Lolmede et al., 2003, Huynh et al., 2025, Aguilera and Brekken, 2014, Ow et al., 

2019). Notably, BAT is also susceptible to hypoxia in obesity. Shimizu et al. (2014) 

reported severe reductions in PO₂ (<15 mmHg) in BAT of diet-induced obese mice 

compared to levels around 50 mmHg in lean controls, likely due to BAT’s 

inherently higher oxygen demands. This suggests that, despite differences in 

function and structure, both WAT and BAT are vulnerable to hypoxia under 

conditions of excessive nutrient surplus and impaired vascularisation. 

1.5.3.2 Clinical and pathophysiological significance of PVAT hypoxia 

As PVAT expands in obesity, it undergoes a pathological transformation from a 

vasoprotective to a dysfunctional and pro-inflammatory depot. This shift disrupts 

its paracrine signalling and promotes vascular pathology through “outside-in” 

mechanisms, whereby adipose-derived signals directly affect the underlying 

vascular wall (Kim et al., 2020). Hypoxia, commonly observed in expanding 

adipose depots, has been identified as a key driver of this inflammatory response. 

According to Rueda-Clausen et al. (2011), adult offspring exposed to gestational 

hypoxia did not show metabolic abnormalities when maintained on a low-fat diet, 

but when challenged with a high-fat diet they exhibited pronounced insulin 

resistance and glucose intolerance. This was accompanied by reduced IRS-1 

expression and impaired Akt activation in liver and skeletal muscle, demonstrating 

that gestational hypoxia increased susceptibility to high-fat diet–induced insulin 

signalling defects, rather than these defects being caused by the diet alone. In 

both murine models and humans, hypoxia has been shown to alter the expression 

and secretion of inflammation-related adipokines, contributing to the pro-

inflammatory environment characteristic of obese AT (Lolmede et al., 2003, Wang 

et al., 2007, Maenhaut et al., 2010). Hypoxic PVAT not only contributes locally to 

vascular inflammation and remodelling but also has systemic implications. 

Increased thoracic PVAT mass has been independently associated with major 

cardiovascular risk factors, including aortic stiffness, diabetes, coronary artery 

calcification, and hypertension (Villacorta and Chang, 2015, Chen et al., 2021, 

Lehman et al., 2010). Moreover, cardiac adiposity increases with obesity, and 

atherosclerotic plaques tend to localise in coronary arteries surrounded by PVAT. 

In these regions, coronary PVAT volume has been positively correlated with plaque 

burden, suggesting a direct pathogenic role (Owen et al., 2014). PVAT in obesity 
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also plays an active role in modulating vascular disease by responding to 

atherogenic stimuli and interacting with immune cells, sympathetic nerves, and 

vascular tissues (Kim et al., 2020). Together, these findings position PVAT hypoxia 

as a pivotal player in both localised vascular dysfunction and broader 

cardiometabolic risk. 

1.5.4 Molecular and cellular responses to hypoxia in PVAT 

Hypoxia in expanding PVAT triggers a range of molecular and cellular changes as 

the tissue adapts to low oxygen levels. While some responses are initially 

protective, they can become harmful over time, leading to PVAT dysfunction and 

contributing to vascular disease. A key player in this process is the hypoxia-

inducible factor (HIF) pathway, which alters gene expression, affecting adipokine 

release, metabolism, and immune cell activity. Hypoxia may also interact with 

other important pathways, such as sphingolipid signalling, adding further 

complexity to the response. These complex and interrelated mechanisms are 

summarized in Figure 1-2, which illustrates how hypoxia in PVAT activates HIF-

dependent pathways, reprograms adipocyte function, and promotes vascular 

inflammation and dysfunction. 

 

Figure 1-2 Summary of molecular and cellular effects of hypoxia in PVAT. 
Hypoxia stabilizes HIF-α, which activates transcription of genes that reprogram metabolism, 
suppress protective adipokines like adiponectin, and promote inflammation and vascular dysfunction. 



Chapter 1  26 

1.5.4.1 The HIF pathway: central regulator of the hypoxic response 

Hypoxia-inducible factors (HIFs) are the primary transcriptional regulators that 

coordinate cellular adaptation to low oxygen conditions (Wang and Semenza, 

1993, Lefere et al., 2016). The HIF complex is composed of an oxygen-sensitive α-

subunit (mainly HIF-1α or HIF-2α) and a constitutively expressed β-subunit (HIF-

1β, also known as ARNT) (Keith et al., 2012). Under normoxic conditions, proline 

residues on HIF-α are hydroxylated by prolyl hydroxylase domain (PHD) enzymes, 

allowing recognition by the von Hippel–Lindau (VHL) protein, which targets HIF-α 

for ubiquitination and proteasomal degradation (Keith et al., 2012, Lefere et al., 

2016, Kaelin Jr, 2002). In hypoxia, PHD activity is suppressed due to their 

dependence on oxygen, allowing HIF-α to accumulate, translocate to the nucleus, 

and dimerise with HIF-1β (Lin et al., 2013, Lefere et al., 2016). The active HIF 

complex then binds to hypoxia response elements (HREs) in the promoter regions 

of target genes, initiating transcriptional responses (Orlando et al., 2019, 

Weidemann and Johnson, 2008). 

HIFs actively reprogram cellular functions to adapt to hypoxia but can also drive 

pathological processes in hypoxic AT. Key target genes include angiogenic factors 

such as VEGF, which promotes new vessel formation, although this process is often 

insufficiently regulated in obese AT (He et al., 2011, Engin, 2024). HIFs also 

enhance metabolic adaptation by inducing glucose transporters like GLUT1 and 

glycolytic enzymes to support anaerobic ATP production (Hu et al., 2007, Kierans 

and Taylor, 2021). In addition, HIF-1α promotes the expression of pro-

inflammatory and fibrotic genes, thereby contributing to chronic inflammation 

and fibrosis within AT (Kang et al., 2023, Cifarelli et al., 2020). Although HIF-1α 

and HIF-2α share structural similarities and can regulate overlapping genes, they 

also exhibit distinct and sometimes opposing roles depending on cellular context 

and the duration of hypoxia (Bakleh and Al Haj Zen, 2025). This complex and 

context-dependent regulatory network is central to the emergence of a 

dysfunctional PVAT phenotype in obesity. 

1.5.4.2 Altered adipokine secretion profile: the impact of hypoxia on PVAT's 
endocrine function 

Hypoxia significantly alters the secretory profile of adipocytes and other resident 

cells within PVAT, shifting it from a predominantly anti-inflammatory, 
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vasoprotective state to one that is largely pro-inflammatory and which leads to 

vascular dysfunction. A key alteration is the suppression of adiponectin, an 

adipokine with potent anti-inflammatory, insulin-sensitising, and vasoprotective 

properties (Huynh et al., 2025, Chen et al., 2006). Hypoxic conditions have been 

shown to reduce adiponectin expression and secretion through multiple 

mechanisms, including endoplasmic reticulum (ER) stress. Specifically, the ER 

stress marker CHOP can inhibit adiponectin promoter activity, while hypoxia also 

destabilises adiponectin mRNA, further reducing its levels (Engin, 2024, Hosogai 

et al., 2007). This active suppression highlights a direct mechanistic link between 

PVAT hypoxia and the loss of a critical vascular protector. In contrast, hypoxia 

promotes the upregulation and release of several pro-inflammatory adipokines 

and cytokines, such as leptin, IL-6, TNF-α, MCP-1 (CCL2), angiopoietin-like 4 

(Angptl4), and VEGF, which together contribute to a pro-inflammatory PVAT 

microenvironment (Trayhurn, 2013). This dysregulated secretome not only 

exacerbates local vascular inflammation but also plays a role in systemic low-

grade inflammation associated with obesity and metabolic disease. 

1.5.4.3 Cellular metabolic reprogramming: adapting to an oxygen-deficient 
environment 

In response to hypoxia, cells within PVAT, including adipocytes, undergo metabolic 

reprogramming to sustain energy production under oxygen-limited conditions. A 

central adaptation is the shift from aerobic mitochondrial oxidative 

phosphorylation to anaerobic glycolysis, primarily mediated by HIF-1, which 

upregulates glucose transporters such as GLUT1 and key glycolytic enzymes to 

enhance glucose uptake and glycolytic flux (Kierans and Taylor, 2021). This 

metabolic shift results in elevated lactate production, a hallmark of anaerobic 

metabolism (Kierans and Taylor, 2021). However, prolonged hypoxia can impair 

mitochondrial function, disrupt energy balance, and elevate ROS, contributing to 

oxidative stress (Adzigbli et al., 2022, Kowalczyk et al., 2021). Concurrently, 

hypoxia and nutrient imbalance can induce ER stress and activate the unfolded 

protein response (UPR). Prolonged ER stress contributes to cellular dysfunction, 

inflammation, and apoptosis (Díaz-Bulnes et al., 2020, Chen et al., 2023b). These 

metabolic and stress-related adaptations are tightly interconnected, establishing 

a vicious cycle of dysfunction within hypoxic PVAT that exacerbates its pathogenic 

role in vascular disease. 
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1.5.4.4 Impact on immune cell recruitment and activation 

The hypoxic microenvironment within AT, particularly in PVAT, contributes to the 

recruitment and activation of immune cells, increasing the inflammatory state 

described in Section 1.5.2. Activation of the HIF pathway promotes the expression 

of chemokines such as MCP-1 which attract monocytes, macrophages, and T 

lymphocytes into the tissue (Lin et al., 2013, Huynh et al., 2025). Hypoxia also 

influences immune cell function by promoting pro-inflammatory phenotypes, 

including macrophage polarisation (Engin, 2024). These recruited immune cells 

enhance local production of cytokines such as TNF-α and IL-6, along with ROS, 

which collectively enhance inflammation and oxidative stress within PVAT 

(Nosalski and Guzik, 2017, Wang et al., 2022b). This ongoing cycle of hypoxia, 

immune activation, and inflammation not only drives further adipose dysfunction 

but also disrupts the paracrine environment that regulates vascular tone and 

homeostasis, ultimately contributing to endothelial dysfunction and vascular 

disease. 

1.5.5 Effect of hypoxia on vascular reactivity in PVAT 

Hypoxia, which develops in the heart as a result of ischaemia, is a harmful insult 

that impairs cardiac function. In the coronary circulation, vasodilatation is a 

crucial physiological response to hypoxia that improves blood flow and, 

consequently, oxygenation of the hypoxic or ischaemic myocardium (Hedegaard 

et al., 2014). In relation to the role of PVAT in vascular function, it is important 

to highlight that there are conflicting reports on PVAT’s response to hypoxia. On 

one hand, hypoxia is thought to exert a vasodilatory effect in a PVAT-dependent 

manner. For instance, Donovan et al. (2018) argue that PVAT enhances hypoxia-

induced relaxation in porcine coronary arteries via a mechanism involving H₂S. 

Similarly, Maenhaut et al. (2010) reported that hypoxia, induced by bubbling with 

95% N₂ and 5% CO₂ for 30 minutes, enhanced the vasorelaxant response of 

norepinephrine-precontracted thoracic aorta segments from male Swiss mice with 

intact PVAT, while this response was markedly reduced in PVAT-denuded vessels. 

In contrast, other studies indicate that hypoxia may impair PVAT function. Badran 

et al. (2019) observed that gestational intermittent hypoxia caused a loss of anti-

contractile activity of PVAT in abdominal aortic arteries from male offspring. This 
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dysfunction was rescued by exogenous application of adiponectin that was likely 

due to reduced adiponectin secretion under hypoxia (Chen et al., 2006). Moreover, 

PVAT in rat mesenteric arteries exposed to a hypoxic environment ex vivo (2.5 

hours, 95% N2/5% CO2) demonstrated a loss of anti-contractile activity, which was 

prevented by the angiotensin-converting enzyme (ACE) inhibitor captopril and the 

angiotensin receptor blocker (AT1R antagonist; telmisartan) (Rosei et al., 2015), 

and was restored by incubation with anti-IL-6 or anti-TNF-α antibodies (Greenstein 

et al., 2009). In wild-type mice, this dysfunction was also rescued by activation of 

cGMP-dependent protein kinase via atrial natriuretic peptide (ANP) (Withers et 

al., 2014). 

Obesity induces chronic PVAT hypoxia through adipocyte hypertrophy, impaired 

perfusion and limited angiogenesis, and this obesity-driven hypoxic environment 

contributes to PVAT dysfunction. Sousa et al. (2019) reported that in the thoracic 

aorta of obese sedentary male C57BL/6J mice, acetylcholine-induced 

vasorelaxation was significantly impaired in PVAT-intact compared to PVAT-

denuded vessels. This dysfunction was associated with elevated inflammation and 

oxidative stress, which was attenuated by aerobic exercise training. Furthermore, 

Zaborska et al. (2016) found that maternal obesity led to the loss of PVAT's anti-

contractile function in mesenteric arteries of offspring SD rats, due to reduced NO 

bioavailability and release of PVCFs. Interestingly, the inhibition of NO synthase 

using L-NMMA attenuated the anti-contractile effect, while activation of AMPK 

partially restored PVAT function, even in a NO-independent manner. Similarly, 

Saxton et al. (2022) showed that in obese mice, PVAT from mesenteric and gracilis 

arteries loses its anticontractile function; this function is mediated by both 

endothelial and neuronal NOS, and non-specific NOS activation with histamine 

restores function in mesenteric but not gracilis PVAT. These studies collectively 

highlight nitric oxide signalling as a critical mediator of PVAT integrity under 

hypoxic and metabolic stress. 

Additional evidence on the regulatory mechanisms influencing PVAT function 

under hypoxic conditions is provided by Cui et al. (2023), who showed that chronic 

intermittent hypobaric hypoxia (CIHH) exerted a protective effect in male SD rats 

with metabolic syndrome by upregulating adiponectin and reducing inflammatory 

cytokines in PVAT, thereby improving mesenteric vascular reactivity. Moreover, 

Pelham et al. (2016) identified vitamin D as a key regulator of PVAT’s response to 
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hypoxia. In BALB/c mice, vitamin D deficiency activated hypoxia signalling and 

impaired PVAT’s anti-contractile function in mesenteric arteries. Hypoxia further 

enhanced vasoconstrictor responses to serotonin and angiotensin II. Notably, this 

dysfunction was prevented by vitamin D supplementation and was less obvious in 

the thoracic aorta, suggesting vascular bed-specific effects. Altogether, these 

conflicting findings underscore the complexity of PVAT's role in vascular function 

under hypoxic conditions and indicate that the effects may vary depending on the 

specific vascular bed and experimental conditions. 

In light of the effects of hypoxia and inflammation on adipose tissue and vascular 

function, attention has turned to the molecular pathways involved in these 

changes. One important pathway is the sphingolipid signalling system, especially 

S1P and the enzymes that produce it, the sphingosine kinases. Hypoxia can 

influence sphingolipid metabolism and affect S1P signalling, which in turn plays a 

role in regulating vascular tone and inflammation. The following section will 

introduce the sphingolipid system and explain how S1P is linked to hypoxia and 

vascular dysfunction in metabolic conditions. 

1.6 Sphingolipid system 

Sphingolipids are a structurally diverse class of lipids that function as essential 

components of eukaryotic plasma membranes and as bioactive molecules involved 

in critical cellular processes such as cell division, differentiation, signal 

transduction, and apoptosis (Kraft, 2017, Pralhada Rao et al., 2013). Sphingolipids 

are characterised by a sphingoid base backbone, predominantly sphingosine in 

mammals, which forms ceramide upon N-acylation with a fatty acid (Pralhada Rao 

et al., 2013, Pyne and Pyne, 2000). Ceramide plays a central role in sphingolipid 

metabolism, acting as both a precursor for complex sphingolipids like 

sphingomyelin and glycosphingolipids, and as a signalling molecule in various 

stress-related pathways (Pralhada Rao et al., 2013). The sphingolipid system 

functions through a range of bioactive metabolites, including ceramide, 

sphingosine, sphingomyelin, and sphingosine-1-phosphate (S1P). S1P is a 

particularly important phospholipid-derived metabolite that functions as both an 

extracellular mediator and an intracellular messenger (Xiao et al., 2023). The 

structural diversity of sphingolipids, driven by variations in the sphingoid base, 

acyl chain length, and head group, contributes to their broad functional range 
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(Issleny et al., 2023). In the context of obesity, adipose tissue expansion can 

induce hypoxia, which has been associated with increased levels of S1P in the 

tissue, highlighting the involvement of the sphingolipid system in metabolic 

dysfunction and inflammation (Samad et al., 2006, Ito et al., 2013). 

1.6.1 Sphingosine-1-phosphate (S1P) overview 

Sphingosine-1-phosphate is a lysophospholipid metabolite generated through the 

breakdown of sphingolipids in cell membranes (Cartier and Hla, 2019). It is 

produced by various cell types, including erythrocytes, endothelial cells, 

platelets, hepatocytes, neurons and adipocytes (Ito et al., 2013, Venkataraman et 

al., 2008, Hashimoto et al., 2009, Vu et al., 2017, Phan et al., 2024). S1P acts as 

a key signalling molecule involved in a range of physiological and pathological 

processes, including cell proliferation, survival, migration, invasion, angiogenesis, 

inflammation, immune cell movement, maintenance of vascular barrier function, 

and regulation of vascular tone (Cartier and Hla, 2019, Brinkmann and Baumruker, 

2006, Takuwa et al., 2010, Wang et al., 2023). It also plays established roles in 

various pathophysiological conditions, including obesity, cancer, osteoporosis, 

diabetes, and atherosclerosis (Maceyka et al., 2012, Kajita et al., 2024). Because 

of its important roles in the cardiovascular and immune systems, S1P is being 

widely studied as both a factor in disease development and a possible target for 

therapy. 

1.6.1.1 Sphingosine-1-phosphate synthesis and degradation 

The cellular levels of S1P are meticulously controlled through a dynamic balance 

between its synthesis and degradation. Sphingosine, the backbone of 

sphingolipids, is formed by the cleaving of fatty acids from ceramide by the 

enzyme ceramidase (Spiegel and Milstien, 2011, Maceyka and Spiegel, 2014, Pyne 

and Pyne, 2011). Subsequently, S1P is synthesised intracellularly by the 

phosphorylation of sphingosine, by two closely related sphingosine kinases (SKs),  

illustrated in Figure 1-3 (Pyne and Pyne, 2000, Hannun and Obeid, 2008, Spiegel 

and Milstien, 2003). The levels of S1P are closely regulated by SphKs and by the 

enzymes responsible for its degradation in response to environmental alterations 

and stimulation (Maceyka et al., 2012, Pyne et al., 2016).  
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The catabolism of S1P is equally important for regulating its bioavailability and 

signalling activity. Degradation of S1P can be classified as reversible or 

irreversible. Reversible degradation occurs by dephosphorylation of S1P via S1P 

phosphatases (S1PP) / lipid phosphate phosphatases (LPPs) that convert it to 

sphingosine. Thereafter, sphingosine is acylated by ceramide synthase to generate 

ceramide. Irreversible degradation by S1P lyase enzyme (SPL) generates 

hexadecenal and phosphoethanolamine (Pyne and Pyne, 2000, Pyne et al., 2009). 

Ceramide can be produced through several pathways: de novo synthesis via 

dihydroceramides, the breakdown of glycosphingolipids such as glucosylceramide, 

hydrolysis of sphingomyelin, and the salvage of sphingosine through reacylation by 

ceramide synthases (CerS) (Pyne et al., 2016, Strub et al., 2010, Kitatani et al., 

2008). De novo synthesis occurs in the endoplasmic reticulum and begins with the 

condensation of serine and palmitoyl-CoA by serine palmitoyltransferase (SPT), 

forming 3-ketodihydrosphingosine. This intermediate is reduced to 

dihydrosphingosine by 3-ketodihydrosphingosine reductase, followed by N-

acylation by ceramide synthases (CerS) to generate dihydroceramide. Finally, 

dihydroceramide is desaturated by dihydroceramide desaturase (DES) to produce 

ceramide (Pyne and Pyne, 2000). Generally, ceramide and S1P have opposing 

effects: ceramide promotes antiproliferative processes such as apoptosis, cell 

cycle arrest, and senescence, while S1P enhances cell survival, motility, and 

proliferation (Hannun and Obeid, 2008, Pyne et al., 2016). Earlier research 

introduced the ceramide-sphingosine-S1P rheostat model, which proposes that the 

balance between these lipids determines cell fate. In this model, ceramide and 

sphingosine are associated with apoptosis, whereas S1P supports cell survival 

(Cuvillier et al., 1996, Pyne and Pyne, 2010).  
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Figure 1-3 The steps of sphingosine-1-phosphate synthesis and degradation. 
S1P production begins with the generation of ceramide. Ceramide can be synthesised from 
sphingomyelin by the sphingomyelinase enzyme or from de novo synthesis. Then, ceramide and 
sphingosine are interconverted by ceramidase and ceramide synthase. Thereafter, sphingosine and 
S1P are interconverted by S1P phosphatase and sphingosine kinase. S1P is irreversibly cleaved by 
the S1P lyase enzyme to produce hexadecenal and phosphoethanolamine. 

1.6.1.2 S1P in circulation 

S1P is present at high concentrations in the blood and lymph, typically ranging 

from 0.1 to 0.6 µM in plasma but remains low in interstitial tissues  (0.5–75 

pmol/mg), forming a concentration gradient critical for lymphocyte trafficking 

and vascular barrier integrity (Xiong and Hla, 2014, Proia and Hla, 2015, Książek 

et al., 2015). This gradient is actively maintained through S1P synthesis by 

producing cells and its degradation by tissue-resident enzymes. Erythrocytes and 

vascular endothelial cells are the primary sources of circulating S1P under basal 

conditions, while platelets contribute upon activation due to their high 

sphingosine kinase 1 (SphK1) activity and absence of S1P-degrading enzymes 

(Książek et al., 2015, Sah et al., 2020). Additionally, SphK1 contributes 

significantly to the S1P level in the plasma (Venkataraman et al., 2006). Although 

erythrocytes have lower SphK1 activity per cell, their abundance and inability to 

degrade S1P allow for sustained production (Xiong and Hla, 2014). Adipose tissue 
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is also a contributor to circulating S1P. Plasma S1P levels are elevated in both 

diet-induced and genetic obesity models in mice, and in obese humans compared 

to lean controls. In humans, elevated circulating S1P levels correlate with 

increased body fat percentage, waist circumference, BMI, HbA1c, fasting insulin, 

insulin resistance (HOMA-IR) and higher total and low-density lipoprotein (LDL) 

cholesterol levels, indicating its association with adiposity and metabolic 

dysfunction (Kowalski et al., 2013). In circulation, S1P is stabilised by carrier 

proteins, mainly high-density lipoprotein (HDL) via apolipoprotein M (ApoM), and 

to a lesser extent by albumin (Cartier and Hla, 2019). These carriers protect S1P 

from degradation and facilitate its interaction with receptors, linking S1P 

dynamics to lipid metabolism, vascular signalling, and immune regulation. 

1.6.1.3 S1P transporter 

Due to the hydrophilic nature of its phosphate group, S1P cannot passively diffuse 

across the hydrophobic lipid bilayer of cell membranes (Reitsema et al., 2014). 

Therefore, the export of intracellularly synthesised S1P into the extracellular 

space, an essential step for activating S1P receptors in a process termed "inside-

out" signalling, requires specific transporter proteins (Spiegel et al., 2019). These 

transporters serve as key regulators of S1P export, controlling its release and 

thereby influencing its availability for autocrine and paracrine signalling. Several 

dedicated S1P transporters have been identified that contribute to the 

establishment of S1P gradients. Among them, Spinster homolog 2 (SPNS2), a 

member of the major facilitator superfamily (MFS), is a key exporter in vascular 

and lymphatic endothelial cells (Spiegel et al., 2019). SPNS2 is essential for 

maintaining blood and lymph S1P levels and plays critical roles in immune cell 

trafficking and hearing, as SPNS2 deficiency is associated with lymphopenia and 

auditory dysfunction (Spiegel et al., 2019, Li et al., 2025b). Moreover, SPNS2 

mediates the export of S1P-mimicking FTY720-phosphate (fingolimod-P), 

underlining its pharmacological relevance (Li et al., 2025b). 

Another MFS transporter, MFSD2B, has been identified as the primary S1P exporter 

in erythrocytes and platelets, the main cellular sources of circulating S1P (Polzin 

et al., 2023, Vu et al., 2017). In addition to MFS transporters, members of the 

ATP-binding cassette (ABC) transporter family, such as ABCA1, ABCC1, and ABCG2, 

also contribute to S1P efflux, particularly in specific cell types or under 
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pathological conditions (Kotlyarov and Kotlyarova, 2021, Nagahashi et al., 2014). 

Hypoxia has been shown to induce S1P release from adipocytes through ABCA1 and 

ABCC1 transporters, and inhibition of ABCA1 with glibenclamide significantly 

decreases this release, highlighting a functional role for these transporters in 

modulating extracellular S1P levels under hypoxic conditions (Ito et al., 2013). 

The expression of these transporters is cell-type specific, with SPNS2 

predominantly found in endothelial cells and MFSD2B in red blood cells and 

platelets. This differential expression allows for spatially regulated S1P export and 

contributes to the formation of precise extracellular gradients. Such cell-specific 

control not only supports local and systemic S1P signalling but also highlights these 

transporters as potential therapeutic targets distinct from S1P receptors or 

synthetic enzymes. 

1.6.1.4 S1P receptors and biological role for S1P  

The majority of extracellular actions of S1P are mediated by five high-affinity G 

protein-coupled receptors (GPCRs), designated S1P₁ through S1P₅. These 

receptors, previously referred to as endothelial differentiation gene (EDG) 

receptors, initiate diverse intracellular signalling cascades upon S1P binding (Yuan 

et al., 2021, Blaho and Hla, 2014). Each receptor subtype exhibits distinct tissue 

and cellular expression profiles and couples selectively to heterotrimeric G 

proteins, enabling S1P signalling to exert context- and cell-specific effects. Among 

these, S1P₁, S1P₂, and S1P₃ are broadly distributed in cardiovascular, immune, 

nervous and adipose tissues (Obinata and Hla, 2019, Choi and Chun, 2013, Jun et 

al., 2006), while S1P₄ is predominantly found in lymphoid and hematopoietic cells 

as well as in airway smooth muscle cells, and S1P₅ is expressed in central nervous 

system oligodendrocytes and natural killer cells (Obinata and Hla, 2012). These 

receptors couple to different G proteins: S1P₁ couples to Gᵢ to activate PI3K/Akt 

pathway, MAPK/ERK, and Rac, along with PLC activation and Ca²+ mobilisation, 

and inhibition of adenylyl cyclase (Mahajan-Thakur et al., 2017, Gonda et al., 

1999, Okamoto et al., 1998), while S1P₂ and S1P₃ couple to Gᵢ, Gq, and G₁₂/₁₃, 

enabling broader signalling that includes PLC/IP₃/ Ca²+ signalling, mitogen-

activated protein kinase (MAPK) family pathways (ERK1/2, JNK, and p38), Rho/Rho 

kinase, and Rac, as well as suppression of cAMP via adenylyl cyclase inhibition 

(Figure 1-4) (Gonda et al., 1999, Means and Brown, 2009, Skoura and Hla, 2009, 

Kluk and Hla, 2002).  
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In addition to endogenous ligands like S1P and dihydro-S1P (Contos et al., 2000), 

selective pharmacological modulators have been developed to target individual 

S1P receptor subtypes. SEW2871 selectively activates S1P₁ (Pan et al., 2006), 

CYM5478 is a potent agonist of S1P₂ (Herr et al., 2016), and CYM5541 targets S1P₃ 

(Jo et al., 2012). Receptor-specific antagonists include W146 for S1P₁ (Sanna et 

al., 2006), JTE-013 for S1P₂ (Parrill et al., 2004), and BML-241 (CAY10444) for S1P₃ 

(Salomone and Waeber, 2011). These modulators have helped to clarify receptor-

specific roles and support the development of targeted S1P-based therapies.  

 

Figure 1-4 S1P–S1PR-mediated signalling pathways. 
This figure illustrates the intracellular signalling cascades triggered by sphingosine-1-phosphate 
(S1P) binding to its receptors S1P₁, S1P₂, and S1P₃. These G protein-coupled receptors activate 
distinct G proteins (Gi, Gq, and G₁₂/₁₃) each of which drives specific downstream pathways. Gi 

inhibits adenylate cyclase, reducing cAMP levels, and activates PI3K/Akt, ERK/MAPK, PLC/IP₃/Ca²⁺, 
and Rac signalling, depending on receptor subtype. Gq stimulates phospholipase C (PLC), leading 
to IP₃ production and Ca²⁺ mobilisation, and also contributes to MAPK activation. G₁₂/₁₃ activates 
Rho and Rho kinase pathways, regulating cytoskeletal dynamics and contractility. Together, these 
pathways contribute to diverse cellular responses depending on the receptor subtype and cellular 
context. Created with BioRender.com. 

1.6.1.5 Intracellular signalling role of S1P and regulation of cell biology in 
health and disease 

For two decades, very few studies addressed the receptor-independent, 

intracellular role for S1P. However, evidence has emerged that S1P plays an 

important role in regulating several intracellular proteins. For example, S1P 
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regulates the release of calcium from thapsigargin-sensitive intracellular stores 

(zu Heringdorf et al., 2003). Additionally, S1P stimulates E3 ligase activity in TNF 

receptor-associated factor 2 (TRAF2), and it regulates anti-apoptotic, 

inflammatory and immune processes (Alvarez et al., 2010). Moreover, S1P 

interacts with Prohibitin 2 (PHB2) to regulate respiration of the mitochondria and 

cytochrome-c oxidase assembly (Strub et al., 2011). Recent studies have 

demonstrated that S1P binds to peroxisome proliferator-activated receptor 

gamma (PPARγ), a transcription factor that regulates neoangiogenesis and this 

results in upregulation of PPARγ target genes in human endothelial cells (ECs) 

(Parham et al., 2015). In that study, Parham et al reported that SphK1(-/-) 

SphK2(+/-) mice showed decreased vascular development, which means that S1P-

activation of PPARγ may play a pivotal role in manipulating neovascularisation. 

Overexpression of PPARγ has also been observed in human cancers, such as 

prostate, colon and breast cancers (Parham et al., 2015). Moreover, both S1P and 

PPARγ play a role in regulating the transport of nutrition to cancer cells and 

mediating the formation of blood vessels in normal and pathological states 

(Parham et al., 2015).  

1.6.2 Sphingosine kinases 

S1P is synthesised intracellularly by two isoforms of sphingosine kinase: SphK1 and 

SphK2. These enzymes play pivotal roles in cellular signalling by regulating the 

“sphingolipid rheostat” which is the balance between pro-apoptotic lipids, such 

as ceramide and sphingosine, and the pro-survival lipid S1P (Schulz et al., 2019, 

Spiegel and Milstien, 2003). This balance is essential for determining cell fate in 

response to various physiological and pathological stimuli (Pyne et al., 2009). 

SphK1 and SphK2 are encoded by separate genes, SphK1 on chromosome 17 and 

SphK2 on chromosome 19 (Cannavo et al., 2017, Liu et al., 2000). Although the 

isoforms share approximately 80% sequence similarity, they differ significantly in 

structure, size, and localisation. SphK1a is composed of 384 amino acids, whereas 

SphK2a consists of 618 amino acids due to the presence of two additional segments 

at its N-terminal and central regions, resulting in a length difference of about 250 

residues (Liu et al., 2000). Both isoforms contain conserved functional domains, 

designated C1 through C5, which include an ATP-binding site and a sphingosine 

recognition domain. The catalytic activity resides within domains C1 to C3 (Pitson 

et al., 2002, Pyne et al., 2009). SphK1 exists in three isoform variants: SphK1a 
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with a molecular mass of 38 kDa, SphK1b at 39 kDa, and SphK1c at 47 kDa, while 

SphK2 has two known variants: SphK2a and SphK2b (64 and 80 kDa) (Venkataraman 

et al., 2006). Both SphK isoforms are ubiquitously expressed in human tissues, 

with SphK1 showing higher levels in the heart, lung, spleen, and leukocytes, and 

SphK2 more abundant in the liver and kidney (Liu et al., 2000, Melendez et al., 

2000, Hatoum et al., 2017). The subcellular localisation of SphK1 is primarily 

cytosolic, with the ability to translocate to the plasma membrane in response to 

stimulation (Hengst et al., 2009). SphK2, in contrast, localises to the nucleus, 

mitochondria, cytoplasm, and endoplasmic reticulum, with distribution varying by 

cell line (Cannavo et al., 2017). For example, in HeLa cells, SphK2 is 

predominantly nuclear, while in HEK293 cells it is mainly cytoplasmic (Hait et al., 

2005, Igarashi et al., 2003). Within the nucleus, SphK2-derived S1P regulates gene 

transcription by inhibiting histone deacetylases (Hait et al., 2009). Functionally, 

SphK1 is commonly associated with enhanced cell proliferation, survival, and 

neoplastic transformation (Xia et al., 2000), while SphK2 has been shown to 

suppress cell growth and promote cell cycle arrest (Okada et al., 2005, Igarashi et 

al., 2003). However, other studies have indicated that SphK2 may also contribute 

to cell survival, as siRNA-mediated knockdown of SphK2 has resulted in increased 

apoptosis and decreased chemoresistance in several cancer cell lines (Sankala et 

al., 2007). 

1.6.2.1 Role and regulation of SphK1 

SphK1 is the most extensively studied of the two isoforms of sphingosine kinase 

due to its central role in promoting cell survival, proliferation, migration, 

inflammation, and angiogenesis (Bryan et al., 2008). Under basal conditions, 

SphK1 resides in the cytoplasm. However, upon stimulation by a variety of 

extracellular signals such as growth factors including PDGF, cytokines including 

TNF-α and IL-1β, hormones such as oestrogen, GPCR agonists, and hypoxic stress, 

SphK1 undergoes translocation to the plasma membrane (Bryan et al., 2008, ter 

Braak et al., 2009, Pitson et al., 2005, Alganga et al., 2019, Gomez-Brouchet et 

al., 2022, Anelli et al., 2008, Billich et al., 2005). This translocation is often 

mediated by phosphorylation of serine residue 225 (Ser225) by extracellular 

signal-regulated kinases 1 and 2 (ERK1/2), which significantly enhances its 

catalytic activity and facilitates localised production of S1P at the cell periphery 

(Pitson et al., 2003). At the plasma membrane, SphK1 interacts with regulatory 
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proteins such as calcium- and integrin-binding protein 1 (CIB1), which promotes 

its membrane localisation in a calcium-dependent manner (Jarman et al., 2010). 

Phosphorylation-independent mechanisms, including activation via Gq protein 

signalling in response to muscarinic receptor or K-Ras stimulation, have also been 

described (ter Braak et al., 2009, Gault et al., 2012). 

Beyond translocation, SphK1 is regulated at the transcriptional and post-

transcriptional levels. Several transcription factors, including specificity protein 1 

(Sp1), activator protein 1 (AP-1), activator protein 2 (AP-2), HIF2α, the E2F family 

members E2F1 and E2F7, and LIM domain only protein 2 (LMO2), have been shown 

to modulate SphK1 gene expression particularly in cancer and in endothelial cells 

under pathological conditions (Hazar-Rethinam et al., 2015, Bonica et al., 2020, 

Wang et al., 2020d). Additionally, post-transcriptional regulation is mediated by 

microRNAs (miRNAs), which are short non-coding RNAs that suppress gene 

expression by binding to the messenger RNA (mRNA) of target genes. Several 

miRNAs, including miR-124 in ovarian cancer, miR-506 in hepatocellular 

carcinoma, miR-3677 in osteosarcoma, and miR-6862 in neural cells, have been 

identified to negatively regulate SphK1 expression by promoting mRNA 

degradation or inhibiting translation (Zhang et al., 2013b, Lu et al., 2015, Yao et 

al., 2020, Xue et al., 2020). 

Protein–protein interactions further modulate both the activity and subcellular 

localisation of SphK1. Several activating interactions have been identified with 

proteins such as the Src family tyrosine kinases Lyn and Fyn, delta-catenin, 

eukaryotic elongation factor 1A (eEF1A), TRAF2, and filamin A. These proteins 

enhance SphK1 activity and facilitate downstream signalling processes (Urtz et 

al., 2004, Fujita et al., 2004, Leclercq et al., 2008, Xia et al., 2002, Maceyka et 

al., 2008). In contrast, other proteins including SphK1-interacting protein (SKIP), 

platelet endothelial cell adhesion molecule-1 (PECAM-1), four-and-a-half LIM 

domain protein 2 (FHL2), and aminoacylase 1 have been shown to inhibit SphK1 

catalytic activity under specific cellular conditions (Lacaná et al., 2002, Fukuda 

et al., 2004, Sun et al., 2006, Maceyka et al., 2004). The subcellular localisation 

of SphK1 is also influenced by its interaction with membrane phospholipids. 

Binding to plasma membrane phospholipids such as phosphatidic acid (PA) and 

phosphatidylserine (PS) helps anchor SphK1 at the plasma membrane and 

enhances its activity. This membrane interaction is particularly pronounced 
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following Ser225 phosphorylation, which induces conformational changes that 

expose key lipid-binding residues on the enzyme surface (Delon et al., 2004, 

Stahelin et al., 2005). These complex regulatory mechanisms underscore the 

importance of SphK1 as a tightly controlled signalling molecule, essential in 

maintaining cellular homeostasis and frequently utilised in disease states such as 

cancer. 

 

Figure 1-5 Regulatory mechanisms controlling SphK1 expression, stability, and activity. 
This figure summarises the transcriptional, post-transcriptional, and post-translational mechanisms 
regulating sphingosine kinase 1 (SphK1). Transcription factors such as Sp1, AP-1, AP-2, HIF-1α, 
E2F1, E2F2, and LMO2 influence SphK1 gene expression. MicroRNAs including miR-124, miR-506, 
miR-3677, and miR-6862 suppress translation at the post-transcriptional level. Post-translational 
control involves phosphorylation and translocation in response to various stimuli, such as platelet-
derived growth factor (PDGF), tumour necrosis factor-alpha (TNF-α), interleukin-1β (IL-1β), 
oestrogen, and hypoxia. CIB1 promotes membrane localisation of SphK1, enabling interaction with 
regulatory proteins (e.g., TRAF2, PTKs, SKIP, PCAM-1) and access to its substrate sphingosine 
(Sph), which it converts to sphingosine-1-phosphate (S1P) for receptor-mediated signalling via 
S1PRs. Created with BioRender.com. 

1.6.2.2 SphK2 regulation 

SphK2 is regulated in response to a range of extracellular stimuli, including TNF-

α, IL-1β, lipopolysaccharide (LPS), epidermal growth factor (EGF), and hypoxia 

(Mastrandrea et al., 2005, Hait et al., 2005, Weigert et al., 2019, Wacker et al., 

2009). Among these, hypoxic conditions have been shown to upregulate SphK2 
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expression in cerebral microvascular endothelial cells (Wacker et al., 2009). 

Moreover, in cardiomyocytes, hypoxic preconditioning protects against hypoxia–

reoxygenation injury by upregulating SphK2 and activating the focal adhesion 

kinase (FAK)/Akt signalling pathway (Zhang et al., 2016). At the molecular level, 

SphK2 is phosphorylated at Ser351 and Thr578 by ERK1/2, which enhances its 

catalytic activity and supports processes such as EGF-induced cell migration (Hait 

et al., 2007). 

1.6.2.3 Degradation and inhibitors of SphKs 

SphKs, particularly SphK1, are regulated not only through transcriptional and post-

translational mechanisms but also via targeted degradation, which provides an 

additional level of control over S1P signalling. DNA-damaging agents such as 

etoposide, doxorubicin, actinomycin D, and UV irradiation reduce SphK1 protein 

levels without affecting mRNA expression, suggesting post-translational regulation 

via degradation pathways, with UV-induced effects shown to involve a p53-

dependent mechanism (Taha et al., 2004, Heffernan-Stroud et al., 2012). SphK1 

is subject to proteasomal degradation, especially in response to various inhibitors 

including SKi, N,N-dimethylsphingosine (DMS), FTY720, and PF-543 (McNaughton 

et al., 2016, Loveridge et al., 2010, Bu et al., 2021). Proteasomal involvement is 

confirmed by the rescue of SphK1 stability in numerous cells upon treatment with 

MG-132, a proteasome inhibitor (McNaughton et al., 2016, Loveridge et al., 2010, 

Tonelli et al., 2010, Alganga et al., 2019). Interestingly, PF-543, a selective and 

potent SphK1 inhibitor, reduces SphK1 expression and S1P levels through 

proteasomal degradation and is widely used to study SphK1 function (Alganga et 

al., 2019, Byun et al., 2013, Yi et al., 2023, Schnute et al., 2012). It has also been 

shown to reduce SphK1 expression in pulmonary artery smooth muscle cells 

(PASMC), with MG-132 reversing this effect, further confirming proteasome 

involvement (Byun et al., 2013). However, PF-543 and VPC9609, another 

nanomolar-range SphK1 inhibitor, did not significantly inhibit DNA synthesis in 

PASMC (Byun et al., 2013). In a chronic hypoxia model, PF-543 reduced right 

ventricular hypertrophy without altering vascular remodelling, and this was linked 

to decreased cardiomyocyte apoptosis (MacRitchie et al., 2016). SphK1 

degradation also occurs via the lysosomal pathway, as evidenced by findings that 

SKi-induced loss of SphK1 is blocked by chloroquine and CA-074ME, a cathepsin B 

inhibitor, and by the colocalisation of SphK1 with lysosomes and cathepsin B in 
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MCF-7 cells (Taha et al., 2006a, Taha et al., 2005, Ren et al., 2010). SphK1b 

appears more resistant to SKi-induced degradation in some prostate cancer cell 

lines, possibly due to isoform-specific regulation or compensatory expression 

(Loveridge et al., 2010). Furthermore, acetylation of Lys27 and Lys29 has been 

shown to stabilise SphK1 by preventing its ubiquitination, suggesting competitive 

regulation between acetylation and ubiquitin-mediated degradation (Yu et al., 

2012). For SphK2, Selective SphK2 inhibitors such as ABC294640 and (R)-FTY720-

Ome (ROME) have been shown to decrease SphK2 expression and S1P production 

in cancer models (Lim et al., 2011, Watson et al., 2013). Interestingly, ABC294640 

also induces proteasomal degradation of SphK1 in prostate cancer cells 

(McNaughton et al., 2016). While the mechanisms underlying SphK2 degradation 

are not fully understood, SphK2 can be cleaved by caspase-1  (Weigert et al., 

2010) or degraded via non-proteasomal, non-lysosomal mechanisms, particularly 

in response to ROME (Lim et al., 2011). Overall, SphK inhibitors not only modulate 

kinase activity but also induce isoform-specific degradation through proteasomal 

and lysosomal pathways, with important implications for therapeutic strategies, 

especially in hypoxia-related conditions. 

1.6.3 The role of SphKs /S1P in vascular tone 

S1P, produced by SphKs, plays a critical role in the regulation of vascular tone. 

Early studies using isolated mesenteric and intrarenal arteries from male Wistar 

rats demonstrated that S1P induces vasoconstriction through GPCR activation and 

elevated intracellular calcium levels (Bischoff et al., 2000). The vascular response 

to S1P depends on several factors, including receptor distribution, vascular bed, 

vessel type, species differences and S1P concentration (Michel et al., 2007, 

Hedemann et al., 2004). Subsequent investigations highlighted that the vascular 

effects of S1P are mediated via both endothelium-dependent and endothelium-

independent mechanisms. In ECs, S1P primarily acts via S1P1 and S1P3 to promote 

vasodilation (Igarashi and Michel, 2009). This effect happens through activation of 

the calcium-sensitive and PI3K/Akt pathways leading to eNOS activation and NO 

production, as demonstrated in rat mesenteric arteries, the human corpus 

cavernosum (HCC) and the penile artery (di Villa Bianca et al., 2006, Dantas et 

al., 2003). In rat aortic rings and coronary arteries, S1P also promoted 

endothelium-dependent vasodilation via S1P3 and eNOS activation (Mair et al., 

2010, Alganga et al., 2019, Roviezzo et al., 2006). Moreover, S1P analogue 
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(FTY720) induced vasodilation in mouse aorta via S1P3 and Akt-dependent eNOS 

activation (Tölle et al., 2005). Additionally, S1P enhances endothelial barrier 

function by strengthening intercellular junctions, a process mediated through 

S1P1, particularly in human pulmonary artery ECs (Singleton et al., 2005, Weigel 

et al., 2023). This barrier protection is supported by the interaction of S1P with 

heat shock protein 90 (Hsp90), which facilitates eNOS activation and NO 

production (Roviezzo et al., 2006, Brouet et al., 2001). 

Conversely, S1P can also exert vasoconstrictive effects via its action on VSMCs, 

which predominantly express S1P2, with lower expression of S1P1 and S1P3 

(Alewijnse et al., 2004). S1P-induced VSMC contraction involves multiple 

mechanisms, including calcium influx through L-type channels, activation of 

RhoA/Rho-kinase via G12/13 signalling, and increased intracellular calcium from 

sarcoplasmic stores (Bischoff et al., 2000, Hemmings et al., 2006, Coussin et al., 

2002). Additional pathways involved in S1P-induced vasoconstriction include the 

phosphorylation of p38 MAPK and ERK1/2 (Hemmings et al., 2006), as well as store-

operated calcium entry (SOCE), which promotes intracellular calcium 

accumulation (El‐Shewy et al., 2018). In SD rat cerebral arteries, S1P-induced 

vasoconstriction was mediated by both S1P2 and S1P3 through calcium mobilisation 

and Rho-kinase signalling, while the response in the aorta was less significant due 

to lower receptor expression (Coussin et al., 2002). S1P-triggered vasoconstriction 

has also been observed in other species and vascular beds, including porcine 

pulmonary arteries (Hsiao et al., 2005), hamster gracilis muscle resistance 

arteries, possibly mediated by increased reactive oxygen species production 

(Keller et al., 2006) and human placental vessels, where it may occur via Rho-

kinase activation (Hemmings et al., 2006). Notably, S1P can have dual effects 

based on concentration. For example, vasoconstriction in rat mesenteric arteries 

occurred only at high doses (>3×10–5 M) (Hedemann et al., 2004), while 

vasodilation is observed at lower, more physiological concentrations (1×10–10 to 

1×10–7 M) (Dantas et al., 2003). Thus, S1P plays a dual role in regulating vascular 

tone, acting as a vasodilator or vasoconstrictor depending on receptor 

distribution, cell type, and concentration. 
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1.6.4 The role of SphKs /S1P in adipose tissue function 

A few studies are now being conducted to learn more about SphKs/S1P expression 

in AT and how it affects cell function. Recent research has revealed that 

sphingolipids have a detrimental effect on adipocyte metabolism. Solid evidence 

exists that SphK1 is essential for lipolysis-driven inflammation (Wang et al., 2014). 

Additionally, SphK1 mRNA expression was induced by isoproterenol, an adrenergic 

receptor agonist used for studying lipolysis, in both 3T3-L1 adipocytes and mouse 

gonadal adipose tissue. Moreover, IL-6 production from lipolysis was attenuated 

by SphK1 depletion (Lambert et al., 2018, Wang et al., 2014). It also has been 

found that ob/ob mouse subcutaneous adipose tissue expresses more SphK1, but 

not SphK2, compared to wild type mice (Hashimoto et al., 2009). Furthermore, 

mice given a high-fat diet exhibited higher levels of SphK1 expression in isolated 

mature adipocytes and in epididymal adipose tissue than did those fed a low-fat 

diet (Wang et al., 2014). In subcutaneous adipose tissue in humans, similar results 

were observed in inflamed compared to less inflamed tissue (Fayyaz et al., 2014). 

It has also been reported that S1P concentrations are considerably higher in 

subcutaneous adipose tissue from obese patients compared to lean individuals 

(Blachnio‐Zabielska et al., 2012). Paradoxically however, a study has reported 

that SphK1 may act as a barrier against increased LPS inflammation in rat WAT. 

This research has demonstrated that LPS may boost the expression of SphK1 in 

adipocyte tissue (Tous et al., 2014). In summary, more research is needed to 

establish the role of the sphingolipid system within not just PVAT but other AT 

and what its role is in health and disease. 

1.6.5 Crosstalk between SphKs /S1P signalling and hypoxia 

Hypoxia occurs within fat depots as adipose tissue expands. This adipose tissue 

hypoxia is not merely a passive consequence of tissue expansion but an active 

pathophysiological state that can trigger a cascade of cellular and molecular 

responses, including significant alterations in sphingolipid metabolism. It has been 

observed that pulmonary vessels constrict in response to hypoxia. Interestingly, it 

has been reported that in hypoxia-induced pulmonary hypertension SphK2 

expression is increased in human arterial pulmonary smooth muscle cells. 

Additionally, patients with pulmonary arterial hypertension had higher levels of 

SphK1 expression, while SphK1−/− mice are protected from hypoxia-mediated 
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pulmonary hypertension (Pyne et al., 2016). Moreover, there has been evidence 

of hypoxia-induced SphK1 transcriptional upregulation in a variety of cell types, 

including endothelial cells, renal carcinoma, and brain cancer (Pulkoski-Gross and 

Obeid, 2018). In response to oxygen levels, there is a proposed feedback circuit 

between hypoxia-inducible factors and SphK1/S1P (Salama et al., 2015, Bouquerel 

et al., 2016). Hypoxia (provoked by cobalt chloride or oxygen deprivation) 

elevated the expression of SphK1, HIF1α, and HIF2α in glioma cells and SphK1 

expression was lowered when HIF2α was knocked down (Anelli et al., 2008). In 

addition, it was shown that treatment with SphK inhibitors or S1P receptor 

antagonists inhibited increases in the concentration of the HIF1α induced by 

hypoxia (Sanagawa et al., 2016). S1P produced in response to hypoxia promotes 

the expression of plasminogen activator inhibitor-1(PAI-1) in mouse 3T3-L1 

adipocytes (Ito et al., 2013) and in HepG2 cells through HIF1α (Sanagawa et al., 

2016). PAI-1, the physiological inhibitor of fibrinolysis in circulation, is markedly 

enhanced in adipose tissues of obese mice and people. It has been demonstrated 

that S1P  binding to S1P2 receptors in an autocrine or paracrine manner can be 

enhanced by hypoxia in obese adipose tissue (Ito et al., 2013).  

In ischaemia and hypoxia, promoting the SphK/S1P pathway also lengthens the 

survival of cardiomyocytes. For instance, administration of exogenous S1P during 

hypoxia increases the lifespan of neonatal rat cardiomyocytes (Karliner et al., 

2001, Karliner, 2013). It has also been discovered that compared to wild type 

controls during hypoxia, ventricular cardiomyocytes with the SphK1 gene deleted 

had an increase in cytochrome c release and cell death (Tao et al., 2007). S1P also 

was found to have an important role in vascular function during hypoxia. An 

example of this is the study carried out by Alganga et al. (2019) in which they 

reported a vasodilation response of rat aortic rings after a brief period of hypoxia. 

This effect was due to a rise in SphK1 expression in endothelium, which also 

enhances the vasorelaxation impact of S1P via activation of S1P3 receptors. In 

conclusion, the induction of vasodilation by hypoxia, whether directly on the 

vascular beds or indirectly via the paracrine action of PVAT, is still contentious 

and requires further research. 
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1.6.6 Interplay between the sphingolipid signalling system and 
adiponectin 

The interaction between adiponectin signalling and the sphingolipid system forms 

a crucial axis in regulating cellular metabolism, membrane composition, and 

survival. Adiponectin, through its receptors AdipoR1 and AdipoR2, exhibits 

intrinsic ceramidase activity that degrades ceramide into sphingosine, which is 

subsequently phosphorylated by SphKs to produce S1P (Holland et al., 2010, 

Sharma and Holland, 2017). Activation of AdipoR1 and AdipoR2 also stimulates the 

production of sphingosine and S1P, leading to improved metabolic outcomes, 

including enhanced insulin sensitivity, reduced inflammation, and activation of 

AMPK (Bikman and Summers, 2011). Overexpression of either receptor isoform 

reduces hepatic ceramide levels and enhances ceramidase activity (Tao et al., 

2014). Furthermore, S1P produced through AdipoR1/2 signalling activates 

downstream transcriptional regulators, including sterol regulatory element-

binding protein 1 (SREBP1) and PPARγ, particularly via S1P3 activation, leading to 

increased expression of stearoyl-CoA desaturase (SCD). This promotes the 

synthesis of monounsaturated fatty acids, which are essential for maintaining 

membrane lipid fluidity and homeostasis (Ruiz et al., 2022). In differentiated 

C2C12 myotubes, globular adiponectin treatment enhances both the expression 

and phosphorylation of SphK1 and SphK2 and increases S1P4 mRNA expression 

(Bernacchioni et al., 2022). Inhibition of SphK1 and SphK2 using PF543 and 

ABC294640, respectively, significantly impairs adiponectin-induced improvements 

in mitochondrial oxidative metabolism and electrophysiological responses in 

skeletal muscle (Bernacchioni et al., 2022). Additionally, adiponectin promotes 

the extracellular release of S1P, which binds to surface S1P receptors and protects 

cells from palmitate-induced oxidative stress and apoptosis (Botta et al., 2020). 

Notably, S1P signalling also regulates adiponectin expression. Treatment of 3T3-

L1 preadipocytes with S1P inhibits adipocyte differentiation and lipid 

accumulation, accompanied by downregulation of key transcriptional factors 

including PPARγ and C/EBPα, as well as reduced adiponectin expression (Moon et 

al., 2014). Conversely, pharmacological or genetic inhibition of S1P2 promotes 

adipogenesis, lipid accumulation, and upregulation of these transcriptional 

factors, along with increased adiponectin expression (Moon et al., 2015, Jeong et 

al., 2015). Supporting this, deletion of SphK1 in obese mice reduces pro-

inflammatory cytokines and increases anti-inflammatory mediators, including the 
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cytokine IL-10 and the adipokine adiponectin, in epicardial adipose tissue (Wang 

et al., 2014). Importantly, in the absence of both AdipoR1 and AdipoR2, 

ceramidase activity is severely reduced, resulting in ceramide accumulation and 

increased susceptibility to lipotoxic cell death (Holland et al., 2010). Although this 

axis has been studied in skeletal muscle, liver, and adipocytes, the interplay 

between adiponectin and sphingolipid signalling in the context of blood vessels 

and PVAT remains to be fully elucidated.  
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1.7 Hypothesis and Aim  

Hypoxia is a hallmark of expanding adipose depots and acutely modulates PVAT 

signalling. I hypothesise that acute hypoxia reprograms PVAT and adipocyte 

secretory and signalling pathways, particularly adiponectin and the SphK1/S1P 

axis. In systemic vessels, PVAT will augment hypoxia-induced vasorelaxation, 

while specific receptor pathways, β3-adrenoceptor and AdipoR1, and S1P and S1P2, 

will differentially modulate this response depending on PVAT presence and 

endothelial integrity. 

Thus, the principal research aim of this thesis was to define how acute hypoxia 

remodels adipocyte and PVAT signalling and how this controls vascular reactivity 

in rat thoracic aorta and mesenteric arteries. This was achieved through the 

following experimental aims: 

1. To determine the effects of hypoxia on phenylephrine-induced contraction 

and cromakalim-induced relaxation in rat thoracic aorta and mesenteric 

arteries with and without PVAT and endothelium, and to compare pre-

exposure to hypoxia with acute hypoxia applied to constricted arteries. 

2. To test whether adiponectin signalling contributes to hypoxic 

vasorelaxation by defining acute hypoxia effects on adiponectin protein, 

mRNA and release in 3T3-L1 adipocytes and in thoracic versus mesenteric 

PVAT, and by pharmacologically modulating β3-adrenoceptors and AdipoR1 

during hypoxia in thoracic aorta. 

3. To investigate whether hypoxia regulates the SphK/S1P pathway in 

adipocytes and PVAT by measuring SphK1 and SphK2 mRNA, SphK1 

phosphorylation and abundance, and S1P levels and release, and to assess 

how exogenous S1P or selective S1P2 activation influence hypoxia-induced 

relaxation. 
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Chapter 2 - Materials and Methods 
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Materials 

2.1 Animals 

All animal experiments were conducted in accordance with United Kingdom Home 

Office Legislation under the Animals (Scientific Procedures) Act 1986 and under 

project licence PP1756142, held by Professor Simon Kennedy. All procedures on 

the licence have been reviewed and approved by the local Animal Welfare and 

Ethical Review Body (AWERB). Male Sprague-Dawley (SD) rats, weighing between 

180–210g, were acquired from ENVIGO (UK) and housed in the Central Research 

Facility (CRF) at the University of Glasgow. The animals were maintained under 

controlled conditions, including a 12-hour light-dark cycle and a stable room 

temperature of 21°C, with free access to food and water. Animals were fed a 

standard maintenance chow diet (RM1, Rat and Mouse No.1 Maintenance, Special 

Diets Services), composed of wheat, barley, wheatfeed, de-hulled extracted 

toasted soya, soya protein concentrate, macro minerals, soya oil, whey powder, 

amino acids, vitamins, and micro minerals. The calculated approximate analysis 

of RM1 is : moisture 10.0%, crude protein 14.38%, crude oil 2.71%, crude fibre 

4.65%, ash 6.0%, and nitrogen-free extract 61.73%, with metabolisable energy of 

10.74 MJ/kg. All animals were humanely euthanised using an approved Schedule 

1 method before any experimental procedures were conducted. 

2.2 Materials and chemicals 

A list of the materials and chemicals used, along with their suppliers, is provided 

in Table 2-1. 

Table 2-1 Materials and chemicals by supplier 

Supplier Materials & chemicals (catalogue number) 

Tocris Bioscience, Bristol, UK 

▪ Sphingosine 1 Phosphate (1370) 

▪ Troglitazone (3114) 

▪ CL 316243 disodium salt (1499) 

Cayman Chemical, USA ▪ CYM 5478 (29024) 

Sigma-Aldrich (Merck Life 

Science UK Ltd, Gillingham, 

Dorset, UK) 

 

▪ Cobalt (II) chloride hexahydrate (C8661) 

▪ PF543 (PZ0234) 

▪ Bovine Serum Albumin Fraction V, heat shock 

250g (3116956001) 

▪ Bovine Serum Albumin (BSA) (PB1600-100) 
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▪ Phenylephrine (P6126) 

▪ Lactate Dehydrogenase Activity Assay Kit 

(MAK066) 

▪ 3-Isobutyl-1-methylxanthine (IBMX) (I5879) 

▪ Dexamethasone (D4902) 

▪ Acetylcholine (A6625) 

▪ Tween-20 (P2287-MKBQ9465V) 

▪ Porcine Insulin (I5523) 

▪ Cromakalim (C1055-10MG) 

▪ Cycloheximide (239763) 

▪ CA-074 Me (205531) 

▪ Protran® Premium Western blotting 

membranes, nitrocellulose, pore size 0.2 µM, 

roll W × L 300 mm × 4 m (GE10600004) 

▪ Corning tissue culture T75/T150 flasks 

▪ 10 cm diameter dishes 

Pall Corporation, Portsmouth, 

UK 

▪ Transfer Membrane, BioTrace™ NT, 

Nitrocellulose, Pore Size: 0.2 µm, Rolls, 

300×3000 (66485) 

Thermo Fisher Scientific, UK 

▪ Pierce™ BCA Protein Assay Kits (23227) 

▪ RIPA Lysis and Extraction Buffer (89900) 

▪ Halt™ Protease and Phosphatase Inhibitor 

Cocktail (100X) (78440) 

▪ Ammonium persulfate, 99+%, for molecular 

biology, DNAse, RNAse, and Protease free 

(327085000) 

▪ Taqman® Fast Advance Master Mix (4444557) 

▪ High-Capacity cDNA Reverse Transcription Kit 

(4368814) 

▪ Taqman® Universal Master Mix II (4440040) 

Bio-Techne Ltd./R&D Systems, 

Abingdon, Oxfordshire, UK 

▪ Rat Total Adiponectin/Acrp30 Quantikine 

ELISA Kit (RRP300) 

▪ Proteome Profiler Rat Adipokine Array Kit 

(ARY016) 

Stratech, Ely, Cambridgeshire, 

UK 

▪ Adiponectin blocking peptide (GTX31718-PEP-

GTX 50 ul), Manufacturer: GeneTex 

▪ MG-132 (A2585-APE), Manufacturer: Apexbio 

Invitrogen (GIBCO Life 

Technologies Ltd), Paisley, UK 

▪ NuPAGE™ LDS Sample Buffer (4X) (NP0007) 

▪ Trypsin (T4049-844169) 

▪ Foetal calf serum (FCS) (EU origin) 

▪ Foetal calf serum (FCS) (USA origin) 

▪ Phosphate Buffered Saline (PBS) (14190144) 



Chapter 2  52 

▪ Dulbecco’s Modified Eagles Media (DMEM), 

high glucose (11965092) 

▪ Penicillin/Streptomycin (15140-122) 

▪ Newborn calf serum (NCS) 

Clinisciences, France/UK 
▪ Rat Sphingosine 1 Phosphate (S1P) ELISA Kit 

(MBS1600586-96), Manufacturer: MyBioSource 

Enzo Life Sciences, Exeter, UK ▪ Blocking peptide for Adiponectin receptor 1 

pAb (ALX-210-645 ALX-151-045 100UL) 

▪ Lactacystin (BML-PI104-0200) 

LI-COR, Biosciences, Lincoln, 

NE, USA 

▪ REVERT Total Protein Stain (926-11010) 

New England Biolabs Inc, 

Hitchin, UK 

▪ Blue Prestained Protein Standard, Broad 

Range (11-250 kDa) (P7719S) 

Qiagen Ltd, Manchester, UK ▪ RNeasy Lipid Tissue Mini Kit (74804) 

▪ RNeasy Mini Kit (74104) 

Severn Biotech Ltd, 

Kidderminster, Hereford, UK 

▪ Acrylamide:Bisacrylamide (37.5:1; 30% (w/v) 

Acrylamide) (20-2100-10) 

VWR International Ltd, 

Leicestershire, UK 

▪ Falcon tissue culture 6/12 well plates 

▪ Falcon tissue culture 10 cm diameter dishes 

 

2.3 List of specialist equipment and suppliers 

A list of the equipment used, along with the respective suppliers, is provided in 

Table 2-2. 

Table 2-2 Equipment and supplier 

Supplier Equipment 

LI-COR Biotechnology, USA 
▪ Odyssey Sa Infrared Imaging System 

and Software 

Thermo Scientific, Thermo Fisher 

Scientific, Waltham, MA, USA 

▪ Multiskan™ FC Microplate Photometer 

▪ Nanodrop spectrophotometer 

Bio-Rad Laboratories Ltd, UK 
▪ Mini Trans-Blot Electrophoretic 

Transfer Cell + Power pack 

BMG Labtech, Ortenberg, 

Germany 

▪ FLUORstar OPTIMA Microplate Reader 

Danish Myo Technology, Aarhus, 

Denmark 

▪ Nanodrop spectrophotometer 
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ADInstruments, Oxford, UK ▪ LabChart™ 8 Pro software 

Applied Biosystems, Thermo 

Fisher Scientific, Waltham, MA, 

USA 

▪ QuantStudio™ 12K Flex Real-Time 

PCR System 

Billups-Rothenberg, Inc., San 

Diego, CA, USA 

▪ Modular Incubator Chamber 

 

2.4 Standard solutions 

A list of the buffers and solutions used is provided in Table 2-3.  Unless 

otherwise specified, all solutions and reagents were prepared using distilled 

water.  

Table 2-3 Buffers and solutions 

Name Composition  

RIPA lysis buffer (1X) 

50 mM Tris-HCl pH 7.4, 50 mM NaF, 1 mM Na 

pyrophosphate, 1 mM EGTA, 1 mM EDTA, 150 

mM NaCl, 1.0% (v/v) Nonidet P-40 (NP-40), 1% 

(w/v) sodium deoxycholate, 0.1% (w/v) SDS, 

250 mM mannitol, 1 mM DTT, 1 mM 

benzamidine, 0.1 mM PMSF, 1 mM Na 

vanadate, 5 µg/mL soybean trypsin inhibitor. 

Sodium Dodecyl Sulfate-

Polyacrylamide Gel Electrophoresis 

(SDS-PAGE) Resolving Gel Solution 

(8–15% Acrylamide) 

8–15% (v/v) acrylamide, 0.163–0.408% (v/v) 

bisacrylamide, 125 mM Tris-HCl (pH 8.8), 0.1% 

(w/v) SDS, 0.1% (w/v) ammonium persulfate, 

and 0.05% (v/v) TEMED. 

SDS-PAGE Stacking Gel Solution 

250 mM Tris-HCl (pH 6.8), 5% (v/v) 

acrylamide, 0.1% (w/v) SDS, 0.1% (w/v) 

ammonium persulfate, and 0.05% (v/v) 

TEMED. 

SDS-PAGE Running Buffer 
25 mM Tris base, 190 mM glycine, and 0.1% 

(w/v) SDS. 

Transfer Buffer 
25 mM Tris base, 192 mM glycine, and 20% 

(v/v) ethanol. 

Tris-Buffered Saline (TBS) 20 mM Tris-HCl (pH 7.5) and 137 mM NaCl. 

Tris-Buffered Saline with Tween 20 

(TBST) 

20 mM Tris-HCl (pH 7.5), 137 mM NaCl, and 

0.1% (v/v) Tween 20. 



Chapter 2  54 

5% Blocking Buffer 
Prepared by dissolving 1 g of milk powder in 

20 mL of TBST. 

Physiological Salt Solution (PSS) 

4.7 mM KCl, 1.2 mM MgSO₄, 24.9 mM NaHCO₃, 

1.2 mM KH₂PO₄, 2.5 mM CaCl₂, 11.1 mM 

glucose, and 119.0 mM NaCl; pH 7.4. 

High Potassium Physiological Salt 

Solution (KPSS) 

62.5 mM KCl, 1.2 mM MgSO₄, 24.9 mM 

NaHCO₃, 1.2 mM KH₂PO₄, 2.5 mM CaCl₂, and 

11.1 mM glucose; pH 7.4. 

 

2.5 Antibodies 

Details of the primary and secondary antibodies used in these experiments for 

Western blotting are presented in Table 2-4 and Table 2-5. All primary antibodies 

were diluted in TBST with 5% (w/v) bovine serum albumin (BSA) and incubated 

overnight at 4°C, according to the manufacturer’s instructions. Similarly, all 

secondary antibodies were prepared in TBST with 5% (w/v) BSA and incubated at 

room temperature for 1 hour with shaking, following the manufacturer’s 

instructions. 

Table 2-4 Primary antibodies for immunoblotting 

Antibody Clonality 
Host 

species 
Dilution 

Manufacturer (product 

number) 

SphK1 Polyclonal Mouse 1:500 Santa Cruz (sc-365401) 

Phospho-SphK1 

(Ser225) 

Polyclonal Rabbit 1:1000 ECM Biosciences (SP1641) 

Phospho-SphK1 

(Ser225)  

Polyclonal Rabbit 1:1000 Proteintech Group, Inc 

(19561-1-AP) 

GAPDH Polyclonal Rabbit 1:1000 Invitrogen (PAI-988) 

Adiponectin Monoclonal Rabbit 1:1000 Cell Signalling Technology 

(2789) 

Table 2-5 Secondary antibodies for immunoblotting 

Conjugate Epitope 
Host 

species 
Dilution Manufacturer (product number) 

IRDye® 

680CW 

Mouse Donkey 1:10000 LI-COR Biosciences, USA (925-

68072) 
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IRDye® 

800CW 

Mouse Donkey 1:10000 LI-COR Biosciences, USA (926-

32212) 

IRDye® 

680CW 

Rabbit Donkey 1:10000 LI-COR Biosciences, USA (926-

68073) 

IRDye® 

800CW 

Rabbit Donkey 1:10000 LI-COR Biosciences, USA (926-

32213) 

 

2.6 List of TaqMan probes 

The TaqMan probes used for quantitative real-time PCR (qPCR) analysis to assess 

gene expression levels were obtained from Thermo Fisher Scientific and are 

presented in Table 2-6. 

Table 2-6 TaqMan probes for quantitative real-time PCR (qPCR) 

TaqMan probe name(mRNA) Species Assay ID 
Fluorophore 

(reporter dye) 

Sphingosine kinase 2 

(SphK2) 

Mouse Mm00445021_m1 Fluorescein 

Amidite (FAM) 

Sphingosine kinase 1 

(SphK1) 

Mouse Mm00448841_g1 FAM 

Sphingosine kinase 1 

(SphK1) 

Rat Rn00682794_g1 FAM 

Adiponectin (Adipoq) Mouse Mm04933656_m1 FAM 

Adiponectin (Adipoq) Rat Rn00595250_m1 FAM 

TATA box binding protein 

(Tbp) 

Mouse Mm01277042_m1 FAM 

TATA box binding protein 

(Tbp) 

Rat Rn01455646_m1 FAM 
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Methods  

2.7 Functional study (Wire Myography) 

2.7.1 Vessel preparation and mounting for functional studies 

For the preparation of arteries for functional studies, SD rats weighing 180–300 g 

were humanely euthanised either by intraperitoneal administration of 

pentobarbital (200 mg/mL) or by gradually increasing CO₂ concentration in an 

enclosed chamber. For logistical reasons, pentobarbital was used only for the 

initial thoracic aorta experiments described in Section 3.3.2, which included a 

small number of vessels (n = 1–2 per condition). All subsequent vascular 

experiments were conducted in rats euthanised by CO₂ overdose. Following 

euthanasia, either the thoracic aorta or first- or second-order branches of 

mesenteric arteries (from the ileum) were carefully dissected and immediately 

placed into cold PSS.  

Thoracic aortae were cut into 2–3 mm rings, while mesenteric arteries were cut 

into 1–2 mm segments, both under a binocular microscope and PVAT was either 

removed or preserved depending on the experimental design. Thoracic aortic rings 

were mounted on pins in a four-channel myograph (Figure 2-1), whereas 

mesenteric rings were mounted in a four-channel wire myograph (Figure 2-2) using 

two 40 µm diameter, 2 cm long stainless steel wires passed through the vessel 

lumen and secured between stainless steel jaws. One jaw was connected to a 

force transducer to measure isometric tension, and the other to an adjustable 

micrometer for precise control of resting force. Mounted vessels were incubated 

at 37°C in PSS, continuously gassed with 95% O₂ and 5% CO₂, and allowed to 

equilibrate at a resting tension of 0 mN for 30 minutes. Arterial rings were then 

stretched incrementally (~2 mN steps), with each stretch held for approximately 

5 minutes until reaching an optimal tension of 9.81 mN, as previously established 

for rat aorta using similar myographic protocols (Alganga et al., 2019). Mesenteric 

arteries were normalised using the DMT Normalisation Module in LabChart, 

following the manufacturer’s procedure. Vessels were gradually stretched in small 

increments (~50 µm) using the micrometer, and passive tension was recorded at 

each step. The software automatically generated the tension–internal 

circumference curve and calculated the internal circumference corresponding to 
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a transmural pressure of 100 mmHg (IC₁₀₀). Each vessel was then set to 90% of this 

value (IC₁/IC₁₀₀ = 0.9), which is the recommended setting for rat mesenteric 

arteries. This ensured that each segment was standardised to its optimal resting 

tension before experiments. The internal diameter of the mesenteric arteries was 

calculated from the IC₁₀₀ values. Across all experiments, the mean internal 

diameter was 304.3 ± 83.5 µm. 

To assess vessel viability post-mounting, all arterial segments were stimulated 

twice with 5 mL pre-warmed (37°C) high potassium physiological salt solution 

(KPSS, 62.5 mM). Between stimulations, vessels were washed three times with 

pre-warmed PSS to ensure adequate recovery. This procedure confirmed tissue 

responsiveness and sensitised the vessels before exposure to pharmacological 

agents. Thoracic aortic rings were considered viable only if they produced a KPSS-

induced contraction of at least 4.90 mN (0.5 g). For mesenteric arteries, only 

PVAT-intact segments generated contractions greater than 2 mN and were 

therefore deemed viable. LabChart™ 8 Pro software was used to record and 

analyse vessel responses to various reagents. All force measurements were initially 

recorded in milliNewtons (mN). For analysis of concentration–response curves, 

contractile responses were normalised to the maximal contraction induced by 

KPSS and expressed as a percentage of KPSS (%KPSS). No length-normalisation 

(mN/mm) was applied. 
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Figure 2-1 Representative images of rat thoracic aortic rings mounted on pins in a 
myograph.  Thoracic aortic segments (2–3 mm) with PVAT (A) and without PVAT (B) were 
mounted on two pins. One pin was connected to a force transducer linked to a computer for 
recording changes in vessel tone, while the other was attached to an adjustable micrometer to 
precisely regulate tension on the arterial ring. 

 

Figure 2-2 Representative images of rat mesenteric arterial rings mounted on a wire 
myograph.  Mesenteric artery segments (1–2 mm) with PVAT (A) and without PVAT (B) were 
secured on two 40 µm diameter wires. One wire was connected to a force transducer linked to a 
computer for recording changes in vessel tone, while the other was attached to an adjustable 
micrometer to precisely regulate tension on the arterial ring. 
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2.7.2 Testing the viability of the endothelium for vessel 
functional studies 

To test the viability of the endothelium, mesenteric and thoracic arterial rings 

were precontracted with phenylephrine (PE) at 10 µM for mesenteric arteries and 

1 µM for thoracic arteries, until a stable contraction plateau was reached. 

Endothelial function was then assessed by adding acetylcholine (ACh) at 10 µM for 

mesenteric arteries and 1 µM for thoracic arteries. A relaxation of ≥ 50% in 

response to ACh confirmed an intact endothelium, whereas a relaxation of ≤ 20% 

indicated successful endothelial denudation (Figure 2-3). In some experiments, 

the endothelium was mechanically removed by gently rubbing the intimal surface 

with forceps, which was applied to thoracic aorta only. Rings with denuded 

endothelium were then used to compare vascular responses with those of 

endothelium-intact segments. For mesenteric arteries, no mechanical removal 

was required; PVAT-intact rings showed functional endothelial relaxation, 

whereas PVAT-denuded mesenteric segments did not relax to ACh and were 

therefore classified as endothelium-denuded. 

 

Figure 2-3 Assessing endothelial viability 
Vessels were mounted in myograph baths and precontracted with phenylephrine (PE). Once a stable 
tension was achieved, the endothelium-dependent vasodilator acetylcholine (ACh) was 
administered. (A) Vessels exhibiting ≥50% relaxation in response to ACh were classified as 
endothelium-intact rings, while (B) vessels showing ≤20% relaxation were considered endothelium-
denuded rings. 
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2.7.3 Hypoxia induction protocol 

Hypoxia was induced by altering the gas composition used to bubble the myograph 

chamber, replacing 95% O₂ and 5% CO₂ with 95% N₂ and 5% CO₂ for 30 minutes. In 

some experiments, the gas mixture was returned to control conditions before 

conducting dose-response curves for PE and the vasodilator cromakalim (CK). 

2.7.3.1 Hypoxia exposure followed by dose-response curves to 
phenylephrine 

To investigate the impact of hypoxia on the contraction response to PE, thoracic 

aortic and mesenteric rings were subjected to a 30-minute hypoxic period 

followed by re-oxygenation and maintenance under normoxic conditions. 

Subsequently, concentration-response curves were constructed by incrementally 

adding phenylephrine (ranging from 1×10-9 M to 3×10-5 M), with a 10-minute 

interval between each addition. 

2.7.3.2 Hypoxia exposure followed by dose-response curves to cromakalim 

Thoracic aortic rings were pre-contracted using PE (1×10-6 M). Once a stable 

contraction level was achieved, concentration-response curves to the potassium-

channel opener cromakalim were generated by gradually adding increasing 

concentrations (ranging from 1x10-9 M to 1x10-6 M) at intervals of 10 minutes. The 

responses were calculated as the percentage decrease in PE-induced tone. 

2.7.3.3 Effect of hypoxia on precontracted vessels 

Hypoxia was induced in the organ baths for 30 minutes following pre-contraction 

with PE. Measurements were recorded during hypoxic conditions, 30 minutes after 

induction, without re-oxygenation. 

2.7.4 Effect of S1P and S1P2 agonist (CYM 5478) on vascular 
reactivity 

To investigate whether S1P is involved in modulating vascular reactivity under 

hypoxic conditions, vehicle, S1P (10 µM) or the S1P2 agonist CYM 5478 (10 µM) was 

added to the organ bath containing the vessel precontracted with PE, followed by 

hypoxia induction for 30 minutes. Measurements were then recorded at the end 

of the hypoxic period. These concentrations (10 µM) match those previously used 
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to activate S1P signalling (Moon et al., 2014, Mensah et al., 2017, Wang et al., 

2020c). 

2.7.5 Effects of β3-Adrenoceptor agonists and adipoR1B on 
vascular reactivity 

To examine the role of adiponectin in PVAT-induced relaxation under hypoxic 

conditions, endothelium-intact or denuded thoracic aortic rings, with or without 

PVAT were precontracted with PE. Adiponectin blocking peptide against 

adiponectin receptor 1 (AdipoR1B) (5 μg/mL) or β3-AR agonist (CL-316,243; 10 µM) 

was then added before inducing hypoxia for 30 minutes. Measurements were 

recorded at the end of the hypoxic period. The concentrations used for AdipoR1B 

(5 µg/mL) and CL-316,243 (10 µM) were selected based on previous studies 

(Almabrouk et al., 2017, Saxton et al., 2018, Weston et al., 2013). 

2.8 Cell culture procedures 

2.8.1 Recovery of cryopreserved cell stocks from liquid nitrogen 

3T3-L1 preadipocytes, a mouse fibroblast cell line originally obtained from the 

American Type Culture Collection (ATCC, Manassas, VA, USA), were kindly 

provided by Dr. Ian Salt (School of Molecular Bioscience, University of Glasgow). 

The cells were stored frozen in cryogenic vials in liquid nitrogen until use. When 

required, the vials were rapidly thawed by immersion in a 37°C water bath. The 

thawed cells were then transferred under sterile conditions to a Corning T75 

culture flask containing 10 mL of pre-warmed Dulbecco's Modified Eagle’s Medium 

(DMEM) supplemented with 10% (v/v) newborn calf serum (NCS) and 1% (v/v) 

penicillin/streptomycin. The culture medium had been pre-equilibrated to 37°C 

in a humidified incubator maintained at 10% (v/v) CO₂. The cells were incubated 

overnight at 37°C in a humidified atmosphere with 10% (v/v) CO₂. The following 

day, the medium was aspirated to remove cryoprotective agents and cellular 

debris, and fresh DMEM was added to provide optimal conditions for cell viability 

and growth.  
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2.8.2 Cell culture growth media and passaging 3T3-L1 cells 

The preadipocytes were cultured at 37°C in a humidified atmosphere containing 

10% (v/v) CO2 in T75 flasks using DMEM supplemented with 10% (v/v) newborn calf 

serum (NCS). The culture medium was replenished every two days. When the cells 

reached approximately 80% confluency, they were routinely passaged. To do so, 

the cell growth medium was aspirated, and the cells were rinsed with 5 mL of pre-

warmed sterile phosphate-buffered saline (PBS). Subsequently, the cells were 

detached from the flasks by adding 3 mL of sterile trypsin-EDTA solution (0.05% 

v/v) to each T75 flask and incubating at 37°C for one minute. The trypsin activity 

was then halted by adding an appropriate volume of DMEM/NCS, and the cell 

suspension was divided as needed. For experimental purposes, 3T3-L1 

preadipocytes were cultured in Falcon 10 cm diameter dishes or Falcon 6 or 12-

well plates. For all 3T3-L1 culture experiments, each ‘n’ value represents an 

independent vial of cells subjected to the full experimental protocol. 

2.8.3 Preparation of 3T3-L1 cells for freezing 

The culture medium was aspirated from the T75 flasks, and the cells were 

detached by adding 3 mL of sterile 0.05% (v/v) trypsin-EDTA per flask. The flasks 

were then incubated at 37°C for one minute to facilitate cell detachment. To 

neutralize the trypsin, 7 mL of DMEM was added to each flask before transferring 

the cell suspension into 15 mL universal tubes. The cells were then pelleted by 

centrifugation at 350 × g for 5 minutes. After removing the supernatant, the 

pellets were resuspended in freezing medium, consisting of foetal calf serum (FCS) 

supplemented with 10% (v/v) dimethyl sulfoxide (DMSO). The cell suspension was 

then aliquoted into polypropylene cryogenic vials, which were placed in a 

polycarbonate freezing container and stored at -80°C for 24 hours before being 

transferred to liquid nitrogen for long-term preservation. 

2.8.4 Preparation of 3T3-L1 preadipocyte differentiation medium 

To induce the maturation of 3T3-L1 preadipocytes into adipocytes, an adipogenic 

mixture was prepared. The differentiation medium contained DMEM supplemented 

with 10% (v/v) fetal calf serum (FCS), 0.5 mM 3-isobutyl-1-methylxanthine (IBMX), 

0.25 mM dexamethasone, 1 µg/mL insulin, and 5 µM troglitazone, which 
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underwent 0.22 µm filter (Millipore® Stericup® Quick Release Vacuum Filtration 

System) sterilization before use. 

2.8.5 3T3-L1 preadipocyte differentiation protocol  

3T3-L1 cells were cultured in DMEM supplemented with 10% NCS and antibiotics 

(100 μg/ml (w/v) penicillin-streptomycin). Upon reaching confluence, typically 

within two days, the cells were incubated with the differentiation medium. By 

day 3, the medium was replaced with DMEM containing 10% FCS, 5 µM troglitazone, 

and 1 µg/ml insulin, which underwent 0.22 µm filter sterilization before use. By 

day 6, the medium was changed again to DMEM with just 10% FCS and antibiotics, 

and cells were typically utilised between day 8 and day 12 of the culture period. 

In this study, the successful differentiation of 3T3-L1 preadipocytes into mature 

adipocytes was confirmed by observing morphological changes under the 

microscope. Mature adipocytes typically exhibit a rounded, lipid-laden 

appearance, in contrast to the spindle-shaped, fibroblast-like form of 

preadipocytes (Figure 2-4). 

 

Figure 2-4 Morphological changes in 3T3-L1 cells during adipocyte differentiation 
3T3-L1 fibroblasts were differentiated into mature adipocytes as described in the methods. (A) 
Representative image of 3T3-L1 preadipocytes at Day 0, displaying their morphology before 
differentiation. (B) Representative image of fully differentiated 3T3-L1 adipocytes at Day 8, illustrating 
the morphological changes associated with adipogenesis. 

2.8.6 Hypoxia induction protocol for 3T3-L1 adipocytes  

Hypoxia was induced in 3T3-L1 adipocytes between day 8 and day 12 post-

differentiation using either chemical or physical methods. For chemical hypoxia, 

cells were serum-starved in serum-free DMEM for 2 hours at 37°C in 10% (v/v) CO₂ 

before being treated with 200 µM cobalt chloride (CoCl₂). CoCl₂ acts as a chemical 
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hypoxia mimetic by stabilising HIF-1α through inhibition of prolyl hydroxylase 

(PHD) enzymes, thereby preventing HIF-1α degradation and activating hypoxia-

responsive cellular pathways even under normoxic oxygen conditions. The CoCl₂ 

concentration (200 µM) was selected based on a previous study showing reliable 

HIF-1α stabilisation and chemical hypoxia induction in adipocytes (Wang et al., 

2007). 

For physical hypoxia, a Modular Incubator Chamber (Figure 2-5) was used to create 

a controlled low-oxygen environment. Cells were serum-starved for 2 hours at 

37°C in 10% (v/v) CO₂, then placed inside the chamber. The inlet and outlet ports 

were connected to a pre-mixed hypoxic gas cylinder (1% O₂, 5% CO₂, balance N₂) 

via tubing, and a flow meter was used to flush the chamber with the hypoxic gas 

mixture for 2–5 minutes to ensure complete displacement of ambient air. The 

chamber was then sealed and incubated at 37°C for different time points, up to a 

maximum of 6 hours, as for time points beyond this the hypoxic gas mixture would 

require to be refilled. 

 

Figure 2-5 Modular incubator chamber for hypoxia induction. 
The Modular Incubator Chamber was used for physical hypoxia induction in 3T3-L1 adipocytes by 
creating a controlled low-oxygen environment. The chamber is equipped with a ring clamp to secure 
the lid tightly, preventing gas leakage and maintaining hypoxic conditions. The gas inlet port is 
connected to a pre-mixed hypoxia gas cylinder (1% O₂, 5% CO₂, balance N₂), while the gas outlet 
port ensures controlled gas flow within the chamber. The chamber lid securely encloses the culture 
plates, allowing stable hypoxic conditions to be maintained. 
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2.8.7 Preparation of 3T3-L1 cell lysates 

Cells were cultured in 6-well plates, differentiated, and between day 8 and day 

12, preincubated for 30 minutes at 37°C with either vehicle, S1P (10 µM), MG132 

(10 µM), lactacystin (10 µM), CA-074ME (10 µM), a combination of MG132 and CA-

074ME, or left untreated as a control. Preincubation was performed in serum-free 

DMEM. Following this, the medium was removed, and cells were re-incubated with 

the same treatments in fresh media, either under normoxic or hypoxic conditions, 

as described in the previously outlined protocol.  

After treatment, the culture medium was aspirated, and the cells were rinsed 

with ice-cold PBS. Subsequently, 150 µL of ice-cold RIPA (Radio-

Immunoprecipitation Assay) lysis buffer was added to each well. The cells were 

then gently scraped on ice and transferred to pre-chilled microcentrifuge tubes. 

To ensure efficient lysis, the samples were briefly sonicated for 5 seconds, 

followed by centrifugation at 17,000 × g for 10 minutes at 4°C. Finally, the 

supernatants were collected and stored at -20°C for future analysis. 

2.9 PVAT tissue procedures 

2.9.1 PVAT treatment and hypoxia exposure protocol  

Mesenteric and thoracic PVAT samples were carefully dissected from male SD rats 

and weighed. A portion of these samples, weighing approximately 20–30 mg, was 

preincubated at 37°C for 30 minutes in 500 µL of preoxygenated PSS, composed 

of: 118 mM NaCl, 4.7 mM KCl, 1.2 mM MgSO₄, 25 mM KH₂PO₄, 11 mM glucose, and 

2.5 mM CaCl₂. The samples were either left untreated (control) or treated with 

cycloheximide (10 µM), MG132 (10 µM), lactacystin (10 µM), CA-074ME (10 µM), or 

a combination of MG132 and CA-074ME. The concentrations of cycloheximide, 

MG132, lactacystin and CA-074ME (all 10 µM) were based on the study by Alganga 

et al. (2019), who used these doses to investigate protein synthesis and 

degradation pathways in rat aorta. These pharmacological inhibitors were used to 

assess whether proteasomal or lysosomal turnover contributes to changes in SphK1 

stability under hypoxic conditions. Cycloheximide inhibits new protein synthesis, 

MG132 and lactacystin inhibit proteasomal degradation, and CA-074ME blocks 

cathepsin-dependent lysosomal degradation. Combined MG132 and CA-074ME 

treatment allows simultaneous inhibition of both pathways. This approach was 
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used to test whether protein synthesis or degradation mechanisms regulate SphK1 

stability in PVAT. Following preincubation, the tissues were subjected to either 

normoxic or hypoxic conditions for 30 minutes. Normoxic conditions were 

maintained with a 95% O₂ and 5% CO₂ gas mixture, while hypoxic conditions were 

induced by switching to 95% N₂ and 5% CO₂ for the same duration. After treatment, 

the tissues were immediately snap-frozen in liquid nitrogen and stored at -80°C 

for further analysis. Additionally, the conditioned media was collected, rapidly 

frozen in liquid nitrogen, and stored at -80°C for subsequent experiments. 

2.9.2 Preparation of PVAT tissue lysates 

Mesenteric and thoracic PVAT samples were retrieved from -80°C storage and 

transferred to pre-chilled microcentrifuge tubes. The tissues were homogenized 

in 250 µL of ice-cold RIPA lysis buffer using a battery-operated pestle motor mixer 

(Sigma-Aldrich, UK). To ensure efficient disruption, the samples underwent 

sonication for 20 seconds, followed by vortexing and incubation on ice for 15 

minutes. The lysates were then centrifuged at 17,000 × g for 10 minutes at 4°C, 

and the resulting supernatants were collected and stored at -20°C for future use. 

2.10 RNA extraction and reverse transcription 
polymerase chain reaction (RT-PCR) 

2.10.1 3T3-L1 cell RNA extraction and purification 

Adipocytes cultured in 6-well plates were incubated in serum-free DMEM at 37°C 

with 10% (v/v) CO₂ for 2 hours before hypoxia induction, which was achieved using 

either chemical or physical methods. For chemical hypoxia, cells were treated 

with 200 µM CoCl₂ in serum-free DMEM and maintained at 37°C with 10% CO₂ for 

different time points as specified in the experimental protocol. For physical 

hypoxia, after 2 hours of serum starvation, cells were placed inside a Modular 

Incubator Chamber. The chamber was connected to a pre-mixed hypoxic gas 

cylinder containing 1% O₂, 5% CO₂, and 94% N₂. Once sealed, the chamber was 

incubated at 37°C for different time points, up to a maximum of 6 hours. Following 

treatment, the medium was aspirated, and cells were washed twice with ice-cold 

PBS. 
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Total RNA extraction was performed using the RNeasy Mini Kit according to the 

manufacturer’s protocol. All steps were carried out at room temperature. Each 

well was lysed with 350 µL of RNeasy lysis buffer (RLT), and the lysate was 

collected using a cell scraper. The collected lysate was transferred to a RNeasy 

Mini spin column and homogenized by centrifugation at maximum speed (17,000 × 

g) for 2 minutes. An equal volume of 70% (v/v) ethanol was gently mixed into each 

lysate by pipetting, followed by transfer to separate RNeasy Mini spin columns and 

centrifugation at maximum speed for 1 minute. After discarding the flow-through, 

the columns were washed with 700 µL of wash buffer 1 (RW1) and centrifuged at 

maximum speed for 30 seconds. The flow-through was discarded, and 500 µL of 

wash buffer (RPE) was added to each column, followed by centrifugation for 30 

seconds. This washing step was repeated with an additional 500 µL of buffer RPE, 

followed by centrifugation for 2 minutes. The columns were then transferred to 

fresh 2 mL collection tubes and centrifuged for an additional 3 minutes at 

maximum speed to remove any residual buffer. Finally, the columns were placed 

into new 1.5 mL collection tubes, and RNA was eluted using 30 µL of RNase-free 

water by centrifugation at maximum speed for 1 minute. The quality and 

concentration of the extracted RNA were assessed using a NanoDrop™ 1000 

spectrophotometer, measuring absorbance at 260 nm and 280 nm. RNA purity was 

determined based on the A260/A280 ratio, with all samples falling within the 

acceptable range of 1.8–2.1. Samples were subsequently stored at −80 °C for 

future use. 

2.10.2 PVAT RNA extraction and purification 

Mesenteric and thoracic PVAT samples from male SD rats were carefully dissected 

and weighed before being immersed in physiological salt solution (PSS) and 

incubated at 37°C for 30 minutes. Following preincubation, tissues were exposed 

to either normoxic or hypoxic conditions for 30 minutes. Normoxic conditions were 

maintained using a gas mixture of 95% O₂ and 5% CO₂, while hypoxic conditions 

were induced by replacing oxygen with 95% N₂ and 5% CO₂ in a myograph chamber 

at 37°C. Total RNA was extracted following the Qiagen RNeasy Lipid Tissue Mini 

Kit protocol. Briefly, PVAT samples were transferred into 2 mL collection tubes 

containing two stainless steel beads (5 mm in diameter). QIAzol lysis reagent (1 

mL) was added, and the tissues were homogenized using a TissueLyser LT (Qiagen) 

for 5 minutes. The homogenates were then incubated at room temperature (15–
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25°C) for 5 minutes before the addition of 200 µL chloroform, followed by vigorous 

shaking for 15 seconds. After incubation for 2–3 minutes, the tubes were 

centrifuged at 12,000 × g for 15 minutes at 4°C, leading to the separation into 

three distinct phases: a clear aqueous phase containing RNA, a white interphase, 

and a red organic phase. The upper aqueous phase was carefully transferred to a 

fresh tube and mixed thoroughly with an equal volume of 70% ethanol. 

The RNA-containing solution was then loaded onto a RNeasy Mini spin column 

fitted into a 2 mL collection tube and centrifuged at 8,000 × g for 15 seconds at 

room temperature. The column membrane was washed by adding 350 µL of Buffer 

RW1, followed by centrifugation at 8,000 × g for 15 seconds. To remove genomic 

DNA contamination, 80 µL of DNase I solution was applied directly onto the spin 

column membrane and left at room temperature for 15 minutes. Another 350 µL 

of Buffer RW1 was then added and centrifuged under the same conditions. The 

flow-through was discarded, and the column was washed twice with 500 µL of 

Buffer RPE, followed by centrifugation at 8,000 × g for 15 seconds, then an 

additional 2 minutes to ensure complete removal of residual contaminants. To 

eliminate any residual buffer and ensure column dryness, the RNeasy Mini spin 

column was transferred to a fresh 2 mL collection tube and centrifuged again. 

Finally, the column was placed into a new 1.5 mL collection tube, and 30 µL of 

RNase-free water was applied directly to the membrane to elute the RNA. The 

elution step was completed by centrifugation at 8,000 × g for 1 minute, producing 

a highly concentrated RNA sample. The RNA concentration and purity were 

assessed using a NanoDrop™ 1000 spectrophotometer, and the extracted RNA was 

stored at −80°C for future analysis. 

2.10.3 cDNA generation by polymerase chain reaction (PCR) 

To synthesise cDNA, the High-Capacity cDNA Reverse Transcription Kit was used 

following the manufacturer’s protocol. For each 20 µL reaction, 1 μg of DNase I-

treated RNA was diluted to 10 µL with RNase-free H₂O in a 0.5 mL PCR reaction 

tube and kept on ice. The reverse transcription reaction was prepared by adding 

2 µL of 10X Reverse Transcriptase buffer, 0.8 µL of 25X dNTP Mix (100 mM), 2 µL 

of 10X RT random primers, 1 µL of Multiscribe Reverse Transcriptase, and 4.2 µL 

of RNase-free water to each tube, bringing the final reaction volume to 20 µL. The 

reaction mixture was vortexed briefly and centrifuged for 15 seconds at 17,000 × 
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g, then loaded into a thermal cycler (Eppendorf® Mastercycler®) for reverse 

transcription. The cycling conditions were set as follows: 25°C for 10 minutes, 

37°C for 120 minutes, 85°C for 5 minutes, and 4°C until the tubes were removed 

from the thermal cycler for storage. The synthesised cDNA was stored at -80°C for 

long-term preservation.  

2.10.4 Quantitative real time-PCR (qPCR) 

The mRNA expression of selected genes in adipocytes and PVAT was analysed using 

TaqMan® probes and TaqMan® PCR Master Mix. In a 384-well PCR plate, each well 

contained 1 µL of TaqMan® gene-specific probe (Table 2-6), 2 µL of cDNA, 2 µL of 

Nuclease-free water, and 5 µL of TaqMan® master mix, bringing the total reaction 

volume to 10 µL per well. The plate was sealed with qPCR transparent plastic 

adhesive and centrifuged at 2000 × g for 5 minutes. 

Real-time PCR was performed using the QuantStudio™ 12K Flex Real-Time PCR 

System equipped with a 384-Well Block Module (Applied Biosystems™, Thermo 

Fisher Scientific). The thermal cycling conditions followed a standard qPCR 

protocol, consisting of an initial denaturation step at 95°C for 10 minutes, 

followed by 40 cycles of 95°C for 15 seconds and 60°C for 1 minute, and a final 

step at 55°C for 80 cycles. The mRNA expression levels of SphK1, SphK2, adipoq, 

and the housekeeping gene TATA binding protein (TBP) were quantified using 

QuantStudio™ Real-Time PCR Software. To confirm the suitability of TBP as a 

reference gene, raw Ct values were compared across all experimental conditions 

(normoxia vs hypoxia). TBP expression was stable with no significant variation 

between groups, supporting its use as an appropriate housekeeping gene for qPCR 

normalisation (Figure 2-6). Gene expression was normalised to TBP mRNA levels, 

and relative quantification was calculated using the ΔΔCt method (Rao et al., 

2013).  
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Figure 2-6 Raw Ct values for TBP across experimental groups.  
Raw Ct/Cq values for TBP measured in 3T3-L1 adipocytes and PVAT samples under normoxia and 
hypoxia. (A) TBP expression in 3T3-L1 cells exposed to CoCl2 for 0–6 h (n=3). (B) TBP expression 
in 3T3-L1 cells subjected to hypoxic gas exposure for 1, 3, and 6 h (n=3). (C) TBP expression in 
thoracic aorta PVAT tissue under normoxic and hypoxic conditions (n=6). (D) TBP expression in 
mesenteric PVAT tissue under normoxia and hypoxia (n=3). TBP expression remained stable across 
all conditions, supporting its use as the reference housekeeping gene for ΔΔCt normalisation. Data 
are presented as mean ± SEM with individual biological replicates shown. Statistical significance 
was assessed using a one-way ANOVA with Dunnett’s post-hoc test for multiple comparisons, and 
unpaired Student’s t-tests were used for pairwise group comparisons. 

 

2.11 Protein analysis 

2.11.1 Protein concentration estimation assays 

2.11.1.1 Bicinchoninic acid method (BCA) 

The bicinchoninic acid (BCA) protein assay was used to determine the protein 

concentration of 3T3-L1 adipocytes and PVAT lysates. A standard protein 

calibration curve was generated using BSA dilutions ranging from 0.2 mg/mL to 2 
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mg/mL, with distilled water as the blank. The assay was performed in a 96-well 

plate, where 2 µL of lysate (in duplicate) was added to each well and brought to 

a final volume of 10 µL with distilled water. A working reagent (WR) was freshly 

prepared using the Pierce™ BCA Protein Assay Kit, by mixing BCA Reagent A with 

BCA Reagent B in a 50:1 ratio. A volume of 200 µL of WR was added to each well 

containing either samples or BSA standards. The plate was then covered and 

incubated at 37°C for 10 minutes. Following incubation, the absorbance was 

measured at 595 nm using either a FLUOstar OPTIMA Microplate Reader or a 

Multiskan™ FC Microplate Photometer. The average absorbance of each sample 

was determined in duplicate, and the protein concentration was quantified by 

comparison with the BSA standard curve. 

2.11.2 SDS–polyacrylamide gel electrophoresis 

Protein samples containing 40 μg of total protein were prepared by mixing with 2 

µL of 1 mM dithiothreitol (DTT) and 8 µL of NuPAGE® LDS sample buffer (4X), 

adjusting the final volume to 40 µL. The samples were then heated at 95°C for 5 

minutes before being loaded onto the gel. 

Proteins were separated by sodium dodecyl sulfate-polyacrylamide gel 

electrophoresis (SDS–PAGE) based on their molecular weight. The polyacrylamide 

gels were prepared at either 10% or 12% acrylamide concentration and 

polymerised before being assembled in a Mini-PROTEAN® Tetra Vertical 

Electrophoresis Cell. The system was filled with SDS–PAGE running buffer, 

composed of 190 mM glycine, 25 mM Tris base, and 0.1% (w/v) SDS. Equal amounts 

of protein lysates, as determined by BCA protein quantification, were loaded into 

individual wells, along with a pre-stained broad-range protein standard (11–250 

kDa) in the first lane for molecular weight reference. Electrophoresis was 

conducted in two stages: initially at 80 V for 20 minutes to facilitate stacking, 

followed by an increased voltage of 130–140 V until the tracking dye migrated to 

the bottom of the gel, typically within 60–75 minutes.  

2.11.3 Immunoblotting  

Following SDS-PAGE separation, proteins were transferred onto nitrocellulose 

membranes using a wet transfer method. The gels were carefully removed and 
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placed on pre-wetted nitrocellulose membranes, ensuring direct contact. Both the 

gel and membrane were layered between two 3MM Whatman filter papers and 

transfer sponges, forming a sandwich-like structure (Figure 2-7). This assembly 

was then positioned within a Bio-Rad Mini-Transblot Cell transfer cassette and 

submerged in transfer buffer (192 mM glycine, 25 mM Tris base, and 20% (v/v) 

ethanol). Protein transfer was carried out at 60 V for 135 minutes. Upon 

completion, the nitrocellulose membranes were removed and placed in Tris-

buffered saline (TBS) for further processing. 

In some experiments, total protein staining was performed as an internal loading 

control. Membranes were stained with REVERT™ Total Protein Stain for 5 minutes, 

followed by three washes with TBS (5 minutes per wash) before imaging. Imaging 

was performed using a LI-COR instrument, detecting blue-stained proteins in the 

700 nm red channel. Protein quantification was carried out using densitometry 

analysis in Image Studio™ Acquisition Software. Following imaging, membranes 

were stripped with 0.2 M NaOH for 5 minutes, then washed three times with TBS 

before proceeding to antibody incubation. 

After transfer, membranes were incubated in 5% (w/v) milk powder prepared in 

TBS for 30–60 minutes at room temperature with continuous shaking to prevent 

non-specific antibody binding. The membranes were then washed three times with 

TBS (5 minutes per wash) and incubated overnight at 4°C with primary antibodies 

(Table 2-4) diluted 1:1000 in TBST (TBS + 0.1% (v/v) Tween-20) supplemented with 

5% (w/v) bovine serum albumin (BSA). Two loading-normalisation approaches were 

used. GAPDH (~37 kDa) was used in one early adiponectin experiment and one 

early SphK1 experiment in 3T3-L1 adipocytes. However, SphK1 (~34 kDa) and 

adiponectin (~30 kDa) lie close to the molecular weight of GAPDH, increasing the 

risk of band overlap or loss of signal when membranes are stripped and re-probed. 

Consequently, GAPDH was not used for subsequent blots. All later 3T3-L1 Western 

blots and all PVAT blots were normalised using total-protein staining, which avoids 

co-migration issues. Following overnight incubation, membranes were washed 

three times with TBST (5 minutes per wash) and then incubated for 1 hour at room 

temperature in the dark with IRDye-labelled donkey anti-rabbit or anti-mouse IgG 

secondary antibodies (Table 2-5). Secondary antibodies were diluted 1:10,000 in 

TBST supplemented with 5% (w/v) BSA and gently shaken during incubation. After 

secondary antibody incubation, membranes were washed three times with TBST 
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(5 minutes per wash) to remove unbound antibodies. The signal was then 

visualised using the Odyssey Sa Infrared Imaging System, which was operated 

through Odyssey Sa Infrared Imaging System software. Full-length, uncropped 

Western blot images with visible molecular weight ladders for each protein 

analysed are provided in Appendix A.   

2.11.4 Stripping of nitrocellulose membranes 

Nitrocellulose membranes were incubated in 0.2 M NaOH stripping buffer at room 

temperature with continuous shaking for 5 minutes. Following incubation, the 

membranes were washed three times with TBS, each wash lasting 5 minutes. 

2.11.5 Densitometric quantification of protein bands 

Images acquired using the LI-COR Odyssey® Sa Imaging System were processed in 

Image Studio™ Acquisition Software (LI-COR Biotechnology, USA). Protein band 

intensity was analysed using the same software, and quantification was typically 

expressed as a ratio of phosphorylated to total protein immunoreactivity or 

normalized against an independent loading control. 

 

Figure 2-7 Protein transfer process following SDS-PAGE 
After SDS-PAGE separation, gels were carefully removed from the plates and placed onto pre-wetted 
nitrocellulose membranes. Both components were then positioned between two layers of filter paper 
and transfer sponges, forming a sandwich-like assembly. This structure was inserted into the transfer 
cassette, ensuring that the gels faced the cathode while the membranes faced the anode to facilitate 
electrophoretic protein transfer. Illustration created using BioRender.com. 
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2.12 ELISA, LDH activity, and adipokine array assays 

2.12.1 Preparation of PVAT and 3T3-L1 samples for ELISA and 
LDH assay  

3T3-L1 cells were cultured in 6-well plates, differentiated, and at a time point 

between days 8 and 12, they were preincubated for 30 minutes at 37°C in 1 mL 

serum-free DMEM under normoxic or hypoxic conditions. Hypoxia was induced 

across different time points using 200 µM CoCl₂ or by exposure to a pre-mixed 

hypoxic gas mixture (1% O₂, 5% CO₂, balance N₂) in a hypoxia chamber. After 

treatment, conditioned media was collected, rapidly frozen in liquid nitrogen, and 

stored at -80°C. 

Thoracic and mesenteric PVAT from male SD rats was dissected, weighed, and 

preincubated at 37°C for 30 minutes in 350 µL of PSS. For S1P ELISA, samples were 

either left untreated (control) or treated with the SphK1 inhibitor PF543 (100 nM) 

before exposure to normoxic or hypoxic conditions for 30 minutes. Following 

treatment, conditioned media was collected and stored at -80°C, while tissues 

were homogenized in 250 µL of ice-cold RIPA buffer, sonicated for 20 seconds, 

vortexed, and incubated on ice for 15 minutes. Lysates were then centrifuged at 

17,000 × g for 10 minutes at 4°C, and supernatants were stored at -20°C for 

further analysis. 

2.12.2 S1P ELISA protocol 

Sphingosine 1-Phosphate (S1P) levels in thoracic and mesenteric PVAT lysates, 

PVAT conditioned media, and 3T3-L1 adipocyte conditioned media were measured 

using a sandwich enzyme-linked immunosorbent assay (ELISA) kit, following the 

manufacturer’s protocol. Samples of PVAT and conditioned media were prepared 

using the method described above. Before analysis, conditioned media and lysate 

supernatants were centrifuged at 2000–3000 × g for 20 minutes to remove cellular 

debris, with the supernatants retained for testing. 

For the assay, pre-coated ELISA plates containing a rat S1P-specific antibody were 

used. Serially diluted S1P standards ranging from 1.5 to 48 ng/mL were prepared 

alongside experimental samples. 50 µL of standard or 40 µL of sample plus 10 µL 

of anti-S1P antibody was added to each well, followed by 50 µL of Streptavidin-
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HRP conjugate. The plate was incubated at 37°C for 60 minutes, then washed five 

times with wash buffer, allowing each well to soak for 30 seconds to 1 minute per 

wash. Subsequently, 50 µL of substrate solutions A and B were added, and the 

plate was incubated at 37°C for 10 minutes in the dark. The reaction was stopped 

with 50 µL of stop solution, causing an immediate colour change. Optical density 

(OD) was measured at 450 nm using a Multiskan™ FC Microplate Photometer within 

10 minutes. The S1P concentration in each sample was determined by 

interpolation from a standard curve, with a sensitivity range down to 1.5 ng/mL. 

2.12.3 Adiponectin ELISA protocol 

Samples of thoracic and mesenteric PVAT and conditioned media were prepared 

using the method described above. Protein concentrations in these samples were 

estimated accordingly. Adiponectin concentrations were determined using a Rat 

Total Adiponectin/Acrp30 Quantikine ELISA Kit (R&D Systems), specifically 

designed for the quantitative measurement of rat adiponectin concentrations. 

Standards ranging from 0.156 ng/mL to 10 ng/mL were prepared according to the 

provided protocol. PVAT lysate samples were diluted 1000-fold with Calibrator 

Diluent RD5-26 (diluted 1:4) according to the manufacturer's instructions. 

Conditioned media samples underwent multiple dilution trials until a suitable 

dilution of 100-fold was identified. Dilutions less than 100-fold resulted in some 

sample absorbance values exceeding the standard curve limits, hence 100-fold 

was selected as the optimal dilution. 

According to the manufacturer's instructions, 50 µL of Assay Diluent RD1W was 

added to each well of the pre-coated microplate, followed by 50 µL of standard, 

appropriately diluted PVAT lysate, or conditioned media samples. The microplate 

was sealed and incubated for 1 hour at room temperature on a horizontal orbital 

shaker set at 500 ± 50 rpm. Wells were then aspirated and washed five times with 

Wash Buffer (400 µL per well). Rat Adiponectin Conjugate (100 µL) was added to 

each well, and the plate was sealed again and incubated for another hour at room 

temperature on the shaker. After an additional five washes, 100 µL of Substrate 

Solution was added to each well, and the microplate was incubated for 30 minutes 

at room temperature, protected from direct light. The reaction was stopped by 

adding 100 µL of Stop Solution, and the absorbance was measured within 30 

minutes using a Multiskan™ FC Microplate Photometer set at 450 nm with 
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wavelength correction at 540 nm or 570 nm (Figure 2-8). Mean absorbance values 

from duplicate wells were calculated, and adiponectin concentrations were 

determined by comparison to the standard curve generated using the standards 

provided in the kit. 

 

Figure 2-8 Principle of adiponectin ELISA for PVAT conditioned media  
The Adiponectin ELISA is based on a sandwich enzyme-linked immunosorbent assay (ELISA) 
principle. A capture antibody specific to adiponectin is pre-coated onto the ELISA plate, allowing 
selective binding of adiponectin from thoracic and mesenteric PVAT-conditioned media. After 
washing, an HRP-conjugated detection antibody is added, which binds to the captured adiponectin. 
The reaction is then developed using a chromogenic substrate, producing a colour change 
proportional to the adiponectin concentration, which is quantified by measuring optical density at 450 
nm. 

2.12.4 Lactate dehydrogenase (LDH) activity assay protocol 

LDH activity was determined in conditioned media collected from cultured 3T3-

L1 adipocytes and thoracic and mesenteric PVAT using the Lactate Dehydrogenase 

Activity Assay Kit. Samples of PVAT and 3T3-L1 adipocytes were prepared using 

the methods described above. After preliminary optimization experiments, 

appropriate sample volumes and dilutions were identified to ensure absorbance 

readings fell within the linear detection range of the assay. Specifically, 

conditioned media from 3T3-L1 adipocytes were used at a final volume of 10 µL 

per well (5-fold dilution), while thoracic and mesenteric PVAT-conditioned media 

were used at 5 µL per well (equivalent to a 10-fold dilution).  
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LDH activity was quantified according to the manufacturer's instructions. Briefly, 

standards ranging from 0 to 12.5 nM/well NADH were prepared to generate a 

standard curve. Standards and samples were loaded into clear 96-well plates, and 

the total volume was adjusted to 50 µL per well using LDH Assay Buffer. 

Subsequently, a master reaction mix containing 48 µL of LDH Assay Buffer and 2 

µL of LDH Substrate Mix per well was freshly prepared and 50 µL was added to 

each well. Plates were mixed thoroughly using a horizontal shaker. Absorbance 

was measured immediately (initial reading, Tinitial) at 450 nm using a Multiskan™ 

FC Microplate Photometer, followed by additional measurements every 5 minutes. 

The final absorbance measurement (Tfinal) was selected as the last value within 

the linear range of the standard curve. LDH activity (nmol/min/mL) was 

calculated from the NADH standard curve provided with the kit. All measurements 

were performed in duplicate, and average values were reported. 

2.12.5 Preparation of thoracic PVAT conditioned media for 
adipokine array  

Thoracic PVAT samples from male SD rats were carefully dissected and weighed, 

then immersed in 1 mL of preoxygenated PSS within a myograph chamber at 37°C 

for 30 minutes. After preincubation, tissues were either continuously oxygenated 

(normoxia) or exposed to hypoxic conditions for 30 minutes. Following treatment, 

PVAT was collected, and the conditioned media was stored at -80°C. 

2.12.6 Rat adipokine array (proteome profiler) 

Adipokine profiling was performed using the Rat Adipokine Array Kit, designed to 

simultaneously detect 30 rat adipokines spotted in duplicate on nitrocellulose 

membranes. Samples of conditioned media from thoracic PVAT were prepared 

using the method described above. Briefly, membranes were incubated with the 

provided blocking buffer (Array Buffer 6) for 1 hour at room temperature on a 

rocking platform shaker. Then, 1 mL of thoracic PVAT-conditioned media was 

combined with 0.5 mL of Array Buffer 6 and 15 µL of reconstituted Rat Adipokine 

Detection Antibody Cocktail and incubated at room temperature for 1 hour. 

Following aspiration of blocking buffer, the sample/antibody mixture was added 

to each membrane and incubated overnight at 2–8°C on a rocking shaker. 
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After incubation, membranes were washed twice using the provided Wash Buffer 

and incubated with 2 mL of IRDye 800CW Streptavidin (1:2000 dilution in Array 

Buffer 6) at room temperature for 30 min on a rocking shaker. Membranes were 

then washed twice more with wash buffer. Fluorescent signals were detected by 

imaging the membranes using a LiCor Odyssey Imager. The resulting images were 

analysed using Image Studio software. Signal intensity for each adipokine was 

quantified and normalised against internal reference control spots included on 

each array. All measurements were performed in duplicate, and the final 

normalised values were calculated and analysed using GraphPad Prism 10.0 

software (California, USA). 

2.13 Statistical analysis 

Statistical analyses were conducted using GraphPad Prism 10. Data are presented 

as mean ± standard error of the mean (SEM), with n representing either the 

number of experiments performed, or the number of rats used. Normality was 

assessed using the Shapiro–Wilk test. Comparisons between two groups were 

analysed using an unpaired Student’s t-test for normally distributed data or the 

Mann–Whitney U test for non-normally distributed data. For multiple group 

comparisons, one-way or two-way ANOVA was used for normally distributed data, 

followed by appropriate post-hoc tests, whereas the Kruskal–Wallis test followed 

by Dunn’s multiple comparisons test was applied for non-normally distributed 

data. For concentration–response curves, a two-way ANOVA with post-hoc testing 

was applied. In all cases, statistical significance was set at p < 0.05. 
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Chapter 3 Vascular Responses to Hypoxia: 
Influence of PVAT and Endothelium in the Rat 
Thoracic Aorta and Mesenteric Arteries 
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3.1 Introduction 

A key modulator of vascular function within the systemic circulation is 

perivascular adipose tissue (PVAT), a metabolically active adipose layer that 

surrounds most systemic blood vessels, excluding capillaries, cerebral vessels, and 

those of the pulmonary circulation, and exerts significant paracrine and vasocrine 

influence on vascular tone (Hillock-Watling and Gotlieb, 2022, Queiroz and Sena, 

2024). PVAT exhibits distinct depot-specific phenotypes determined by anatomical 

location. In rodents, thoracic PVAT resembles brown adipose tissue (BAT), 

characterised by thermogenic activity and relative resistance to inflammation, 

whereas mesenteric and abdominal PVAT more resemble white adipose tissue 

(WAT), displaying lower thermogenic capacity and greater susceptibility to 

inflammatory activation (Padilla et al., 2013, Gálvez-Prieto et al., 2008, Cinti, 

2011). These phenotypic differences are associated with increased risk of vascular 

pathologies, as WAT-like abdominal PVAT depots are more strongly linked to the 

development of aortic aneurysms and atherosclerosis than thoracic vessels (Padilla 

et al., 2013, Yap et al., 2021). 

PVAT contributes to vascular homeostasis by secreting various vasoactive 

molecules collectively referred to as PVAT-derived relaxing factors (PVRFs), such 

as adiponectin and nitric oxide (NO). These factors act on both vascular smooth 

muscle cells (VSMCs) and endothelial cells to promote vasodilation and suppress 

contraction (Soltis and Cassis, 1991, Löhn et al., 2002, Gil-Ortega et al., 2010, 

Victorio et al., 2016, Almabrouk et al., 2017, Fésüs et al., 2007). The critical 

interaction between PVAT and endothelium in maintaining vascular tone has been 

demonstrated in a study showing that PVAT-induced relaxation required 

endothelial integrity and was mediated through NO and Ca²⁺-activated potassium 

channels (Gao et al., 2007). Supporting this, Tan et al. (2004) reported that 

circulating adiponectin correlated with endothelium-dependent vasodilation in 

humans and directly enhanced NO production in endothelial cells. Moreover, 

PVAT-mediated regulation of vascular tone varies not only across different 

vascular beds but also within distinct regions of the same vessel. For example, 

thoracic aortic PVAT in mice significantly attenuates phenylephrine-induced 

vasoconstriction compared to abdominal aortic PVAT. This difference is associated 

with higher eNOS expression and NO bioavailability in the thoracic region (Hwej 

et al., 2024, Victorio et al., 2016). In addition to its anticontractile actions, PVAT 
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can also release PVAT-derived contracting factors (PVCFs) including angiotensin 

II, superoxide (O₂–), catecholamines and leptin. These factors contribute to 

vascular homeostasis and modulate the local PVAT microenvironment (Ramirez et 

al., 2017, Meyer et al., 2013). Therefore, the net impact of PVAT on vascular 

reactivity represents a dynamic equilibrium between relaxing and contracting 

mediators. 

Obesity significantly dysregulates adipokine secretion and synthesis within adipose 

tissue (AT), leading to a chronic inflammatory state (Maenhaut et al., 2010). As 

obesity progresses, AT expands primarily through two mechanisms: hypertrophy 

(increased adipocyte size) and hyperplasia (increased adipocyte number) (Jo et 

al., 2009). Increased thoracic PVAT mass has been independently associated with 

major cardiovascular risk factors, including aortic stiffness, diabetes, coronary 

artery calcification, and hypertension (Villacorta and Chang, 2015, Chen et al., 

2021, Lehman et al., 2010). Furthermore, PVAT in obesity plays an active role in 

modulating vascular disease by responding to atherogenic stimuli and interacting 

with immune cells, sympathetic nerves, and adjacent vascular tissues (Kim et al., 

2020). These morphological changes are often accompanied by inadequate 

neovascularization and limited oxygen diffusion, particularly in hypertrophic 

adipocytes, resulting in local tissue hypoxia (Trayhurn, 2013, Bolinder et al., 2000, 

Sun et al., 2011, Trayhurn and Wood, 2004). Hypoxia activates hypoxia-inducible 

factors (HIFs), especially HIF-1α, which in turn promotes the expression of pro-

inflammatory cytokines, angiogenic factors, and fibrotic genes within AT (Kang et 

al., 2023, Cifarelli et al., 2020, He et al., 2011).  

Hypoxia exerts complex effects on vascular reactivity, and these effects are both 

vessel-specific and context-dependent. Systemic arteries generally dilate under 

hypoxia to enhance tissue perfusion via metabolites like adenosine, NO, and HIF 

activation (Böger and Hannemann, 2020, Hannemann and Böger, 2022). In 

contrast, pulmonary arteries constrict to redirect blood flow towards well-

oxygenated lung areas, driven by mitochondrial oxygen sensing and redox 

signalling that inhibit potassium channels, causing depolarization and calcium 

influx (Waypa and Schumacker, 2010). Notably, pulmonary vessels lack PVAT, 

which plays an important modulatory role in systemic vessels. PVAT also plays a 

key role in modulating vascular responses to hypoxia. However, this interaction 

remains poorly explored, highlighting the novelty and significance of current 
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research in this area. Existing data suggest that PVAT may enhance hypoxia-

induced vasorelaxation in aortic vessels via the release of ADRFs, including 

hydrogen sulphide (H₂S), or through mechanisms involving ATP-sensitive 

potassium channels, independent of NO and endothelium (Donovan et al., 2018, 

Maenhaut et al., 2010). Conversely, other evidence shows that hypoxia impairs 

PVAT’s anti-contractile function, particularly in mesenteric arteries under 

conditions of obesity or metabolic stress, due to inflammation, oxidative stress, 

and reduced NO bioavailability (Greenstein et al., 2009, Zaborska et al., 2016). 

Similarly, Badran et al. (2019) observed that gestational intermittent hypoxia led 

to a loss of PVAT-mediated relaxation in abdominal aortic arteries of male 

offspring. Sousa et al. (2019) further demonstrated that in the thoracic aorta of 

obese sedentary mice, acetylcholine-induced vasorelaxation was more impaired 

in PVAT-intact than in PVAT-denuded vessels. These findings underscore the dual 

and context-specific role of PVAT in hypoxic vascular environments. 

The thoracic aorta and mesenteric arteries exhibit distinct anatomical and 

functional properties that influence their vascular responses. The thoracic aorta, 

as a large elastic conduit, is rich in elastin and functions to buffer pulsatile 

pressure waves from the left ventricle, while mesenteric arteries are smaller 

muscular resistance vessels with a higher smooth muscle-to-elastin ratio, allowing 

them to tightly regulate regional perfusion and systemic vascular resistance 

(Leloup et al., 2015). These structural differences are accompanied by functional 

disparities in endothelial activity. For instance, the thoracic aorta exhibits higher 

basal NO release than mesenteric arteries, contributing to greater tonic 

suppression of smooth muscle contraction (Leloup et al., 2015). Notably, PVAT 

surrounding these vessels also differs in its regulatory influence on vascular tone, 

which is further modulated under hypoxic conditions. In BALB/c mice, hypoxia has 

been shown to augment vasoconstrictive responses in mesenteric arteries, while 

having minimal or no effect on contractility in the thoracic aorta (Pelham et al., 

2016). The interaction between hypoxia, PVAT phenotype, and vascular reactivity 

remains complex and incompletely understood. 

Although the impact of hypoxia on vascular function has been previously studied, 

the modulatory role of PVAT under hypoxic conditions remains poorly defined, 

particularly across different vascular beds and in relation to endothelial status. 

Importantly, the timing and context of hypoxia exposure, whether through pre-
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exposure before pharmacological induction of contraction, or acute application 

during an established vasoconstriction, may distinctly influence vascular 

responses. However, this aspect has received limited investigation. 

3.2 Aims 

• To investigate the effects of hypoxia on the contractile response of rat 

thoracic aorta and mesenteric arteries to phenylephrine (PE), in rings with 

and without PVAT and endothelium. 

• To assess the relaxation response of thoracic aorta to cromakalim (CK) 

following precontraction with PE, under normoxic and hypoxic conditions. 

• To determine how acute hypoxia, applied during PE-induced contraction, 

alters vascular tone in the presence or absence of PVAT and endothelium.  
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3.3 Results 

To explore how hypoxia and PVAT interact to modulate arterial tone, a series of 

functional experiments was conducted using wire myography on thoracic aorta 

and mesenteric artery segments isolated from male Sprague-Dawley (SD) rats. The 

contractile responses of endothelium-intact (E+) and endothelium-denuded (E–) 

arterial rings, both with and without PVAT, were assessed following stimulation 

with phenylephrine (PE) under normoxic and hypoxic conditions. Hypoxia was 

induced by bubbling the chambers with 95% N₂/5% CO₂ for 30 min (see Section 

2.7.3). PE dose–response curves were run after re-oxygenation with 95% O₂/5% 

CO₂ (see 2.7.3.1). After re-oxygenation, rings were precontracted with PE, and 

CK dose–response curves were also obtained (see 2.7.3.2). In a separate protocol, 

acute hypoxia was applied for 30 min after PE precontraction and responses were 

recorded during hypoxia, without re-oxygenation (see 2.7.3.3). Endothelial 

integrity/removal was verified by the presence or absence of ACh–induced 

relaxation after PE precontraction, as discussed in Section 2.7.2 (Figure 2-3). 

Throughout the Results chapters, ‘control’ refers to the relevant reference group 

for each experiment, as stated in the corresponding text or figure legend. In some 

experiments this refers to untreated normoxic samples, whereas in others it refers 

to the baseline treatment condition (e.g., hypoxia only). No separate vehicle-only 

control group was included. 

3.3.1 KPSS responses in vessels used in this study 

Before examining the effects of hypoxia and pharmacological interventions, KPSS-

induced contractions were used to confirm the viability of all vessels. Within each 

vessel type, KPSS-induced contractions were similar across PVAT(+) and PVAT(–) 

and across endothelium-intact and -denuded rings (Figure 3-1). 
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Figure 3-1 KPSS-induced contractions in aortic and mesenteric arteries under different 
PVAT and endothelial conditions. 
Bar chart showing contractile responses to KPSS (62.5 mM) in thoracic aorta (±PVAT, ±endothelium) 
and mesenteric arteries (±PVAT). Within each vessel type, KPSS responses were consistent 
irrespective of PVAT or endothelial status. Thoracic and mesenteric KPSS values have not been 
compared directly. Data are presented as mean ± SEM (n=9–10). Statistical analysis was performed 
using a one-way ANOVA followed by Tukey’s post-hoc test. 

3.3.2 Concentration-dependent contractile response of thoracic 
aorta to PE under normoxia and hypoxia 

3.3.2.1 Normoxic conditions 

To determine the effects of PE on vascular reactivity under normoxic conditions, 

concentration–response curves to PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were generated in 

thoracic aortic rings with intact endothelium (E+) or denuded endothelium (E–), 

and with or without intact PVAT. The symbols used to represent different 

experimental groups in the dose–response curves are described in Table 3-1. 

Under normoxic conditions, a significant reduction in the magnitude of contraction 

was observed in E+ rings with intact PVAT (n = 6) compared to E+ rings without 

PVAT (n = 5; p < 0.0001) (Figure 3-2A). In contrast, this anticontractile effect of 

PVAT was lost in E– rings, with no significant difference detected between rings 

with or without PVAT (p = 0.1329) (Figure 3-2B). Comparison between E+ and E– 

rings with intact PVAT showed a trend towards a reduced contractile response in 

E+ rings compared to E– rings; however, this difference did not reach statistical 
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significance (p = 0.0575; Figure 3-2C). Additionally, in the absence of PVAT, E+ 

rings exhibited significantly greater contractions to PE compared to E– rings (n = 

5; p < 0.0001) (Figure 3-2D). 

In summary, under normoxic conditions, PVAT significantly reduced PE-induced 

contractions in the presence of an intact endothelium, while this anticontractile 

effect was abolished when the endothelium was removed. 

 Table 3-1 Graphical symbol key used in vascular function dose-response curves 

Symbol PVAT Status Endothelium Condition Line Style 

● PVAT(–) E+ Normoxia Solid red line 
_________ 

○ PVAT(–) E– Normoxia Solid red line 
_________ 

■ PVAT(+) E+ Normoxia Solid blue line 
_________ 

□ PVAT(+) E– Normoxia Solid blue line 
_________ 

● PVAT(–) E+ Hypoxia Dashed red line 
-------------- 

○ PVAT(–) E– Hypoxia Dashed red line 
-------------- 

■ PVAT(+) E+ Hypoxia Dashed blue line 
-------------- 

□ PVAT(+) E– Hypoxia Dashed blue line 
-------------- 

Graphical key indicating symbol, colour, and line style representations for PVAT status, 
endothelium integrity, and oxygen conditions in dose–response figures. 
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Figure 3-2 Contractile response to PE in rat thoracic aorta under normoxic conditions.  
Concentration–response curves for the contractile effect of PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were 
generated in thoracic aortic rings under normoxic conditions. (A) Endothelium-intact (E+) aortic rings 
with PVAT (PVAT+) and without PVAT (PVAT–). (B) Endothelium-denuded (E–) aortic rings with 
PVAT(+) and without PVAT(–). (C) Comparison between PVAT(+) rings with E+ and E–. (D) 
Comparison between PVAT(–) rings with E+ and E–. The data are normalised to the maximum 
contraction induced by KPSS and expressed as mean ± SEM from arteries obtained from different 
animals. Data are presented as mean ± SEM from six independent experiments for PVAT(+) /E+ and 
PVAT(+) /E–, and five independent experiments for PVAT(–)/E+ and PVAT(–)/E–. Statistical analysis 
was performed using two-way ANOVA followed by Bonferroni’s multiple comparisons test. Asterisks 
indicate statistical significance (****p < 0.0001). 
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3.3.2.2 Hypoxic conditions 

Thoracic aortic rings were exposed to hypoxia (95% N₂ and 5% CO₂) for 30 minutes, 

then re-oxygenated (95% O₂/5% CO₂) and maintained under normoxia while 

concentration–response curves to PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were generated in E+ 

and E– rings, with and without PVAT. No significant difference was found between 

E+ rings with PVAT present and absent (p = 0.0748) (Figure 3-3A). In E– rings, the 

presence of PVAT significantly increased contractions to PE compared to rings 

without PVAT (p < 0.0001) (Figure 3-3B). Comparison between PVAT(+) rings with 

E+ and E– showed a significant increase in contraction in the E– group (p < 0.001) 

(Figure 3-3C). Furthermore, in PVAT(–) rings, no significant difference in 

contraction was observed between E+ and E– rings (p = 0.1119) (Figure 3-3D). In 

summary, hypoxia abolished the anticontractile effect of PVAT in E+ rings, while 

promoting increased contractions in E– rings. 
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Figure 3-3 Contractile response to PE in rat thoracic aorta under hypoxic conditions.  
Concentration–response curves for the contractile effect of PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were 
generated in thoracic aortic rings following 30 minutes of hypoxic exposure. (A) Endothelium-intact 
(E+) aortic rings with PVAT (PVAT+) and without PVAT (PVAT–). (B) Endothelium-denuded (E–) 
aortic rings with PVAT(+) and PVAT(–). (C) Comparison between PVAT(+) rings with E+ and E–. (D) 
Comparison between PVAT(–) rings with E+ and E–. The data are normalised to the maximum 
contraction induced by KPSS and expressed as mean ± SEM from arteries obtained from different 
animals. Data are presented as mean ± SEM from seven independent experiments for PVAT(+) /E+, 
five for PVAT(+) /E–, five for PVAT(–)/E+, and six for PVAT(–)/E–. Statistical analysis was performed 
using two-way ANOVA followed by Bonferroni’s multiple comparisons test. Asterisks indicate 
statistical significance (***p < 0.001, ****p < 0.0001).  
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3.3.2.3 Comparison between normoxia and hypoxia 

To directly assess the effect of hypoxia on vascular reactivity, contractile 

responses to PE were compared between aortic rings exposed to normoxic 

conditions and those subjected to 30 minutes of hypoxia. No significant 

differences were observed in PVAT-intact rings with E+ between normoxic and 

hypoxic conditions (p = 0.7589) (Figure 3-4A). In contrast, in PVAT(+) with E– rings, 

a significantly greater contraction was observed following exposure to hypoxia 

compared to normoxia (p < 0.01) (Figure 3-4B). Additionally, in PVAT(–) rings with 

E+, a significant anticontractile effect was noted under hypoxic conditions 

compared to normoxia (p < 0.01) (Figure 3-4C). However, in PVAT(–) rings with E-

, no significant differences were observed between normoxic and hypoxic 

conditions (p = 0.4477) (Figure 3-4D). In summary, hypoxia increased PE-induced 

contractions in PVAT-denuded aortic rings, while no significant changes were 

observed in PVAT-intact rings. 
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Figure 3-4 Contractile response to PE in rat thoracic aorta under normoxic and hypoxic 
conditions.  
Thoracic aortic rings were exposed to either normoxic (95% O₂ and 5% CO₂) or hypoxic (95% N₂ 

and 5% CO₂) conditions for 30 minutes before concentration–response curves to PE were generated. 
(A) PVAT(+) /E+ rings. (B) PVAT(+) /E– rings. (C) PVAT(–)/E+ rings. (D) PVAT(–)/E–rings. The data 
are normalised to the maximum contraction induced by KPSS and expressed as mean ± SEM from 
arteries obtained from different animals. Data are presented as mean ± SEM from independent 
experiments with group sizes ranging from five to seven (n=5–7). Statistical analysis was performed 
using two-way ANOVA followed by Bonferroni’s multiple comparisons test. Asterisks indicate 
statistical significance (**p < 0.01). 

3.3.3 Contractile response of mesenteric arteries with PVAT to PE 
under normoxic and hypoxic conditions 

Following the evaluation of thoracic aortic contractile responses, the contractility 

of mesenteric arteries was next assessed. The influence of PVAT and hypoxia on 

PE-induced contractions was examined in E+ and E– mesenteric artery rings. As 

with the thoracic aorta, concentration–response curves to PE (1×10⁻⁹–3×10⁻⁵ M) 
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were generated in separate rings under normoxia or after a 30-min hypoxic 

exposure (95% N₂/5% CO₂) followed by re-oxygenation. 

Under normoxic conditions, no significant differences in PE-induced contraction 

were observed between E+ and E– rings (p = 0.7948) (Figure 3-5A). Similarly, under 

hypoxic conditions, no significant difference in contraction was detected between 

E+ and E– rings, although E+ rings exhibited a trend toward greater contraction 

compared to E– rings (p = 0.0522) (Figure 3-5B). 

When comparing normoxia and hypoxia, E+ mesenteric rings with PVAT 

demonstrated a significantly greater contraction in response to PE following 

exposure to hypoxia (p < 0.05) (Figure 3-6A). However, no significant difference 

was observed between normoxic and hypoxic conditions in E– mesenteric rings (p 

= 0.8239) (Figure 3-6B). 

Interestingly, mesenteric arteries without PVAT did not exhibit any measurable 

contractile response to PE under either normoxic or hypoxic conditions. 

 

Figure 3-5 Effect of endothelium (E+/E–) on PE-induced contraction of mesenteric arteries 
with PVAT under normoxic and hypoxic conditions.  
Concentration–response curves to PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were generated in mesenteric arteries 
with intact PVAT under normoxic and hypoxic conditions. (A) Contractile responses in E+ and E– 
rings under normoxia. (B) Contractile responses in E+ and E– rings under hypoxia. The data are 
normalised to the maximum contraction induced by KPSS and expressed as mean ± SEM from 
arteries obtained from different animals. Data are presented as mean ± SEM from six independent 
experiments for normoxic E+, seven for normoxic E–, six for hypoxic E+, and five for hypoxic E–. 
Statistical analysis was performed using two-way ANOVA followed by Bonferroni’s multiple 
comparisons test.  
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Figure 3-6 Effect of oxygenation (normoxia vs. hypoxia) on PE-induced contraction of 
PVAT(+) mesenteric arteries with E+ and E– endothelium  
Mesenteric artery rings with intact PVAT were exposed to either normoxic (95% O₂ and 5% CO₂) or 

hypoxic (95% N₂ and 5% CO₂) conditions for 30 minutes before concentration–response curves to 
PE (1 × 10⁻⁹ to 3 × 10⁻⁵ M) were generated. (A) Comparison of contractile responses in PVAT(+) 
/E+ rings between normoxia and hypoxia. (B) Comparison of contractile responses in PVAT(+) /E– 
rings between normoxia and hypoxia. The data are normalised to the maximum contraction induced 
by KPSS and expressed as mean ± SEM from arteries obtained from different animals. Data are 
presented as mean ± SEM from six independent experiments for normoxic E+, seven for normoxic 
E–, six for hypoxic E+, and five for hypoxic E–. Statistical analysis was performed using two-way 
ANOVA followed by Bonferroni’s multiple comparisons test (*p< 0.05). 

3.3.4 Relaxation response of thoracic aorta to cromakalim (CK) 
under normoxic and hypoxic conditions 

3.3.4.1 Normoxic conditions 

Next, the effect of thoracic PVAT on endothelium-independent relaxation 

responses under normoxic conditions was evaluated using cromakalim (CK). 

Concentration–response curves to CK (1 nM to 10 µM) were generated in E+ and E– 

thoracic aortic rings, with either intact PVAT (PVAT+) or removed PVAT (PVAT–), 

following precontraction with PE (1 µM). In E+ vessels, no significant differences 

were observed in relaxation responses between PVAT(+) and PVAT(–) rings (Figure 

3-7A). In contrast, in E– vessels, a significant increase in relaxation was observed 

in PVAT(–) rings compared to PVAT(+) rings (p<0.001) (Figure 3-7B). Comparison of 

PVAT(+) rings between E+ and E– groups revealed a significant enhancement of 

relaxation in E+ rings (p<0.001) (Figure 3-7C). However, in PVAT(–) rings, E+ rings 

exhibited a significantly lower relaxation response to CK compared to E– rings 

(p<0.01) (Figure 3-7D). In summary, under normoxia PVAT did not change CK 

relaxation in endothelium-intact rings; in PVAT-absent rings, removing the 
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endothelium increased relaxation, whereas in endothelium-denuded rings, the 

presence of PVAT reduced relaxation. 

 

Figure 3-7 Effect of PVAT and endothelium on cromakalim-induced relaxation of thoracic 
aorta under normoxic conditions.  
Thoracic aortic rings were precontracted with PE (1 µM) and then exposed to cumulative additions 
of cromakalim (CK) ranging from 1 nM to 10 µM. (A) Relaxation responses in E+ rings with PVAT(+) 
and PVAT(–). (B) Relaxation responses in E– rings with PVAT(+) and PVAT(–). (C) Comparison of 
relaxation responses between E+ and E– rings in PVAT(+) arteries. (D) Comparison of relaxation 
responses between E+ and E– rings in PVAT(–) arteries. Relaxation is expressed as a percentage 
of the precontracted tone induced by PE and presented as mean ± SEM from arteries obtained from 
different animals. Data are presented as mean ± SEM from seven independent experiments for 
PVAT(+) /E+, five for PVAT(–)/E+, four for PVAT(+) /E– and five for PVAT(–)/E–. Statistical analysis 
was performed using two-way ANOVA followed by Bonferroni’s multiple comparisons test. Asterisks 
indicate statistical significance (**p < 0.01, ***p < 0.001). 

3.3.4.2 Hypoxic conditions 

To determine whether the anti-contractile properties of thoracic PVAT were 

influenced by hypoxia, relaxation responses to CK were assessed following 
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exposure to hypoxia (95% N₂ and 5% CO₂ for 30 minutes). Concentration–response 

curves to CK (1 nM to 10 µM) were generated in PE-precontracted aortic rings with 

or without PVAT, and with either E+ or E– rings. 

In E+ rings, no significant differences were observed in CK-induced relaxation 

between PVAT(+) and PVAT(–) vessels (Figure 3-8A). In E– rings, a similar non-

significant difference was seen between PVAT(+) and PVAT(–) groups (Figure 3-8B). 

When comparing PVAT(+) rings between E+ and E– groups, there was no significant 

difference in relaxation responses (Figure 3-8C). Likewise, in PVAT(–) rings, no 

significant difference was found between E+ and E– rings (Figure 3-8D). In 

summary, under hypoxia, CK-induced relaxation was similar across all groups, 

eliminating the between-group differences observed at normoxia; direct 

comparisons with normoxia are presented in Section 3.3.4.3. 
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Figure 3-8 Effect of PVAT and endothelium on cromakalim-induced relaxation of thoracic 
aorta under hypoxic conditions.  
Thoracic aortic rings were exposed to hypoxia (95% N₂ and 5% CO₂) for 30 minutes, then 
precontracted with PE (1 µM) before cumulative addition of CK ranging from 1 nM to 10 µM . (A) 
Relaxation responses in E+ rings with PVAT(+) and PVAT(–). (B) Relaxation responses in E– rings 
with PVAT(+) and PVAT(–). (C) Comparison of relaxation responses between E+ and E– rings in 
PVAT(+) arteries. (D) Comparison of relaxation responses between E+ and E– rings in PVAT(–) 
arteries. Relaxation is expressed as a percentage of the precontracted tone induced by PE and 
presented as mean ± SEM from arteries obtained from different animals. Data are presented as 
mean ± SEM from seven independent experiments for PVAT(+)/E+, eight for PVAT(–)/E+, four for 
PVAT(+)/E–, and three for PVAT(–)/E–. Statistical analysis was performed using two-way ANOVA 
followed by Bonferroni’s multiple comparisons test.  
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3.3.4.3 Comparison between normoxia and hypoxia 

To determine whether hypoxia influenced relaxation responses to CK, thoracic 

aortic rings were compared after exposure to normoxic or hypoxic conditions. No 

significant differences in CK-induced relaxation were observed between 

PVAT(+)/E+ rings under normoxia and hypoxia (Figure 3-9A). In PVAT(+)/E– rings, 

a significantly greater relaxation response was observed following hypoxic 

exposure compared to normoxia (p < 0.05) (Figure 3-9B). In PVAT(–)/E+ rings, 

hypoxia resulted in a non-significant increase in relaxation compared to normoxic 

rings (Figure 3-9C). Similarly, in PVAT(–)/E– rings, no significant differences were 

detected between normoxic and hypoxic conditions (Figure 3-9D). In summary, 

hypoxia enhanced CK-induced relaxation only in PVAT(+) rings with denuded 

endothelium, while no significant differences were observed in other groups. 



Chapter 3  98 

 

Figure 3-9 Comparison of cromakalim-induced relaxation in thoracic aorta under normoxic 
and hypoxic conditions.  
Thoracic aortic rings were exposed to either normoxic (95% O₂ and 5% CO₂) or hypoxic (95% N₂ 

and 5% CO₂) conditions for 30 minutes before concentration–response curves to CK were 
generated. (A) PVAT(+)/E+ rings. (B) PVAT(+)/E– rings. (C) PVAT(–)/E+ rings. (D) PVAT(–)/E– 
rings.  Relaxation is expressed as a percentage of the precontracted tone induced by PE and 
presented as mean ± SEM from arteries obtained from different animals. Group sizes are the same 
as described for Figure 3-7 and Figure 3-8. Statistical analysis was performed using two-way ANOVA 
followed by Bonferroni’s multiple comparisons test. Asterisks indicate statistical significance (*p < 
0.05). 

3.3.5 Effect of hypoxia on PE-precontracted thoracic aorta with 
and without PVAT 

The previous vascular function experiments investigated contractile and 

relaxation responses through concentration–response curves to PE and CK, 

following 30 minutes of pre-exposure to normoxic or hypoxic conditions. In 

contrast, the subsequent experiments were designed to assess the direct effects 
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of acute hypoxia on vascular tone. In these studies, thoracic aortic rings were first 

precontracted with a single concentration of PE (1 µM) under normoxic conditions. 

Once a stable contraction was achieved, myograph chambers were bubbled with 

hypoxic gas (95% N₂ and 5% CO₂) for 30 minutes, and the real-time effect of 

hypoxia on vascular tone was measured. 

Following the onset of hypoxia, thoracic aortic rings with intact endothelium 

exhibited significant relaxation in both PVAT(+) and PVAT(–) groups compared to 

their baseline contraction under normoxic conditions (p < 0.0001) (Figure 3-10A). 

Additionally, PVAT(+) rings showed a significantly greater relaxation response to 

hypoxia compared to PVAT(–) rings (p < 0.01). Relaxation began within minutes of 

switching to hypoxia, with a rapid initial drop followed by a slower decline to a 

new steady state at 30 min; values reported are at 30 min. A representative 

control recording from a PVAT(+) ring is provided in Figure 3-10B to illustrate 

hypoxia-induced relaxation. 
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Figure 3-10 Hypoxia-induced relaxation in endothelium-intact (E+) thoracic aorta with and 
without PVAT.  
Thoracic aortic rings with E+ were precontracted with PE (1 µM) under normoxic conditions. After 
achieving a stable contraction, rings were exposed to hypoxia (95% N₂ and 5% CO₂) for 30 minutes. 
(A) Relaxation is expressed as a percentage of the precontracted tone induced by PE and presented 
as mean ± SEM from seven independent experiments per group. (B) Representative myograph 
recording from a PVAT(+) ring showing PE pre-contraction, the onset of hypoxia and the subsequent 
relaxation.  Statistical analysis was performed using one-way ANOVA followed by Tukey’s post-hoc 
test. Asterisks indicate statistical significance (**p < 0.01, ****p < 0.0001). 

3.3.6 Effect of PVAT and endothelium on hypoxia-induced 
relaxation 

In vessels lacking endothelium, hypoxia induced significant relaxation in PVAT(+) 

rings compared with normoxic baseline (p < 0.001), while PVAT(–) rings showed no 

significant response. Consequently, relaxation was significantly greater in 

PVAT(+)/E– than in PVAT(–)/E– rings (p < 0.01) (Figure 3-11). In summary, hypoxia-

induced relaxation was significant in PVAT(+)/E+, PVAT(+)/E–, and PVAT(–)/E+ 

groups, but not in PVAT(–)/E– rings. 
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Figure 3-11 Effect of PVAT and endothelium on hypoxia-induced relaxation in PE-
precontracted thoracic aorta.  
Thoracic aortic rings were precontracted with PE (1 µM) under normoxic conditions. Once a stable 
contraction was achieved, rings were exposed to hypoxia (95% N₂ and 5% CO₂) for 30 minutes. 
Relaxation is expressed as a percentage of the precontracted tone induced by PE and presented as 
mean ± SEM from arteries obtained from different animals. Data are presented as mean ± SEM from 
seven independent experiments for PVAT(+) /E+ and PVAT(–)/E+, eight for PVAT(+) /E–, and six for 
PVAT(–)/E–. Statistical analysis was performed using the Kruskal–Wallis test followed by Dunn’s 
multiple comparisons test. Comparisons between PVAT(+)/E– and PVAT(–)/E– groups were 
additionally analysed using the Mann–Whitney U test. Asterisks indicate statistical significance (*p < 
0.05, ***p < 0.001, ****p < 0.0001).  
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3.4 Discussion  

The present study investigates the effect that acute or reversible hypoxia has on 

PVAT and endothelial function and how that modulates vascular tone in rat 

thoracic aorta and mesenteric arteries. Two experimental approaches were 

employed using wire myography. The first involved generating concentration–

response curves to PE and CK following 30 minutes of hypoxic pre-exposure. The 

second assessed real-time vascular responses to acute hypoxia applied for 30 

minutes during sustained PE-induced contraction. My findings reveal that the 

timing and context of hypoxia exposure critically influence vascular reactivity. 

Specifically, pre-exposure to hypoxia enhanced PE-induced contractile responses 

in both thoracic and mesenteric arteries. Conversely, CK-induced relaxation 

showed modest enhancement under hypoxia in thoracic PVAT. In contrast to the 

variable effects observed following pre-exposure to hypoxia, acute hypoxia in a 

pre-contracted ring induced significant vasorelaxation in thoracic aorta. These 

effects were further modulated by the presence or absence of PVAT and functional 

endothelium (Figure 3-12). The dual experimental approach, involving both pre-

exposure to hypoxia and acute hypoxic challenge, offers valuable insight into how 

the effect of hypoxia differs dependent on the contractile state of the vascular 

rings and also on whether endothelium and PVAT are present.  
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Figure 3-12 Schematic summary of PVAT and endothelium contributions to hypoxia-induced 
vascular responses in thoracic and mesenteric arteries. 
A schematic flowchart illustrating the impact of pre-exposure to hypoxia (30 minutes of 95% N₂ and 
5% CO₂) and acute hypoxia (applied during phenylephrine (PE)-induced contraction) on vascular 
responses in rat thoracic and mesenteric arteries with intact perivascular adipose tissue (PVAT). The 
diagram distinguishes outcomes based on vascular bed (thoracic versus mesenteric), type of 
stimulation (PE or cromakalim (CK)), and endothelial status (E+ or E–). 

Initial experiments under normoxic conditions clarified the fundamental roles of 

PVAT and the endothelium in modulating PE-induced contractions in the rat 

thoracic aorta. In vessels with intact endothelium (E+), the presence of PVAT 

significantly attenuated contractile responses to PE compared to PVAT (–) rings 

(Figure 3-2A), consistent with earlier findings demonstrating that PVAT reduces 

vasoconstriction induced by agents such as norepinephrine, phenylephrine, 

serotonin, and angiotensin II (Soltis and Cassis, 1991, Löhn et al., 2002, Verlohren 

et al., 2004). This anticontractile effect has been demonstrated across a wide 

range of arterial beds, including the aorta (Soltis and Cassis, 1991, Wang et al., 

2009, Fang et al., 2009), mesenteric arteries (Li et al., 2013), skeletal muscle 

arteries (Meijer et al., 2013), and subcutaneous arteries (Greenstein et al., 2009). 

It is primarily attributed to the release of various vasoactive substances known as 

PVRFs (Szasz and Webb, 2012). The transferable nature of PVRFs has been 

validated in various studies using PVAT-conditioned solutions that induce 

relaxation in precontracted, PVAT-free vascular segments (Verlohren et al., 2004, 

Fésüs et al., 2007, Gao et al., 2007, Lu et al., 2011, Greenstein et al., 2009, 

Almabrouk et al., 2017). These include, but are not limited to, nitric oxide (NO), 

hydrogen sulphide (H₂S), prostacyclin, hydrogen peroxide (H₂O₂), palmitic acid 
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methyl ester, angiotensin 1-7, adiponectin, leptin, and omentin (Tong et al., 2023, 

Victorio et al., 2016, Lee et al., 2011). Interestingly, this anticontractile effect of 

PVAT was abolished in endothelium-denuded (E-) rings, where no significant 

difference was observed between PVAT(+) and PVAT(–) groups (Figure 3-2B), 

highlighting the essential role of an intact endothelium in mediating PVRF actions. 

This interdependence is further supported by my observation that E+ rings with 

intact PVAT displayed a trend toward reduced contractile responses compared to 

their E− counterparts (Figure 3-2C), suggesting that PVAT and the endothelium 

may act synergistically through overlapping or complementary mechanisms. My 

findings accord with previous studies demonstrating the importance of both PVAT 

and endothelium in vascular regulation. For instance, Gao et al. (2007) 

demonstrated that PVAT potentiates endothelial NO release, while Löhn et al. 

(2002) reported that PVAT-derived factors can also induce endothelium-

independent relaxation via activation of K⁺ATP channels and tyrosine kinases. Gao 

et al. (2007) further proposed a dual mechanism by which PVAT exerts its effects: 

one endothelium-dependent, involving NO and Ca²⁺-activated potassium channels 

(KCa), and another endothelium-independent, mediated by H₂O₂ and subsequent 

soluble guanylyl cyclase (sGC) activation. Conversely, in the absence of PVAT, E+ 

rings showed significantly greater contractile responses to PE than E− rings (Figure 

3-2D). Although this result contrasts with typical expectations, it may suggest 

that, in the absence of PVAT, the endothelium compensates by upregulating the 

release of EDCFs like endothelin or PGI2 to maintain vascular tone (Rapoport and 

Williams, 1996, Yanagisawa et al., 1988, Koga et al., 1989). Collectively, these 

findings and my data support the concept that both PVAT and the endothelium 

contribute critically to the regulation of vascular tone under physiological 

conditions. 

Pre-exposure to a hypoxic environment (30 minutes of 95% N₂ and 5% CO₂) 

significantly altered PE-induced vascular responses in the thoracic aorta, 

highlighting a complex interplay between hypoxia, PVAT, and endothelium. Under 

normoxic conditions, PVAT(+) E+ rings showed reduced contraction compared to 

PVAT(–) E+ rings, consistent with the modulatory influence of PVAT (Figure 3-2A). 

However, this difference was abolished under hypoxic conditions (Figure 3-3A), 

suggesting a context-dependent modulation.  
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Direct comparison between normoxia and hypoxia in PVAT-intact E+ rings showed 

no significant change in contraction (Figure 3-4A), indicating that the presence of 

PVAT prevents the hypoxia-induced relaxation typically mediated by the 

endothelium. This is further supported by the contrasting observation in PVAT(–) 

E+ rings, where hypoxia significantly reduced PE-induced contraction (Figure 

3-4C), suggesting that in the absence of PVAT, the endothelium can exert a 

vasorelaxant effect under hypoxic conditions. In E– rings, PVAT presence 

significantly increased contraction compared to PVAT(–) rings (Figure 3-3B) and 

contraction was significantly greater in PVAT(+) E– rings under hypoxia compared 

to normoxia (Figure 3-4B), indicating that oxygen deprivation may impair relaxant 

signalling or amplify PVAT-derived vasoconstrictors. Finally, under hypoxia, 

PVAT(+) E– rings exhibited significantly higher contraction than PVAT(+) E+ rings 

(Figure 3-3C), reinforcing the notion that the endothelium plays a critical 

protective role in buffering PVAT-driven vasoconstriction during hypoxic stress. 

The literature presents conflicting reports regarding PVAT's role under hypoxic 

conditions. Some studies report that hypoxia promotes vasorelaxation in a PVAT-

dependent manner, such as in porcine coronary arteries and mouse thoracic aorta 

(Donovan et al., 2018, Maenhaut et al., 2010).  However, these findings come from 

acute hypoxia protocols in which vessels were first precontracted and then 

switched to hypoxic gassing (95% N₂/5% CO₂) for 30 min while relaxation was 

recorded during the sustained tone; these will be discussed in the context of my 

acute-exposure experiments. Conversely, a growing body of evidence suggests 

that hypoxia may impair PVAT function, diminishing its vasomodulatory capacity 

or even shifting it toward a procontractile profile. Badran et al. (2019) 

demonstrated that gestational intermittent hypoxia reduced the anti-contractile 

activity of PVAT in abdominal aortic arteries from male offspring, an effect 

reversed by adiponectin. Similarly, Han et al. (2018) restored PVAT function using 

calycosin via the adiponectin/AMPK/eNOS pathway. In mesenteric arteries, 

hypoxia-induced PVAT dysfunction has been consistently reported (Greenstein et 

al., 2009, Rosei et al., 2015, Withers et al., 2014). My findings, where the presence 

of PVAT blocked hypoxia-induced relaxation and promoted vasoconstriction in E– 

rings, may be mediated by enhanced release of PVCFs, including angiotensin II, 

superoxide anion, chemerin, and prostaglandins (Ramirez et al., 2017). 
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Furthermore, obesity drives persistent PVAT hypoxia and oxidative stress, which 

together promote and sustain this dysfunction. Sousa et al. (2019) reported 

impaired vasorelaxation in PVAT-intact aortic rings from obese mice, attributed 

to increased inflammation. Similarly, Zaborska et al. (2016) found that maternal 

obesity reduced NO bioavailability and disrupted PVAT’s regulatory function in 

mesenteric arteries. Although the present study used non-obese animals, obesity 

is associated with chronic PVAT hypoxia due to adipocyte hypertrophy, limited 

oxygen diffusion, and inadequate neovascularisation, which activates HIF-1α and 

pro-inflammatory/fibrotic signalling (Trayhurn, 2013, Sun et al., 2011, He et al., 

2011, Cifarelli et al., 2020). In obese states, this adipose hypoxia and dysfunction 

are tightly linked to systemic endothelial dysfunction, characterised by reduced 

NO bioavailability, eNOS uncoupling, oxidative stress, and an imbalance between 

vasodilators and vasoconstrictors such as endothelin-1 and angiotensin II (Lobato 

et al., 2012, Kajikawa and Higashi, 2022). Visceral and perivascular fat depots 

from obese individuals show increased production of pro-inflammatory cytokines, 

reduced adiponectin, and a shift from anti-contractile to pro-contractile 

signalling; changes that promote insulin resistance, oxidative stress and impaired 

endothelium-dependent vasodilation (Arcaro et al., 1999, De Jongh et al., 2004, 

Romero-Corral et al., 2010, Mazurek et al., 2003, Mazzotta et al., 2021, Lau et 

al., 2017). Notably, in the absence of PVAT, several studies confirm that the 

endothelium contributes significantly to hypoxia-induced vasorelaxation, likely via 

nitric oxide (Hedegaard et al., 2011, Van Mil et al., 2002). Consistent with this, in 

my pre-exposure experiments (30 min at 95% N₂/5% CO₂ followed by re-

oxygenation), PVAT(–) E+ rings showed attenuated PE contractions relative to 

normoxia (Figure 3-4C), supporting a prominent endothelial contribution and no 

change in PVAT(–) E– rings (Figure 3-4D). These findings are therefore compatible 

with the concept that, in healthy non-obese vessels, acute hypoxia/re-

oxygenation can unmask a protective, NO-dependent endothelial response, 

whereas in obesity, chronic PVAT hypoxia, adipose inflammation and vascular 

oxidative stress would be expected to blunt this endothelial compensation and 

promote enhanced tone and hypertension (Lobato et al., 2012, Kajikawa and 

Higashi, 2022, Jonk et al., 2007). Conversely, studies by Donovan et al. (2017) and 

Hedegaard et al. (2014) also highlight H₂S as a key mediator in vascular smooth 

muscle under hypoxia in PVAT-denuded segments. Interestingly, Alganga et al. 

(2019) reported an opposing effect, where 30 minutes of hypoxia enhanced 
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contractility in rat thoracic aortic rings precontracted with U46619. Such 

discrepancies may reflect species-specific responses, the type and timing of 

hypoxic exposure, the contractile agent used or the interplay between endothelial 

and PVAT-derived signals. Altogether, the available evidence emphasises that 

PVAT’s role under hypoxia is highly context dependent. 

The mesenteric arteries, as resistance vessels, have distinct structural and 

functional characteristics compared to the thoracic aorta. Under normoxic 

conditions, no significant differences in PE-induced contraction were observed 

between E+ and E– mesenteric artery rings with intact PVAT (Figure 3-5A). In 

contrast, thoracic aortic rings showed a trend toward reduced contraction in E+ 

compared to E– rings (Figure 3-2C). These observations reflect the known regional 

and depot-specific effects of PVAT on vascular tone. For example, in mice, 

thoracic aortic PVAT, primarily composed of brown adipose tissue (BAT), markedly 

attenuates phenylephrine-induced vasoconstriction, whereas abdominal aortic 

PVAT (white adipose tissue, WAT) does not. This differential effect has been linked 

to higher eNOS expression and greater NO bioavailability in BAT-rich regions (Hwej 

et al., 2024, Victorio et al., 2016). Similarly, in Wistar Kyoto (WKY) rats, 

mesenteric PVAT (WAT) exhibits elevated levels of angiotensin II, angiotensin AT1a 

and AT2 receptors, and chymase, but lower expression of the prorenin receptor 

compared to periaortic PVAT (BAT), contributing to region-specific modulation of 

vascular responses (Gálvez-Prieto et al., 2008). These functional differences align 

with the distinct physiological and pathological roles of each vascular bed. 

Thoracic aorta is a large elastic conduit vessel often involved in atherosclerosis, 

whereas mesenteric vessels are smaller resistance arteries primarily regulating 

peripheral blood pressure (Lusis, 2000, Bridges et al., 2011, Peixoto‐Neves et al., 

2015, Simões et al., 2021). 

Under hypoxic conditions, a trend toward increased PE-induced contraction was 

observed in E+ mesenteric artery rings compared to E– rings (Figure 3-5B), 

suggesting that the endothelium may contribute to hypoxia-induced 

vasoconstriction in this vascular bed. This contrasts with the thoracic aorta, where 

the endothelium appears to play a more protective role during hypoxia by limiting 

vasoconstriction. When comparing normoxia to hypoxia, only the E+ mesenteric 

rings demonstrated a significant increase in contractile response (Figure 3-6A), 

while E– rings remained unchanged (Figure 3-6B). These findings are consistent 
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with previous studies showing that mesenteric PVAT loses its regulatory function 

under hypoxic stress. For instance, it has been reported that a longer period of 

hypoxia (2.5 h, 95% N₂/5% CO₂) abolished the modulatory effect of mesenteric 

PVAT, an effect prevented by the ACE inhibitor captopril and the AT1R antagonist 

telmisartan (Rosei et al., 2015) and was reversed by aldosterone receptor 

antagonism (eplerenone) (Withers et al., 2011). Similarly, Greenstein et al. (2009) 

found that this dysfunction, likely driven by oxidative stress and inflammation, 

could be reversed by anti-IL-6 or anti-TNF-α treatment. Withers et al. (2014) 

further demonstrated that cGMP-dependent protein kinase activation via atrial 

natriuretic peptide (ANP) restored PVAT function in wild-type mice. Moreover, in 

C57BL/6J mice, a 32-week high-fat diet abolished the anticontractile effect of 

PVAT in mesenteric arteries, and PVAT significantly impaired endothelium-

dependent relaxation in these vessels (Gil-Ortega et al., 2014). 

Notably, in my experiments using young SD rats (180–300 g), mesenteric arteries 

showed no contractile response to phenylephrine, U46619, or high K⁺ solution 

following PVAT removal, under both normoxic and hypoxic conditions. This lack of 

reactivity was consistent across all samples and was not due to technical error, as 

parallel tests using mesenteric arteries from hypertensive rats confirmed normal 

contractile responses. Other studies investigating PVAT effects in mesenteric 

arteries of SD rats have typically used older or heavier animals (e.g. ~300–500 g 

Cruz-López et al. (2024); or more than 420 g Liao et al. (2021)). It is possible that 

the lack of responsiveness observed here is related to the developmental stage or 

small diameter of the arteries or may reflect a strong PVAT-dependent modulation 

of vascular tone. 

Building upon the investigation of vessel contraction, I then investigated 

relaxation responses using cromakalim (CK), a KATP channel opener, under both 

normoxic and hypoxic conditions in the thoracic aorta. Under normoxic conditions, 

in endothelium-intact (E+) vessels, no significant differences were observed in CK-

induced relaxation between PVAT(+) and PVAT(–) rings (Figure 3-7A). This suggests 

that the influence of PVAT on KATP channel-mediated relaxation is not overtly 

significant when the endothelium is intact.  

In contrast, endothelium-independent effects of PVAT are primarily mediated by 

the direct actions of PVRFs on VSMC ion channels. These effects vary across 
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vascular beds and experimental models. In male SD rats, PVAT-induced relaxation 

in the thoracic aorta involves activation of KATP channels and tyrosine kinase 

pathways, functioning in a calcium-dependent manner (Löhn et al., 2002). In 

Wistar rats, thoracic aortic relaxation is associated with KCa channel activation 

and hydrogen peroxide-stimulated soluble guanylate cyclase (sGC) activity (Gao 

et al., 2007). Kv channel-mediated relaxation has also been observed in the 

mesenteric arteries of SD rats and in the thoracic aorta of Wistar Kyoto rats 

(Verlohren et al., 2004, Lee et al., 2011). Additionally, adiponectin, a key PVRF, 

induces vasorelaxation in both aortic and mesenteric vessel rings through 

activation of voltage-gated potassium (Kv) and large-conductance calcium-

activated potassium (BKCa) channels (Fésüs et al., 2007, Weston et al., 2013, Lynch 

et al., 2013). Consistent with an endothelium-independent PVAT pathway, 

Almabrouk et al. (2017) showed that PVAT augments CK-induced relaxation in 

endothelium-denuded mouse aorta via AMPKα1-dependent actions of adiponectin. 

Consistent with the patterns observed in the PE dose-response curves, a significant 

enhancement of CK-induced relaxation was observed in PVAT(–)/E– rings compared 

to both PVAT(+)/E– and PVAT(–)/E+ rings (Figure 3-7B and 3.6D). One possible 

explanation is improved drug access to VSMCs once PVAT and the endothelial layer 

are removed, which shortens the adventitial diffusion path and reduces intramural 

barriers within the vessel wall (Lew et al., 1989, Tankó et al., 1999, Steinhorn et 

al., 1994), thereby increasing CK’s apparent efficacy at KATP channels. However, 

PVAT(+)/E+ rings relaxed more than PVAT(+)/E– at the same CK concentrations 

(Figure 3-7C), which argues against access alone. This pattern suggests that an 

intact endothelium amplifies VSMC KATP-mediated relaxation, for example via 

basal NO/cGMP–mediated Ca²⁺ desensitisation (Francis et al., 2010, Lee et al., 

1997) and EDHF-type myoendothelial coupling (Sandow and Hill, 2000, Sandow et 

al., 2002). Thus, CK acts directly on VSMC KATP channels, but endothelial status 

and PVAT presence set the magnitude of the relaxation.  

Under hypoxic conditions, vascular responses to cromakalim (CK) differed 

markedly from those observed under normoxia. While no significant differences 

were found among groups under hypoxia alone (Figure 3-8A–D), a clearer 

interpretation emerged when comparing normoxic and hypoxic conditions 

directly. Notably, CK-induced relaxation was significantly enhanced in PVAT(+)/E– 
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rings under hypoxia compared to normoxia (Figure 3.8B), suggesting that PVAT 

compensates for the absence of endothelium by promoting KATP channel activity 

in hypoxic conditions. Additionally, hypoxia may increase PVAT release of 

vasodilators, especially H₂S, which promotes K⁺-channel opening and augments 

relaxation (Donovan et al., 2018, Fang et al., 2009). This may represent an 

adaptive mechanism to maintain vasodilation when oxygen supply is low and 

endothelial function is compromised. 

This interpretation is supported by findings from Maenhaut et al. (2010), who 

demonstrated that hypoxia enhanced vasorelaxation in norepinephrine-

precontracted thoracic aorta segments from male Swiss mice through a 

mechanism involving KATP channel activation, independent of both the 

endothelium and soluble guanylyl cyclase. This indicates that hypoxia-induced 

relaxation can proceed via an endothelium-independent pathway. The response 

was significantly reduced by high extracellular K+ (60–120 mM), and by 

tetraethylammonium (TEA), a non-selective K+ channel blocker, as well as by 

glibenclamide, a selective KATP channel inhibitor. These results strongly implicate 

K+ channels, particularly KATP channels, in mediating the hypoxic vasodilatory 

response. Moreover, KATP channels are known to be activated by endogenous 

vasodilators released during hypoxia (Daut et al., 1990) and are expressed not only 

in vascular smooth muscle but also in adipocytes. 

KATP channels are composed of four Kir6.x pore-forming subunits and four 

regulatory sulfonylurea receptor (SUR) subunits, as characterised in various tissues 

(Clement et al., 1997). While this structure is well established in vascular smooth 

muscle, functional KATP channels have also been identified in adipocytes. For 

instance, glibenclamide has been shown to induce a dose-dependent increase in 

intracellular calcium ([Ca²⁺]i) in adipocytes (Shi et al., 1999), supporting the 

presence of functional KATP channels in these cells. This suggests that both vascular 

and PVAT-derived KATP channels may contribute to the enhanced CK-induced 

relaxation observed under hypoxia in endothelium-denuded vessels. 

Beyond the pre-exposure experiments, my study employed another approach to 

directly assess the real-time effects of acute hypoxia on vascular tone. In these 

experiments, thoracic aortic rings were precontracted with PE under normoxic 

conditions and then exposed to acute hypoxia. This was important given the 
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conflicting reports on whether hypoxia causes contraction or relaxation, often 

without distinguishing the timing of exposure. Upon exposure to acute hypoxia, E+ 

thoracic aortic rings showed significant relaxation in both PVAT(+) and PVAT(–) 

groups compared to their baseline contraction under normoxic conditions (Figure 

3-10). The presence of PVAT further amplified this relaxation relative to PVAT(–) 

rings. Notably, E– vessels demonstrated hypoxia-induced relaxation, which was 

evident in PVAT(+) rings (Figure 3-11). This suggests a direct effect of PVAT on 

vascular smooth muscle or the release of factors that act independently of the 

endothelium to promote vasodilation during acute hypoxic stress. 

This finding aligns with a previous study by Maenhaut et al. (2010), which 

demonstrated that hypoxia (30 min of 95% N₂/5% CO₂) induced vasorelaxation in 

norepinephrine-precontracted thoracic aorta segments from male Swiss mice. This 

closely resembles the acute hypoxia approach used in my study, though performed 

in rats. In Maenhaut’s study, hypoxia significantly relaxed precontracted aortic 

rings with intact adipose tissue, whereas only minimal relaxation was observed in 

arteries without adipose tissue; critically, removal of the endothelium did not 

alter the hypoxic relaxation, and inhibition of sGC had no effect, while high 

extracellular K⁺, TEA and glibenclamide attenuated the response, consistent with 

K⁺/KATP channel involvement via an endothelium-independent mechanism. 

Notably, this vasorelaxant effect of PVAT was preserved when vessels were 

precontracted with prostaglandin F2α or U46619, suggesting that hypoxia 

enhances PVAT-mediated relaxation across different constrictors. Similar findings 

were reported in porcine coronary arteries, where PVAT significantly enhanced 

hypoxia-induced relaxation following U46619-induced contraction (Donovan et al., 

2018). In that study, exposure to hypoxic gas (95% N₂/5% CO₂ for 30 min) promoted 

vasorelaxation via a mechanism involving H₂S generated by cystathionine-β-

synthase (CBS), a transsulfuration enzyme that produces H₂S from L-cysteine and 

homocysteine (Zuhra et al., 2020). Additionally, Donovan et al. (2017) 

demonstrated that in vessels lacking PVAT, H₂S-mediated hypoxic relaxation was 

attributable to the vascular smooth muscle itself, further supporting H₂S as a key 

mediator of hypoxia-induced vasodilation independent of PVAT. 

In my acute hypoxia protocol (hypoxia applied during PE tone), relaxation was 

robust and PVAT-dependent even in E– rings, consistent with K⁺/KATP-dominated, 
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endothelium-independent mechanisms and PVAT-derived vasodilators (e.g. H₂S) 

augmenting the response (Maenhaut et al., 2010, Donovan et al., 2018). By 

contrast, in the pre-exposure + re-oxygenation protocol, subsequent PE and CK 

curves were recorded under normoxia. Re-oxygenation increases ROS from 

mitochondria, xanthine oxidase and NADPH oxidases, activates inflammatory 

signalling, and can impair endothelial NO bioavailability, classically blunting ACh– 

but not sodium nitroprusside (SNP)–mediated relaxation (Granger and Kvietys, 

2015, Ku, 1982, VanBenthuysen et al., 1987, Tsao et al., 1990, Pearson et al., 

1990, Kaeffer et al., 1996). In parallel, adipocytes up-regulate inflammatory 

adipokines (IL-1β, IL-8, TNF-α) during hypoxia/re-oxygenation, with peaks often 

on re-oxygenation or during intermittent hypoxia–re-oxygenation (He et al., 2014, 

Hong et al., 2014). Together, these dynamics likely explain the pre-exposure 

findings: re-oxygenation may (i) modify the endothelial contribution, diminishing 

it when PVAT is present (ROS/inflammatory cross-talk) but preserving or 

enhancing it in PVAT(–)/E+ rings, and (ii) shift PVAT/VSMC signalling, thereby 

normalising CK responses across groups while augmenting PE contraction and CK 

relaxation in PVAT(+)/E– rings. 
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3.5 Conclusion  

In conclusion, this study provides important insight into the complex and context-

dependent roles of PVAT and the endothelium in regulating vascular tone under 

hypoxic conditions. The findings demonstrate that both the timing and nature of 

hypoxia exposure critically shape vascular responses. Pre-exposure to hypoxia 

elicited dual effects of PVAT in endothelium-denuded vessels, depending on the 

pharmacological stimulus. With PE, hypoxia enhanced contraction, while with CK, 

it promoted increased relaxation. The presence of an intact endothelium in the 

pre-exposure experiments played a compensatory protective role, preventing 

hypoxia-induced contraction with PE and relaxation with CK. In contrast, in the 

mesenteric arteries with PVAT, endothelial presence appeared to contribute to 

hypoxia-induced vasoconstriction. Notably, acute hypoxia applied during active 

contraction triggered a robust vasorelaxant response, which was significantly 

amplified by PVAT and occurred independently of the endothelium. These findings 

highlight the dynamic interplay between PVAT, the endothelium, and vascular 

smooth muscle, underscoring the vessel-specific heterogeneity in responses to 

oxygen deprivation. 

  



114 

Chapter 4 Depot-Specific Effects of Hypoxia on 
Adiponectin in 3T3-L1 Adipocytes and PVAT 
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4.1 Introduction  

Adipose tissue (AT) is a dynamic endocrine organ that secretes various bioactive 

molecules known as adipokines; including leptin and adiponectin. These 

adipokines exert autocrine, paracrine, and endocrine effects, influencing 

physiological processes such as energy metabolism, insulin sensitivity, 

inflammation, immune responses and vascular function (Fernández-Alfonso et al., 

2013, Petersen and Shulman, 2018, Koenen et al., 2021). Among adipose depots, 

PVAT is especially important as it envelops most blood vessels and influences 

vascular tone through paracrine and vasocrine mechanisms (Hillock-Watling and 

Gotlieb, 2022, Queiroz and Sena, 2024).  

PVAT mediates anticontractile effects in multiple vascular beds, including the rat 

aorta (Löhn et al., 2002), coronary vessels (Aghamohammadzadeh et al., 2012) 

and mesenteric arteries  (Verlohren et al., 2004, Lee et al., 2011). Consistent with 

this, in Chapter 3 I showed that under normoxic conditions, PVAT significantly 

attenuated PE-induced contractions in endothelium-intact rat thoracic aorta 

compared with PVAT(–) rings, highlighting the anticontractile influence of PVAT in 

the presence of the endothelium. Separately, Chapter 3 also demonstrated that 

in rat thoracic aorta, acute hypoxia applied during active contraction induces a 

robust vasorelaxation that is augmented by PVAT, although the mediators of this 

hypoxia-sensitive response remain to be defined. Under normoxic conditions, 

these effects are primarily mediated through the release of PVRFs, such as 

adiponectin (Chen et al., 2003), hydrogen peroxide (H₂O₂) (Gao et al., 2007), 

hydrogen sulphide (H₂S) (Fang et al., 2009) and nitric oxide (NO) (Gil-Ortega et 

al., 2014, Victorio et al., 2016). PVAT promotes vasodilation via both endothelium-

dependent and endothelium-independent mechanisms (Gao et al., 2007). 

Importantly, the secretory profile of PVAT differs from other adipose depots, 

resulting in depot-specific differences in PVAT-mediated anticontractile effects. 

In mice, aortic PVAT secretes lower levels of adiponectin and leptin while 

releasing higher levels of IL-6, IL-8, and MCP-1, compared to subcutaneous and 

perirenal AT (Chatterjee et al., 2009). These differences reflect anatomical and 

phenotypic diversity. For instance, thoracic PVAT exhibits BAT-like features, 

whereas mesenteric and abdominal PVAT resembles WAT (Padilla et al., 2013, 

Gálvez-Prieto et al., 2008, Cinti, 2011). This phenotypic heterogeneity influences 

regional vascular responses. For example, thoracic PVAT shows greater 
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anticontractile activity, likely due to higher eNOS expression and NO availability, 

compared to abdominal PVAT (Hwej et al., 2024, Victorio et al., 2016). 

Norepinephrine (NE) levels in thoracic PVAT are approximately seven times higher 

than in mesenteric PVAT (Ahmad et al., 2019). Jeong et al. (2018) attributed this 

elevated NE to the BAT-like nature of thoracic PVAT, which is thermogenically 

active and also to rich sympathetic innervation. These depot-specific 

characteristics may contribute to regional disparities in vascular risk, as WAT-like 

PVAT depots are more associated with atherosclerosis and vascular dysfunction 

(Padilla et al., 2013, Yap et al., 2021). However, how hypoxia differentially 

regulates BAT-like thoracic versus WAT-like mesenteric PVAT remains poorly 

characterised. 

Adiponectin was first identified in human plasma and differentiated 3T3-L1 

adipocytes (Scherer et al., 1995, Nakano et al., 1996). Before its metabolic 

significance was fully understood, it was not widely recognised that adipose tissue 

could produce a hormone with insulin-sensitising properties (Combs and Marliss, 

2014, Hu et al., 1996). Since then, adiponectin has emerged as a key regulator of 

metabolic homeostasis, demonstrating anti-inflammatory (Huang et al., 2008), 

anti-fibrotic (Shafiei et al., 2011), anti-apoptotic (Ye et al., 2014), and anti-

lipotoxic effects (Xu et al., 2003). It also enhances insulin sensitivity and reduces 

ceramide accumulation (Holland et al., 2010). In the vascular system, adiponectin 

acts as a key PVRF with potent vasodilatory properties (Sena et al., 2017, Chen et 

al., 2003). These effects are mediated by the adiponectin receptors AdipoR1 and 

AdipoR2, which are expressed in adipose and vascular tissues and signal via AMPK 

to activate eNOS, thereby enhancing endothelial NO bioavailability (Chen et al., 

2003, Antoniades et al., 2009, Kadowaki et al., 2006, Yamauchi and Kadowaki, 

2008). In murine mesenteric arteries, adiponectin promotes vasorelaxation via 

AdipoR1 on endothelial cells (Lynch et al., 2013). In VSMCs, it induces 

vasorelaxation through the activation of Kv and BKCa channels in both aortic and 

mesenteric vessel rings (Fésüs et al., 2007, Lynch et al., 2013). In mesenteric 

arteries, β3-adrenergic receptor stimulation by the sympathetic neurotransmitter, 

norepinephrine (NE), triggers PVAT to release adiponectin, which then activates 

BKCa channels and induces NO release, leading to vasodilation (Weston et al., 

2013). However, the hypoxic environment present in obese individuals markedly 

suppresses adiponectin expression. This reduction in adiponectin levels is, at least 
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in part, due to endoplasmic reticulum (ER) stress, with the ER stress marker CHOP 

known to suppress adiponectin promoter activity. Hypoxia-induced mRNA 

destabilisation further lowers adiponectin production (Engin, 2024, Hosogai et al., 

2007). 

Adipose tissue hypoxia is increasingly recognised as a central mechanism linking 

obesity to vascular dysfunction and chronic inflammation. As adipose depots 

expand, particularly via hypertrophy, limited oxygen diffusion and insufficient 

angiogenesis result in localised hypoxia that drives metabolic stress, 

inflammation, and altered adipokine secretion (Trayhurn, 2013, Sun et al., 2011, 

Brahimi-Horn and Pouysségur, 2007, Huynh et al., 2025). In both murine (3T3-

F442A and 3T3-L1) and in primary human adipocytes differentiated from 

subcutaneous preadipocytes, hypoxia triggers a shift in adipokine expression 

toward a pro-inflammatory profile, including the upregulation of leptin, VEGF, IL-

6, PAI-1, and matrix metalloproteinases (MMPs), while concurrently 

downregulating adiponectin and haptoglobin (Wang et al., 2007, Chen et al., 2006, 

Lolmede et al., 2003). This imbalance between pro- and anti-inflammatory factors 

contributes to endothelial dysfunction, reduced NO bioavailability, and impaired 

vasodilation, thereby promoting hypertension and atherosclerosis. (Chang et al., 

2020b, Gálvez-Prieto et al., 2008, Quesada et al., 2018).  Hypoadiponectinemia 

resulting from adipose tissue hypoxia under conditions of obesity has subsequently 

been linked with insulin resistance, type 2 diabetes, cardiovascular disease, and 

other metabolic complications (Kadowaki et al., 2006).  Supporting this, Badran 

et al. (2019) demonstrated that hypoxia abolishes the anticontractile function of 

PVAT in the abdominal aorta, an effect reversed by exogenous adiponectin. In 

obese diabetic KKAy mice fed a HFD, both adiponectin and its receptor mRNA were 

significantly downregulated, which correlated with reduced insulin sensitivity 

(Yamauchi et al., 2001, Tsuchida et al., 2005). Furthermore, adiponectin knockout 

mice exhibit increased susceptibility to diet-induced insulin resistance, linked to 

increased TNF-α levels and decreased FATP-1 and IRS-1 expression (Maeda et al., 

2002). HFD-fed mice exhibit a ~70% reduction in PVAT adiponectin and a complete 

loss of its anticontractile effect, findings that were also observed in obese patients 

(Aghamohammadzadeh et al., 2013, Almabrouk et al., 2018). Notably, this effect 

was reversed after bariatric surgery or treatment with antioxidant enzymes 

(Aghamohammadzadeh et al., 2013).   
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Given the importance of adiponectin in vascular regulation and the evidence that 

hypoxia suppresses its expression, several questions remain regarding how acute 

hypoxia alters Adipoq transcription, adiponectin protein and secretion in a depot-

dependent manner, and whether any such changes contribute to PVAT-dependent 

vasorelaxation. Thus, this study examines the impact of acute hypoxia on 

adiponectin levels and Adipoq mRNA in 3T3-L1 adipocytes and in thoracic versus 

mesenteric PVAT, and, building on Chapter 3 where PVAT amplified hypoxia-

induced relaxation in rat thoracic aorta, tests whether adiponectin signalling 

contributes to that response. 

4.2 Aims 

1. To analyse changes in adiponectin expression and Adipoq mRNA under 

hypoxia in 3T3-L1 adipocytes. 

2. To investigate the impact of hypoxia on adiponectin (Adipoq) gene 

expression, protein levels, and secretion in thoracic and mesenteric PVAT. 

3. To explore the role of pharmacological modulators, including β3-AR agonists 

and the adiponectin receptor-1 blocker (AdipoR1B), in modulating hypoxia-

induced vascular relaxation. 

4. To analyse the broader adipokine profile in thoracic PVAT and its 

modulation by hypoxia.  
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4.3 Results 

4.3.1 LDH release as a marker of hypoxia-induced cytotoxicity in 
3T3-L1 adipocytes 

To determine whether hypoxic exposure induces cytotoxic effects in 3T3-L1 

adipocytes, lactate dehydrogenase (LDH) activity in the culture medium was 

measured as an indicator of LDH released from damaged cells and thus plasma 

membrane injury. The LDH assay has previously been used to assess cytotoxic 

responses in 3T3-L1 adipocytes and other adipose tissue models (Chung and Hyun, 

2021, Aboy-Pardal et al., 2024). LDH activity was measured under both CoCl2- and 

gas-induced hypoxic conditions. Cells treated with 200 µM CoCl2 for 1 or 4 hours 

showed no significant changes in extracellular LDH activity compared with 

normoxic controls. Under gas-induced hypoxia, no significant changes were 

detected at 1 or 3 hours, whereas a significant increase in extracellular LDH 

activity was observed at 6 hours (p<0.05) (Figure 4-1). 

 

Figure 4-1 Effect of hypoxia on LDH activity in 3T3-L1 adipocyte cells.  
Lactate dehydrogenase (LDH) activity was measured in the culture medium of 3T3-L1 adipocytes 
under normoxic and hypoxic conditions. (A) Cells were treated with 200 µM CoCl2 for 1 and 4 hours. 
(B) Cells were exposed to a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂ (sealed chamber)) for 1, 
3, or 6 hours. In both experiments, untreated cells maintained under normoxia served as the control 
group. LDH levels are presented as percent fold-change relative to untreated control cells and 
expressed as mean ± SEM from three independent experiments (n=3). Statistical analysis was 
performed using one-way ANOVA followed by Dunnett’s post-hoc test to compare each treatment 
group with untreated cells. Asterisks indicate statistical significance (*p < 0.05). 
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4.3.2 Cytotoxicity assessment (LDH activity) in thoracic and 
mesenteric PVAT under normoxia and hypoxia 

To assess whether hypoxia induced cytotoxic effects in PVAT, lactate 

dehydrogenase (LDH) activity was measured in the conditioned media from 

thoracic and mesenteric PVAT samples. PVAT samples were initially incubated 

under normoxic conditions for 30 minutes, followed by continued normoxia or 

exposure to hypoxia for an additional 30 minutes. In thoracic PVAT, no significant 

differences in LDH activity were observed between normoxia and hypoxia (Figure 

4-2A). Similarly, no significant changes in LDH activity were detected in 

mesenteric PVAT under either condition (Figure 4-2B). 

 

Figure 4-2 Effect of hypoxia on LDH activity in thoracic and mesenteric PVAT of rats under 
normoxic and hypoxic conditions.  
Thoracic and mesenteric PVAT samples were initially incubated under normoxic conditions (95% O₂ 
and 5% CO₂) for 30 minutes, followed by either continued normoxia or exposure to hypoxia (95% N₂ 

and 5% CO₂ (open bath)) for an additional 30 minutes. LDH activity in the conditioned media was 
measured as an indicator of cytotoxicity. (A) LDH activity in thoracic PVAT-conditioned media. (B) 
LDH activity in mesenteric PVAT-conditioned media. Data are presented as mean ± SEM from three 
independent experiments (n=3) and as percent fold-change relative to normoxia. Statistical analysis 
was performed using an unpaired Student’s t-test. 
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4.3.3 Hypoxia suppresses adiponectin expression in 3T3-L1 
adipocytes  

Adiponectin, secreted by adipose tissue, exerts anti-inflammatory and 

vasodilatory effects and promotes NO signalling via AMPK–eNOS (Ebrahimi-

Mamaeghani et al., 2015, Yamauchi and Kadowaki, 2008, Withers et al., 2014). 

Since obesity is associated with PVAT hypoxia and inflammation, and Saxton et al. 

(2021) showed PVAT dysfunction in a relatively acute diet-induced obesity model, 

including reduced adiponectin secretion and loss of adiponectin vasodilator 

action, I hypothesised that hypoxia would suppress adiponectin expression in 3T3-

L1 adipocytes.  Protein expression of adiponectin was measured first to establish 

the primary phenotypic effect of hypoxia. The accompanying transcriptional 

response under gas hypoxia was then reported (Section 4.3.4). To test this, cells 

were treated with 200 µM CoCl2 for 4 hours. Western blot analysis revealed a 

significant reduction in adiponectin protein levels compared with untreated cells 

(p < 0.0001; Figure 4-3). To confirm these findings under more physiologically 

relevant conditions, I exposed cells to a hypoxic gas mixture in a sealed chamber 

filled with (94% N₂, 5% CO₂, 1% O₂) for 1, 3, and 6 hours. As shown in Figure 4-4, 

gas-induced hypoxia significantly downregulated adiponectin expression at all 

time points examined (p < 0.01). Notably, although 6 hours of gas hypoxia 

produced a significant rise in extracellular LDH (Section 4.3.1), downregulation of 

adiponectin was already obvious at 1–3 hours when LDH was unchanged, indicating 

a hypoxia-driven regulatory effect rather than secondary toxicity; the 6-hour time 

point is included as an upper-limit time point to illustrate the trend under more 

severe stress. 
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Figure 4-3 The effect of cobalt chloride-induced hypoxia on adiponectin expression in 3T3-
L1 adipocytes.  
Representative immunoblot and quantitative analysis showing the effect of CoCl2-induced hypoxic 
conditions (200 µM, 4-hour exposure) on adiponectin expression in 3T3-L1 adipocytes compared 
with untreated cells. Adiponectin levels were normalised to GAPDH, and data are expressed as 
percent fold-change relative to untreated control cells. The adiponectin band quantified 
corresponded to ~30 kDa, and GAPDH corresponded to ~37 kDa. Results are presented as mean ± 
SEM from five independent experiments (n = 5). Statistical analysis was performed using an unpaired 
Student’s t-test. Asterisks indicate statistical significance (****p < 0.0001). 
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Figure 4-4 The effect of gas-induced hypoxia on adiponectin expression in 3T3-L1 
adipocytes.  
Representative Western blot images and quantitative analysis of adiponectin expression in 3T3-L1 
adipocytes exposed to a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1, 3, and 6 hours. 
Adiponectin levels were normalised to total protein stain, and data are expressed as percent fold-
change relative to untreated control cells. The adiponectin band quantified corresponded to ~30 kDa. 
Results are presented as mean ± SEM from three independent experiments (n=3). Statistical 
analysis was performed using one-way ANOVA followed by Dunnett’s post-hoc test. Asterisks 
indicate statistical significance (**p < 0.01). 

4.3.4 Adipoq gene expression during gas-induced hypoxia in 3T3-
L1 adipocytes 

Given the observed reduction in adiponectin protein levels under gas-induced 

hypoxia, I next investigated whether this effect was reflected at the 

transcriptional level by examining Adipoq gene expression. Because both CoCl₂ 

and gas hypoxia reduced adiponectin protein to a similar extent (Figure 4-3; Figure 

4-4), gene expression was assessed under gas hypoxia only, as this more closely 

models physiological oxygen deprivation and avoids potential side effects 

associated with chemical mimetics. 3T3-L1 adipocytes were exposed to a hypoxic 

gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1, 3, and 6 hours. Quantitative RT-PCR 

analysis revealed a time-dependent suppression of Adipoq mRNA expression, with 

a significant downregulation observed at 3 hours (p<0.01) and 6 hours (p < 0.05) 
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compared to normoxic controls. A slight, non-significant upward trend was noted 

at 1 hour (p = 0.0642), before declining significantly at later time points (Figure 

4-5). 

 

Figure 4-5 Effects of gas-induced hypoxia on Adipoq mRNA level in 3T3-L1 adipocytes. 
3T3-L1 adipocytes were exposed to a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1, 3, or 6 
hours. Total RNA was extracted, and Adipoq mRNA levels were quantified by quantitative RT-PCR. 
Expression levels were normalised to TATA-binding protein (TBP) mRNA and are presented as 
percent fold-change relative to untreated control cells. Data represent the mean ± SEM from three 
independent experiments (n=3). Statistical analysis was performed using one-way ANOVA followed 
by Dunnett’s post-hoc test. Asterisks indicate statistical significance (*p < 0.05, **p < 0.01). 

4.3.5 Effect of hypoxia on Adipoq gene expression in thoracic and 
mesenteric PVAT 

Following the assessment of Adipoq gene expression in 3T3-L1 adipocytes, I next 

investigated the effect of hypoxia on adiponectin (Adipoq) gene expression in 

thoracic and mesenteric PVAT. Adipoq mRNA levels were measured by 

quantitative RT-PCR in PVAT samples that were initially maintained under 

normoxic conditions and then either continued under normoxia or changed to 

hypoxic conditions. In thoracic PVAT, hypoxia induced a significant decrease in 

Adipoq mRNA expression compared to normoxia (p < 0.001) (Figure 4-6A). In 

contrast, no significant differences in Adipoq mRNA expression were observed 

between normoxic and hypoxic conditions in mesenteric PVAT (Figure 4-6B). 
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Figure 4-6 Effect of hypoxia on Adipoq mRNA expression in thoracic and mesenteric PVAT.  
Thoracic and mesenteric PVAT samples were initially incubated under normoxic conditions (95% O₂ 
and 5% CO₂) for 30 minutes, followed by continued normoxia or exposure to hypoxia (95% N₂ and 

5% CO₂) for an additional 30 minutes. Total RNA was extracted, and Adipoq mRNA levels were 
quantified by quantitative RT-PCR. Expression levels were normalised to TATA-binding protein 
(TBP) mRNA and are presented as percentage relative to normoxic controls. Data are presented as 
mean ± SEM from six independent experiments for thoracic PVAT (A) and three independent 
experiments for mesenteric PVAT (B). Statistical analysis was performed using unpaired Student’s 
t-test. Asterisks indicate statistical significance (***p < 0.001). 

4.3.6 Effect of hypoxia on adiponectin protein expression in 
thoracic and mesenteric PVAT lysates 

The effect of hypoxia on adiponectin protein levels was investigated in thoracic 

and mesenteric PVAT tissue lysates. PVAT samples were initially incubated under 

normoxic conditions for 30 minutes, followed by either continued normoxia or 

exposure to hypoxic gas for an additional 30 minutes. Western blot analysis 

revealed a significant decrease in adiponectin protein levels in thoracic PVAT 

under hypoxia compared to normoxia (p < 0.0001) (Figure 4-7A). In contrast, no 

significant differences in adiponectin expression were observed in mesenteric 

PVAT between normoxic and hypoxic conditions (Figure 4-7B). To assess 

adiponectin secretion, conditioned media collected from thoracic PVAT were 

analysed by Western blotting. No significant differences in adiponectin levels in 

the media were detected between normoxic and hypoxic conditions (Figure 4-8). 
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Figure 4-7 Adiponectin expression in thoracic and mesenteric PVAT under normoxic and 
hypoxic conditions.  
Immunoblot and quantification showing adiponectin expression in rat PVAT samples. (A) Thoracic 
PVAT under normoxic and hypoxic conditions. (B) Mesenteric PVAT under normoxic and hypoxic 
conditions. Adiponectin levels were quantified relative to total protein stain. The adiponectin band 
quantified corresponded to ~30 kDa. Data are presented as mean ± SEM from four independent 
experiments for thoracic PVAT (n=4) and three independent experiments for mesenteric PVAT (n=3) 
and are presented as percentage relative to normoxic controls. Statistical analysis was performed 
using an unpaired Student’s t-test. Asterisks indicate statistical significance (****p < 0.0001). 
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Figure 4-8 Expression of adiponectin in the conditioned media of thoracic PVAT under 
normoxic and hypoxic conditions.  
Western blot analysis of adiponectin in conditioned media collected from thoracic PVAT. PVAT 
samples were initially incubated under normoxic conditions (95% O₂ and 5% CO₂) for 30 minutes, 
followed by continued normoxia or exposure to hypoxia (95% N₂ and 5% CO₂) for an additional 30 
minutes. Adiponectin levels in the conditioned media were normalised to total protein stain. The 
adiponectin band quantified corresponded to ~30 kDa. Data are presented as mean ± SEM from four 
independent experiments (n=4) and are presented as percentage relative to normoxic controls. 
Statistical analysis was performed using an unpaired Student’s t-test. 

4.3.7 Adiponectin levels in PVAT lysates under normoxia and 
hypoxia 

Given the observed effects of hypoxia on adiponectin protein expression in 

thoracic PVAT, adiponectin content within PVAT lysates was assessed to determine 

whether hypoxia altered baseline intracellular levels. Thoracic and mesenteric 

PVAT samples were initially maintained under normoxic conditions for 30 minutes, 

followed by either continued normoxia or exposure to hypoxia for an additional 

30 minutes. Adiponectin protein levels were quantified by ELISA. No significant 

differences in adiponectin content were observed between normoxic and hypoxic 

conditions in either thoracic or mesenteric PVAT. However, independent of 
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oxygenation, thoracic PVAT had significantly higher baseline adiponectin levels 

than mesenteric PVAT (Figure 4-9; p < 0.05). 

 

Figure 4-9 Adiponectin levels in thoracic and mesenteric PVAT lysates under normoxic and 
hypoxic conditions.  
Adiponectin levels were quantified by ELISA in lysates of thoracic and mesenteric PVAT from rats 
exposed to normoxic or hypoxic conditions. PVAT samples were maintained under normoxic 
conditions or exposed to hypoxia for 30 minutes. Adiponectin concentrations are expressed as ng 
adiponectin per mg tissue. Data are presented as mean ± SEM from three independent experiments 
(n = 3). Statistical analysis was performed using two-way ANOVA followed by Tukey’s post-hoc test. 
Asterisks indicate statistical significance (*p < 0.05, **p < 0.01). 

4.3.8 Effect of normoxic and hypoxic conditions on adiponectin 
release in the conditioned media of thoracic and 
mesenteric PVAT 

Although PVAT across different anatomical locations may exhibit features of either 

brown or white adipose tissue, its secretory profile shows distinct differences 

compared to other fat depots. For example, compared to subcutaneous and 

perirenal adipose tissue, mouse aortic PVAT has been shown to secrete 

substantially less adiponectin and leptin, while producing higher levels of pro-

inflammatory cytokines including IL-6, IL-8, and MCP-1 (Chatterjee et al., 2009). 

To investigate whether hypoxia influenced adiponectin secretion from PVAT, 

conditioned media collected from thoracic and mesenteric PVAT samples under 

normoxia or hypoxia were analysed. Adiponectin concentrations in conditioned 

media were quantified by ELISA. A trend toward increased adiponectin release 

was observed in conditioned media from hypoxic thoracic PVAT compared to 

normoxic controls (p = 0.0506), while no significant difference was detected in 

mesenteric PVAT. Thoracic PVAT released significantly higher levels of 
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adiponectin compared to mesenteric PVAT under both normoxic (p < 0.01) and 

hypoxic conditions (p < 0.0001) (Figure 4-10). 

 

Figure 4-10 Adiponectin levels in conditioned media from thoracic and mesenteric PVAT 
under normoxic and hypoxic conditions.  
Adiponectin concentrations were measured by ELISA in conditioned media collected from thoracic 
and mesenteric PVAT samples exposed to normoxic or hypoxic conditions. Adiponectin 
concentrations are expressed as ng adiponectin per mg tissue. Data are presented as mean ± SEM 
from four independent experiments (n=4). Statistical analysis was performed using two-way ANOVA 
followed by Tukey’s post-hoc test. Asterisks indicate statistical significance (**p < 0.01, ****p < 
0.0001). 

4.3.9 Effect of β3-AR agonist and AdipoR1B on hypoxia-induced 
relaxation of thoracic aorta 

Since previous studies have shown that β3-adrenoceptor stimulation in PVAT 

produces adiponectin-dependent anticontractile/vasodilatory effects  (Saxton et 

al., 2018, Weston et al., 2013), this experiment investigated whether modulating 

β3-AR signalling or blocking adiponectin receptors would alter hypoxia-induced 

relaxation in thoracic aortic rings. To test this, rings precontracted with a single 

concentration of PE (1 µM) were pretreated with the β3-AR agonist CL-316,243 (10 

µM) or a selective adiponectin receptor 1 blocker (AdipoR1B; 5 µg/mL) prior to 30 

minutes hypoxic exposure. 

In PVAT(+) /E+ and PVAT(+) /E– rings, CL-316,243 and AdipoR1B did not 

significantly change hypoxia-induced relaxation compared with hypoxia-only rings 

(controls) (Figure 4-11A, B). However, in PVAT(–)/E+ rings, treatment with CL-

316,243 significantly reduced relaxation responses (p < 0.05) (Figure 4-11C). In 

PVAT(–)/E– rings, no significant differences were observed among the group 
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treated with CL-316,243 compared to hypoxia-only rings (controls) (Figure 4-11D). 

Taken together, these data indicate that acute hypoxic relaxation in rat thoracic 

aorta is largely independent of AdipoR1 signalling and β3-AR drive when PVAT is 

present, while β3-AR activation can oppose hypoxic relaxation via an endothelium-

dependent pathway that is revealed when PVAT is removed.   

 

Figure 4-11 Effect of β3-AR agonist and AdipoR1B on hypoxia-induced relaxation in thoracic 
aorta.  
Thoracic aortic rings were precontracted with PE (1 µM) and treated with either the β₃-adrenoceptor 
agonist CL-316,243 (10 µM), the adiponectin receptor-1 blocker AdipoR1B (5 µg/mL), or left 
untreated as hypoxia-only control rings prior to hypoxic exposure (95% N₂ and 5% CO₂ for 30 
minutes). Relaxation is expressed as a percentage of the precontracted tone induced by PE and 
presented as mean ± SEM from arteries obtained from different animals. (A) PVAT(+) /E+ rings (n = 
7 for all groups). (B) PVAT(+) /E– rings (n = 8 control, 7 for all treatment groups). (C) PVAT(–)/E+ 
rings (n = 7 control, 6 for treatment groups). (D) PVAT(–)/E– rings (n = 7 for all groups). Statistical 
analysis was performed using one-way ANOVA followed by Dunnett’s multiple comparisons test for 
panels A and B. As data in panel D were not normally distributed, panel C and D was analysed using 
the Mann–Whitney U test. Asterisks indicate statistical significance (*p < 0.05). 
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4.3.10 Exploratory adipokine profiling of thoracic PVAT under 
acute hypoxia 

To broaden the analysis beyond single mediators, adipokines in thoracic PVAT-

conditioned media under normoxia and acute hypoxia were profiled, 

complementing the adiponectin work in this chapter. Conditioned media were 

collected after an initial 30-minute normoxic incubation and after a further 30 

minutes in either normoxia or hypoxia (95% N₂, 5% CO₂), then analysed using the 

Proteome Profiler Rat Adipokine Array (30 analytes). Hypoxia qualitatively 

reduced several adipokines, including leukaemia inhibitory factor (LIF), insulin-

like growth factor-binding protein-1 (IGFBP-1), interleukin-10 (IL-10) and resistin 

(Figure 4-12). Given the exploratory sample size (n = 2), no statistical testing was 

performed; these data provide a broader view of PVAT adipokines and highlight 

candidates for future investigation. 
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Figure 4-12 Adipokine expression levels in thoracic PVAT-conditioned medium under 
normoxic and hypoxic conditions.  
Conditioned media were collected from thoracic PVAT samples maintained under normoxic 
conditions or exposed to hypoxic conditions, and adipokine levels were assessed using a Proteome 
Profiler Rat Adipokine Array kit containing 30 adipokine and adipokine-related antibodies spotted in 
duplicate. (A) Representative array images showing fluorescent detection of adipokines under 
normoxic and hypoxic conditions. (B) Array layout map indicating the position and identity of each 
adipokine on the membrane. (C–D) Quantification of 30 adipokines in thoracic PVAT-conditioned 
media. Signal intensities are presented as percentage relative to normoxia. Data are expressed as 
mean ± SD from two independent experiments (n=2) and expressed in arbitrary units. No statistical 
analysis was performed. 



Chapter 4  133 

4.4 Discussion 

The present study investigated whether acute hypoxia alters adiponectin in 3T3-

L1 adipocytes (Adipoq mRNA and protein) and in thoracic versus mesenteric PVAT 

(Adipoq mRNA, protein and secretion), and whether adiponectin/β3-adrenoceptor 

signalling contributes to the hypoxic relaxation of the rat thoracic aorta observed 

previously (Chapter 3). The data show that acute hypoxia selectively suppresses 

adiponectin expression in 3T3-L1 adipocytes and thoracic PVAT, but not 

mesenteric PVAT, with no evidence of acute cytotoxicity. This reduction in 

adiponectin under hypoxia is consistent with prior reports in adipocytes and 

adipose tissue exposed to low oxygen or obesity-associated hypoxia (Tsuchida et 

al., 2004, Hosogai et al., 2007, Ye et al., 2007, Wang et al., 2007, Chen et al., 

2006, Magalang et al., 2009), supporting the effectiveness of the hypoxic 

challenge used here. Furthermore, thoracic PVAT exhibited higher basal 

adiponectin content than mesenteric PVAT irrespective of oxygenation.  

Functionally, hypoxic relaxation of thoracic aortic rings was preserved when PVAT 

was present, regardless of β3-adrenoceptor or AdipoR1 manipulation. However, in 

PVAT-removed, endothelium-intact rings, β3-adrenoceptor activation significantly 

reduced hypoxic relaxation, an effect absent when the endothelium was removed. 

These results indicate that acute hypoxic vasorelaxation is largely independent of 

PVAT-derived adiponectin and reveal an inhibitory, endothelium-dependent β3-

adrenoceptor pathway that is masked by PVAT (Table 4-1). Collectively, these 

findings highlight depot-specific and pathway-specific responses of PVAT to acute 

hypoxic stress. 
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Table 4-1 Summary of hypoxia-driven changes in Adiponectin and vascular function 

3T3-L1 adipocytes (1–6 h hypoxia) PVAT molecular changes (30 min hypoxia) 

• Protein: ↓ adiponectin (CoCl₂ 4 h; 1–6 h gas 
hypoxia) 

• mRNA (Adipoq): ↓ at 3–6 h (ns at 1 h) 

• Cytotoxicity (LDH): ↔ (↑ only at 6 h) 

• Thoracic PVAT: Adipoq mRNA ↓; Protein ↓; 
Secretion ↔ (trend ↑) 
• Mesenteric PVAT: Adipoq mRNA ↔; Protein 
↔; Secretion ↔ 
• Note: No acute cytotoxicity in either depot 
(LDH: ↔) 

Functional responses: hypoxic relaxation of thoracic aortic rings 

• PVAT(+)/E+ 

• CL-316,243 (β3-AR agonist): ↔ 
• AdipoR1 blocker: ↔ 
• → Hypoxic relaxation maintained 
(PVAT-supported) 

• PVAT(+)/E– 

• CL-316,243: ↔    
• AdipoR1B: ↔ 
• → Hypoxic relaxation maintained 
(PVAT-supported) 

• PVAT(–)/E+ 

• CL-316,243: ↓ relaxation* 
•AdipoR1B: ↔ 
• → Endothelium-dependent β3-AR effect 
opposes hypoxic relaxation 

*Only significant effect observed across all modulators. 

• PVAT(–)/E– 

• CL-316,243: ↔    
• AdipoR1B: ↔ 
• → Hypoxic relaxation unchanged 

 

Before examining the specific effects on adiponectin, it was crucial to establish 

that the observed changes were not due to hypoxia-induced cytotoxicity. An LDH 

release assay confirmed that the hypoxic conditions used were not significantly 

cytotoxic to either cultured adipocytes or PVAT samples, except for a moderate 

increase after 6 h of gas-induced hypoxia in 3T3-L1 cells. These results are 

consistent with previous reports indicating that 3T3-L1 adipocytes exhibit 

elevated LDH levels only under high-stress conditions such as treatment with high 

dose of pinostilbene hydrate (200 μM) (Chung and Hyun, 2021, Aboy-Pardal et al., 

2024). These findings indicate that the observed changes in adiponectin result 

directly from hypoxia, reflecting regulated transcriptional and post-

transcriptional processes rather than non-specific cell death. 

Both chemical (CoCl₂) and gas-induced hypoxia significantly reduced adiponectin 

protein levels in 3T3-L1 adipocytes. Gas hypoxia also induced a time-dependent 

suppression of Adipoq mRNA, with significant downregulation at 3 h and 6 h but 

not at 1 h, where a non-significant transient increase was observed. Adipoq mRNA 

was not measured under CoCl₂. This temporal pattern aligns with earlier findings 

by Ye et al. (2007) and Chen et al. (2006), who reported delayed transcriptional 
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downregulation of Adipoq under hypoxia in 3T3-L1 adipocytes, potentially 

reflecting early compensatory mechanisms followed by HIF-1α–mediated PPARγ 

suppression (Yun et al., 2002) and/or activation of ER-stress pathways (Hosogai et 

al., 2007). Mechanistically, CHOP suppresses adiponectin transcription in 3T3-L1 

cells, with CHOP-10 disrupting the C/EBP binding site (−117/−73) (Chevillotte et 

al., 2007). Consistent with an ER-stress mechanism, Guo et al. (2017) showed that 

5% O₂ reduced adiponectin mRNA and protein via PERK and IRE1 activation, and 

that inhibiting either branch restored expression. Notably, hypoxia can also 

reduce Adipoq expression via a HIF-1α–driven decrease in C/EBPα (with no change 

in PPARγ), as reported by Chen et al. (2006), indicating that distinct upstream 

signals ultimately act through C/EBP-dependent downregulation of the 

adiponectin promoter. Finally, the degree of protein suppression in my study 

appeared greater than mRNA suppression at early time points, consistent with a 

lag between transcript and protein changes (Wang et al., 2007) and compatible 

with additional post-transcriptional/post-translational regulation, such as 

impaired multimerisation or altered redox-dependent stability, given that hypoxia 

disrupts cellular redox balance  (Magalang et al., 2009, Li and Shah, 2004). 

In PVAT, acute hypoxia reduced Adipoq mRNA and adiponectin protein in thoracic 

PVAT (Figure 4-6, 4-7A) but not in mesenteric PVAT (Figure 4-6B, 4-7B). 

Independent of oxygenation, thoracic PVAT contained significantly more 

adiponectin than mesenteric PVAT in my study (Figure 4-9), and it released more 

adiponectin into conditioned media under both conditions (Figure 4-10). This 

depot specificity aligns with the known phenotypic heterogeneity of PVAT. 

Thoracic PVAT exhibits BAT-like characteristics with higher eNOS expression and 

NO production (Hwej et al., 2024, Victorio et al., 2016), whereas mesenteric PVAT 

is more WAT-like and pro-inflammatory (Cinti, 2011, Chatterjee et al., 2009). 

Higher adiponectin (and BAT characteristics) in thoracic PVAT may be particularly 

important for protecting the aorta (an artery prone to atherosclerosis), while 

lower adiponectin in mesenteric PVAT relates to its role in small artery function 

and blood pressure control. These differences align with reports that PVAT is richly 

innervated by the sympathetic nervous system, with ~97–98% of adipose nerves 

being sympathetic, and that β3-AR signalling is prominent in perivascular depots 

(Giordano et al., 2006, Saxton et al., 2019b). In mesenteric arteries, β3-AR 

stimulation of PVAT induces adiponectin release, activating BKCa channels and 
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enhancing NO-dependent dilation (Weston et al., 2013, Hanscom et al., 2024), 

and PVAT buffers norepinephrine by taking it up within the fat layer, so less 

reaches vascular smooth muscle to cause contraction (Saxton et al., 2018). Prior 

work also reports ~7-fold higher NE content in thoracic vs mesenteric PVAT, 

consistent with the BAT-like, highly innervated thoracic phenotype (Ahmad et al., 

2019, Jeong et al., 2018, Hanscom et al., 2024, Sheng et al., 2016). While I did 

not quantify β3-AR expression, NE content, or innervation here, these adrenergic 

features provide a plausible explanation for my observations: the higher basal 

adiponectin in thoracic PVAT may make hypoxic downregulation more readily 

detectable over the short exposure period, whereas the low-adiponectin 

mesenteric depot has limited scope for further reduction. Consistent with this, 

hypoxic relaxation in PVAT(+) rings was unchanged by β3-AR or AdipoR1 

manipulation, suggesting PVAT-derived dilator pathways were already involved, 

while in PVAT(–)/E+ rings β3-AR agonism reduced relaxation, revealing an 

endothelium-dependent inhibitory β3-AR influence that is normally masked by 

PVAT support.  

Despite the intracellular suppression of adiponectin in thoracic PVAT under 

hypoxia, extracellular levels in conditioned media over 30 min did not change 

significantly, although there was a trend toward increased release, indicating a 

temporal dissociation between tissue content and measurable release within this 

short exposure period. This is consistent with hypoxia-related redox effects on 

protein processing (Li and Shah, 2004), and similar dissociations have been 

reported in adipocytes under hypoxia (Wang et al., 2007, Magalang et al., 2009). 

Given evidence that β3-adrenoceptor activation in PVAT produces adiponectin-

dependent anticontractile/vasodilatory effects, including β3-dependent 

adiponectin secretion during EFS (Saxton et al., 2018) and β3-induced, 

adiponectin-mediated hyperpolarization (Weston et al., 2013), I hypothesised that 

pharmacological modulation of these pathways would alter hypoxic 

vasorelaxation. Contrary to this expectation, in PVAT(+) rings β3-AR agonism or 

AdipoR1 blockade produced no significant change in hypoxia-induced relaxation, 

implying that PVAT-mediated hypoxic vasodilation was already at or near a 

functional ceiling and not further enhanced by additional β3 drive. By contrast, in 

PVAT(–), endothelium-intact rings the β3-AR agonist attenuated hypoxic 

relaxation, an effect absent after endothelial denudation, localising an inhibitory, 
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PVAT-independent action to the endothelium. Moreover, AdipoR1 blockade was 

ineffective across preparations, indicating that, in this acute condition, hypoxic 

vasorelaxation of the thoracic aorta occurs largely independent of adiponectin 

signalling. While β3-AR–induced adiponectin release from PVAT is established in 

other conditions, my findings suggest it is not the dominant contributor to acute 

hypoxic relaxation in the thoracic aorta. Instead, an endothelial β3-AR–dependent 

inhibitory pathway is unmasked when PVAT support is removed. 

My results extend reports that chronic hypoxia or obesity-associated conditions 

reduce adiponectin by showing that acute hypoxia already induces depot-selective 

suppression in thoracic but not mesenteric PVAT, while extracellular adiponectin 

over 30 minutes and PVAT-dependent hypoxic relaxation are preserved. In 

abdominal aorta from male offspring exposed to gestational intermittent hypoxia, 

Badran et al. (2019) showed loss of the PVAT anticontractile effect together with 

lower circulating adiponectin and reduced PVAT adiponectin at protein and mRNA 

levels, and exogenous adiponectin restored function. In mouse aorta, HFD lowers 

PVAT adiponectin by ~70% and abolishes the anticontractile effect via an AMPK-

related mechanism (Almabrouk et al., 2018). Systemically, obesity is associated 

with adipose hypoxia and reduced adiponectin expression (mRNA/protein) in 

epididymal WAT of ob/ob and diet-induced obese mice (Ye et al., 2007), and with 

downregulation of adiponectin and its receptors in adipose tissues that correlates 

with insulin resistance (Yamauchi et al., 2001, Tsuchida et al., 2005), including 

AdipoR1/R2 decreases in WAT, BAT and skeletal muscle of ob/ob mice (Tsuchida 

et al., 2004). In metabolic-syndrome rats, Cui et al. (2023) reported adipocyte 

hypertrophy, hypoadiponectinaemia, heightened contractile responses with 

impaired relaxation, a pro-inflammatory PVAT profile with reduced adiponectin, 

and reduced AdipoR1, AdipoR2, APPL and phosphorylated eNOS in the mesenteric 

artery, and further showed that chronic intermittent hypobaric hypoxia increased 

PVAT adiponectin, attenuated inflammatory cytokines and improved mesenteric 

vasorelaxation. Differences across studies likely reflect hypoxia protocol and 

exposure, including intermittent versus continuous stimuli, hypobaric versus 

normobaric gas, and exposure duration or severity. Taken together, my thoracic 

aorta data suggest that over a short exposure PVAT can maintain extracellular 

adiponectin and preserve hypoxic relaxation, possibly through mobilisation of 

existing stores or via compensatory dilators such as NO, H₂O₂ and H₂S (Gil-Ortega 
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et al., 2014, Gao et al., 2007, Fang et al., 2009), and that β3-adrenoceptor 

activation can exert an endothelium-dependent inhibitory influence when PVAT is 

absent, helping explain why β3-AR agonism enhanced PVAT anti-contractility in 

the work of Saxton et al. (2018) whereas it attenuated hypoxic relaxation in my 

PVAT(–)/E+ rings. 

Although limited (n=2), the adipokine array was designed to provide a wider view 

of the thoracic PVAT secretome under acute hypoxia, and it suggests that 30 min 

hypoxia suppresses several adipokines, including LIF, IGFBP-1, IL-10, and resistin, 

supporting my adiponectin findings and indicating rapid reprogramming. Because 

n=2, statistical analysis was not possible. In line with this study, IL-10 falls at 2% 

O₂ in placenta (Royle et al., 2009) and is generally anti-inflammatory and reduced 

in obesity/metabolic syndrome (Esposito et al., 2003). In contrast, obese stromal 

vascular fraction shows higher basal TNF-α and IL-10 (O’rourke et al., 2011) and 

obese PVAT displays increased resistin  and visfatin (Park et al., 2014b), 

underscoring that depot composition and chronic inflammatory status shape the 

baseline secretome and may mask or dilute the early hypoxia-induced pattern. 

IGFBP biology is context dependent. Hypoxia upregulates IGFBP-1 mRNA in HepG2 

cells (Tazuke et al., 1998), whereas my PVAT data indicate an early decrease in 

secreted IGFBP-1, consistent with translational or release control. LIF also shows 

marked temporal dynamics in hypoxic–ischaemic models, with elevations 

decreasing by 48–72 h (Lin et al., 2020), reinforcing time sensitivity. Future work 

should determine whether these acute adipokine shifts contribute to PVAT-

dependent hypoxic relaxation by add-back or neutralisation during PVAT(+/–) 

wire-myography under hypoxia. 
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4.5 Conclusion 

This chapter demonstrates that acute hypoxia selectively suppressed adiponectin 

expression in 3T3-L1 adipocytes and in thoracic PVAT without evidence of 

cytotoxicity, whereas mesenteric PVAT was unchanged over the same short 

exposure. In the thoracic aorta, hypoxic vasorelaxation was largely adiponectin 

independent. When PVAT was present, neither β3-AR agonist nor AdipoR1 blockade 

altered the response. In PVAT-depleted rings with an intact endothelium, the β3-

AR agonist attenuated relaxation. Regarding adiponectin measurements, thoracic 

PVAT showed higher basal adiponectin content and greater release into 

conditioned media than mesenteric PVAT under both normoxia and hypoxia. 

Collectively, these findings highlight depot-specific regulation of adiponectin 

under acute hypoxia and indicate that the impact of β3-AR signalling on vascular 

tone depends on PVAT presence and endothelial integrity. Although hypoxia 

reduced adiponectin, these molecular changes did not translate into a measurable 

acute effect on hypoxic vascular relaxation. Thus, the role of adiponectin in the 

acute hypoxic contractile response remains inconclusive. Future work should test 

causality by manipulating adiponectin signalling during acute hypoxia (e.g., 

adiponectin replacement or neutralisation, selective AdipoR agonists/antagonists, 

or PVAT from Adipoq-deficient animals). In parallel, inhibiting alternative PVAT-

derived dilators (NO, H₂O₂, H₂S) would assess compensatory pathways.
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Chapter 5 Effects of Hypoxia on SphK1/S1P 
Signalling and Secretory Profiles in 3T3-L1 
Adipocytes and PVAT 
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5.1 Introduction 

Sphingolipids are fundamental structural components of mammalian cell 

membranes that also function as bioactive signalling molecules (Pyne and Pyne, 

2000). Among them, sphingosine-1-phosphate (S1P) is a central regulator of 

numerous physiological processes, including cell survival, proliferation, migration, 

and angiogenesis (Spiegel and Milstien, 2011, Maceyka and Spiegel, 2014, Pyne 

and Pyne, 2011). S1P is generated intracellularly through the phosphorylation of 

sphingosine by two closely related kinases, sphingosine kinase 1 (SphK1) and 

sphingosine kinase 2 (SphK2) (Pyne and Pyne, 2000, Hannun and Obeid, 2008). The 

balance between S1P synthesis and degradation tightly regulates cellular S1P 

levels, allowing cells to adapt to environmental and metabolic stress (Maceyka et 

al., 2012, Pyne et al., 2016). 

Although both SphK isoforms are widely expressed, their cellular distribution and 

functions differ. SphK1 is primarily cytosolic and has been associated with 

enhanced cell proliferation and survival, while SphK2 is localised to the nucleus 

and other organelles (Kohama et al., 1998, Igarashi et al., 2003). However, within 

a cell, both SphKs can move to other compartments (Pyne and Pyne, 2010).  There 

are three isoforms for SphK1 (SphK1a/b/c) and there are two isoforms for SphK2 

(SphK2a/b) (Liu et al., 2000, Okada et al., 2005). Importantly, SphK1 

overexpression has been linked to inflammation, cancer, and metabolic 

dysfunction (Xia et al., 2000, Wang et al., 2014, Pyne and Pyne, 2010), whereas 

SphK2 displays more complex and context-dependent roles in cellular 

homeostasis, with evidence for both pro-apoptotic and pro-survival effects 

depending on cell type and conditions (Okada et al., 2005, Hait et al., 2009, 

Sankala et al., 2007). 

The extracellular actions of S1P are mediated through its binding to a family of 

five G protein–coupled receptors (S1P1–S1P5), with S1P1–3 being particularly 

relevant to the CVS (Strub et al., 2010). Through these receptors, S1P can produce 

divergent vascular responses. In ECs, activation of S1P1 and S1P3 promotes 

endothelium-dependent vasodilation through PI3K/Akt-mediated eNOS activation 

and nitric oxide (NO) release (Igarashi and Michel, 2009, Dantas et al., 2003, Mair 

et al., 2010, To ̈lle et al., 2005, di Villa Bianca et al., 2006). In contrast, VSMCs 

express higher levels of S1P2, with lower expression of S1P1 and S1P3, resulting in 
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predominantly S1P2 -mediated vasoconstriction through RhoA/Rho-kinase 

activation and calcium mobilisation, and cytoskeletal remodelling (Alewijnse et 

al., 2004, Hemmings et al., 2006, Bischoff et al., 2000, Medlin et al., 2010). 

Moreover, pathological conditions such as hypoxia, inflammation, and obesity can 

shift receptor expression, potentially altering the balance between vasodilatory 

and vasoconstrictive effects (Anelli et al., 2008, Salama et al., 2015, Fayyaz et 

al., 2014, Zhang et al., 2013a). 

Adipose tissue (AT) is a metabolically active endocrine organ that releases 

adipokines, cytokines, and bioactive lipids such as sphingosine-1-phosphate (S1P). 

Both SphK1 and SphK2 are expressed in cultured adipocytes and in several adipose 

depots including subcutaneous, epididymal white- and brown AT, while S1P1–3 are 

also widely detected in AT and cultured adipocytes (Hashimoto et al., 2009, Kitada 

et al., 2016, Mastrandrea, 2013, Chakrabarty et al., 2022, Morishige et al., 2023, 

Lee et al., 2017). Functionally, SphK1 has been implicated in adipocyte 

metabolism and inflammation, where its expression is upregulated by lipolytic 

stimuli and high-fat feeding, and is elevated in inflamed AT in both humans and 

mice (Wang et al., 2014, Fayyaz et al., 2014, Blachnio‐Zabielska et al., 2012). 

These findings suggest that the SphK1/S1P axis contributes to obesity-related 

adipose dysfunction, although paradoxical anti-inflammatory effects have also 

been reported (Tous et al., 2014). Present around the blood vessels,  PVAT exerts 

a paracrine influence on vascular tone by releasing adipokines, NO and ROS, with 

profiles that vary by depot (Barp et al., 2020). Thoracic PVAT resembles BAT, 

while mesenteric PVAT is more similar to WAT, and each depot exhibits distinct 

metabolic and secretory features (Gálvez-Prieto et al., 2008). Recent work further 

suggests that PVAT contains a functional SphK1–S1P–S1P3 signalling axis, which can 

modulate vascular relaxation through HDL-S1P interactions, thereby providing the 

first molecular evidence of S1P signalling within PVAT (Li et al., 2025a). In line 

with this, observations reported in Aljaezi’s thesis indicate that IL-1β upregulates 

SphK1 mRNA expression in PVAT and that the SphK1/S1P pathway contributes to 

IL-1β-induced hyporeactivity in rat aortic rings with intact PVAT, but not in rings 

without PVAT (Aljaezi, 2024). 

Interestingly, SphK1 is tightly controlled at the post-translational level. SphK1 

activity and stability can be reduced through dephosphorylation at Ser225 by 

protein phosphatase 2A (Barr et al., 2008), and the enzyme is also degraded 
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through both the ubiquitin–proteasome system and cathepsin B–mediated 

lysosomal pathways (Taha et al., 2006b, Loveridge et al., 2010). Pharmacological 

agents such as the SphK1 inhibitor PF543 utilise this mechanism by promoting 

proteasome-dependent SphK1 degradation (Byun et al., 2013). Evidence further 

suggests that hypoxia itself may enhance both SphK1 expression and degradation 

simultaneously in vascular endothelial cells (Alganga et al., 2019). Thus, 

proteasomal and lysosomal pathways represent key mechanisms in regulating the 

abundance and function of SphK1. 

Hypoxia is a hallmark of expanding adipose depots and is a key driver of adipose 

tissue dysfunction. In adipocytes and other cell types, hypoxia stabilises hypoxia-

inducible factors (HIFs) and increases SphK1 transcription and S1P production (Ito 

et al., 2013, Pulkoski-Gross and Obeid, 2018). Mechanistic studies show that HIF-

2α directly upregulates SphK1 under hypoxic stress, leading to increased S1P 

release and angiogenic signalling (Anelli et al., 2008). Similarly, in clear cell renal 

cell carcinoma with constitutive HIF stabilisation, SphK1 is overexpressed and 

elevated S1P drives invasion and angiogenesis, correlating with poor survival  

(Salama et al., 2015). In adipocytes, hypoxia-induced S1P promotes the expression 

of PAI-1, pro-inflammatory mediators via S1P2 (Ito et al., 2013), while in HepG2 

cells, this response occurs through HIF-1α signalling (Sanagawa et al., 2016). In 

the vasculature, hypoxia-driven SphK1/S1P signalling has been associated with 

both vasodilatory and vasoconstrictive outcomes depending on tissue type and 

receptor distribution (Alganga et al., 2019, Ahmad et al., 2006, Chen et al., 2014). 

Collectively, these findings suggest that hypoxia-induced activation of the 

SphK/S1P pathway has context-dependent metabolic and vascular effects, but its 

specific contribution within PVAT remains poorly understood. 

Therefore, this chapter investigates the effects of hypoxia on SphK1/S1P signalling 

and adipokine secretion in both cultured 3T3-L1 adipocytes and ex vivo PVAT 

depots. By integrating molecular, biochemical, and vascular function 

experiments, this work aims to clarify the mechanisms through which hypoxia 

modulates adipocyte and PVAT function, and how this may contribute to altered 

vascular responses. In Chapter 3 I demonstrated that acute hypoxia induces 

significant PVAT-dependent relaxation of the thoracic aorta and, to build on that 

finding, the current chapter examines whether the SphK1/S1P axis is involved in 
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this hypoxia-induced relaxation and contributes to the vascular effects associated 

with PVAT. 

5.2 Aims 

1. To determine how hypoxia regulates the SphK/S1P axis in 3T3-L1 adipocytes, 

by assessing SphK1 and SphK2 mRNA expression, SphK1 phosphorylation and 

total protein, and the contribution of proteasomal/lysosomal pathways to 

SphK1 stability. 

2. To determine how hypoxia regulates the SphK/S1P axis in thoracic and 

mesenteric PVAT, by assessing SphK1 mRNA, SphK1 phosphorylation and total 

protein, and the contribution of proteasomal/lysosomal pathways to SphK1 

abundance. 

3. To determine the impact of hypoxia on S1P metabolism, by measuring 

extracellular S1P release in 3T3-L1 adipocytes, and both intracellular and 

extracellular S1P levels in thoracic and mesenteric PVAT. 

4. To explore the role of pharmacological modulators, including exogenous S1P 

and CYM 5478 (a selective S1P2 agonist), in modulating hypoxia-induced 

vascular relaxation. 
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5.3 Results 

5.3.1 Hypoxia upregulates SphK1 but not SphK2 mRNA 
expression in 3T3-L1 adipocytes 

5.3.1.1 CoCl₂-induced hypoxia:  

Previous studies have demonstrated that hypoxia can upregulate SphK1 expression 

and its enzymatic product, sphingosine-1-phosphate (S1P), in various cell lines and 

tissues (Pulkoski-Gross and Obeid, 2018, Pyne et al., 2016). To assess whether a 

similar regulatory mechanism occurs in adipocytes, the mRNA expression levels of 

SphK1 and SphK2 were analysed in differentiated 3T3-L1 adipocytes treated with 

cobalt chloride (CoCl2), a chemical inducer of hypoxia. Cells were incubated with 

CoCl2 at a concentration of 200 µM for 0.5, 1, 2, 4, and 6 hours. Quantitative RT-

PCR analysis revealed a transient increase in SphK1 mRNA expression at the 4-hour 

time point (p<0.05; Figure 5-1A), returning to basal levels by 6 hours. In contrast, 

no significant alterations were detected in SphK2 mRNA expression at any time 

point (Figure 5-1B). 

 

Figure 5-1 Effects of cobalt chloride-induced hypoxia on SphK1 and SphK2 mRNA 
expression in 3T3-L1 adipocytes.  
3T3-L1 adipocytes were treated with 200 µM CoCl2 for 0.5, 1, 2, 4, and 6 hours. RNA was isolated 
and analysed by RT-PCR to measure the expression of (A) SphK1 and (B) SphK2 mRNA. 
Expression levels were normalized to TATA-binding protein (TBP) mRNA as an internal control. Data 
represent mean ± SEM from three independent experiments (n=3) and are expressed as fold change 
relative to untreated cells. Statistical analysis was performed using one-way ANOVA followed by 
Dunnett’s post-hoc test. Asterisks indicate statistical significance (*p < 0.05). 
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5.3.1.2 Gas-induced hypoxia: 

To further investigate the effects of hypoxia on the expression of SphK isoforms, 

3T3-L1 adipocytes were exposed to a controlled hypoxic gas mixture (1% O₂, 5% 

CO₂, and 94% N₂) for durations of 1, 3, and 6 hours. Because the hypoxia chamber 

is a sealed environment, sampling additional time points would have required 

breaking the atmosphere and re-gassing and so to minimise disturbance and 

maintain a constant 1% O₂, three a priori time points were selected. In contrast, 

CoCl₂ experiments permitted more frequent sampling (0.5–6 h) because the 

stimulus is applied directly to the culture medium without altering atmospheric 

conditions. Quantitative RT-PCR analysis demonstrated a significant elevation (p 

< 0.05) in SphK1 mRNA expression at the 3-hour time point relative to untreated 

normoxic control cells (Figure 5-2A). Conversely, no significant alteration in SphK2 

mRNA expression was observed at any time point studied (Figure 5-2B). 

  

Figure 5-2 Effects of gas-induced hypoxia on SphK1 and SphK2 mRNA expression in 3T3-L1 
adipocytes.  
3T3-L1 adipocytes were exposed to a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1, 3, or 6 
hours. Total RNA was extracted, and mRNA levels of (A) SphK1 and (B) SphK2 were quantified by 
RT-PCR. Expression levels are presented as fold-change relative to untreated control cells, 
normalised to TATA-binding protein (TBP) mRNA as an internal control. Data are presented as mean 
± SEM from three independent experiments (n=3). Statistical significance was assessed using one-
way ANOVA followed by Dunnett’s post-hoc test. Asterisks indicate statistical significance (*p < 0.05). 
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5.3.2 SphK1 phosphorylation induced by hypoxia in 3T3-L1 
adipocytes 

The previous results demonstrated that hypoxia selectively upregulated SphK1 

mRNA expression without affecting SphK2. To investigate whether hypoxia also 

modulates the activation of SphK1 through phosphorylation, differentiated 3T3-

L1 adipocytes were exposed to hypoxic conditions using either CoCl2 (200 µM) or 

a hypoxic gas mixture (94% N₂, 5% CO₂, and 1% O₂) at various time points. 

Western blot analysis revealed no significant change in SphK1 phosphorylation 

levels at any time point tested (5, 15, 30, 60, and 120 minutes) following CoCl2 

treatment (Figure 5-3A). However, exposure to the hypoxic gas mixture 

significantly enhanced SphK1 phosphorylation at the 1-hour time point (p < 0.01; 

Figure 5-3B). Notably, both increases in phosphorylation and mRNA expression 

appeared transient. Earlier gas-hypoxia time points (<1 h) were not sampled 

because hypoxia was applied using a sealed modular chamber: plates were 

removed from the incubator, the chamber was fully flushed/re-gassed to 1% O₂, 

sealed, and then returned to the incubator. To avoid short-term temperature 

fluctuations during chamber handling outside the incubator and re-equilibration, 

and because the gas acted on the chamber atmosphere rather than being bubbled 

directly through the medium (unlike the wire-myograph system), I selected 1, 3, 

and 6 h time points; sub-one hour sampling was not practicable in this setup. 
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Figure 5-3 The effect of hypoxia on SphK1 phosphorylation in 3T3-L1 adipocytes.  
Representative western blot images and quantitative analysis of phosphorylated SphK1 (P-SphK1) 
normalized to total SphK1 (T-SphK1) in adipocytes exposed to (A) cobalt chloride (CoCl2; 200 µM) 
for 5, 15, 30, 60, and 120 minutes, and (B) a hypoxic gas mixture (94% N₂, 5% CO₂, and 1% O₂) for 
1, 3, and 6 hours. The quantified P-SphK1 band was located at ~51 kDa, while the quantified T-
SphK1 band was located at ~34–36 kDa. Data are presented as mean ± SEM of percent fold-change 
relative to untreated control cells, from 3–4 independent experiments (n = 4 for CoCl2, n = 3 for gas). 
Statistical significance was assessed using one-way ANOVA followed by Dunnett’s post-hoc test; 
asterisks indicate statistical significance (**p < 0.01). 

5.3.3 The effect of hypoxia on SphK1 expression levels in 3T3-L1 
adipocytes 

Having demonstrated that gas-induced hypoxia upregulates SphK1 mRNA 

expression and enhances its phosphorylation, I next investigated whether hypoxia 

also affects total SphK1 protein levels in 3T3-L1 adipocytes. Cells were exposed 

to hypoxia using either CoCl2 (200 µM) or a hypoxic gas mixture (94% N₂, 5% CO₂, 

and 1% O₂) for the indicated durations. Western blot analysis showed no significant 

change in total SphK1 protein expression following CoCl2 treatment at any of the 

assessed time points (1, 2 and 4 hours; Figure 5-4A). Similarly, gas-induced hypoxia 

did not produce any statistically significant alterations in SphK1 levels across the 

tested time points (1, 3, and 6 hours; Figure 5-4B). 
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Figure 5-4 The effect of hypoxia on total SphK1 expression levels in 3T3-L1 adipocytes. 
Representative western blot images and quantification of total SphK1 (T-SphK1) levels in adipocytes 
treated with (A) CoCl2 for 1, 2 and 4 hours, or (B) a hypoxic gas mixture (94% N₂, 5% CO₂, and 1% 

O₂) for 1, 3, and 6 hours. The quantified SphK1 band was located at ~34–36 kDa, and GAPDH at 
~37 kDa. SphK1 expression was normalized to GAPDH for CoCl2-treated samples and to total 
protein stain for gas-treated samples. Data are expressed as percent fold-change relative to 
untreated control cells and presented as mean ± SEM from independent experiments (n=4, except 
for the 4-hour time point where n=6). Statistical analysis was performed using one-way ANOVA 
followed by Dunnett’s post-hoc test. 
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5.3.4 Role of protein degradation on SphK1 expression in 3T3-L1 
adipocytes 

5.3.4.1 CoCl2 hypoxia in the presence of proteasome/lysosome inhibitors 

As previously shown, treatment with 200 µM CoCl2 for 4 hours significantly 

increased SphK1 mRNA levels but did not alter SphK1 phosphorylation or total 

protein levels. To determine whether this lack of change at the protein level was 

due to post-translational degradation, protein degradation pathways were 

pharmacologically inhibited. 

Previous studies have demonstrated that SphK1 is subject to degradation via the 

ubiquitin–proteasome system and/or cathepsin B-mediated lysosomal degradation 

(Taha et al., 2006b, Loveridge et al., 2010). Furthermore, evidence suggests that 

hypoxia can increase SphK1 expression while simultaneously promoting its 

degradation via both pathways in endothelial cells (Alganga et al., 2019). To assess 

whether similar mechanisms are active in 3T3-L1 adipocytes exposed to hypoxia, 

cells were pretreated with the proteasome inhibitors lactacystin (10 µM) or MG132 

(10 µM), the cathepsin B inhibitor CA-074ME (10 µM), or a combination of MG132 

and CA-074ME. Cells were then exposed to CoCl2 for 4 hours, corresponding to the 

time point where the increase in SphK1 mRNA was previously observed. Western 

blot analysis showed that none of these inhibitor treatments resulted in a 

significant increase in total SphK1 protein levels compared to untreated controls 

(Figure 5-5).  
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Figure 5-5 The effect of cobalt chloride on SphK1 expression in the presence of protein 
degradation inhibitors in 3T3-L1 adipocyte cells. 
Representative immunoblot and quantification showing the effect of pre-treatment with lactacystin 
(10 μM, 30 min), MG132 (10 μM, 30 min), CA-074ME (10 μM, 30 min), or a combination of MG132 
and CA-074ME on SphK1 protein expression in 3T3-L1 adipocytes exposed to CoCl2-induced 
hypoxia for 4 hours. The quantified SphK1 band was located at ~34–36 kDa. Total SphK1 (T-SphK1) 
levels were normalized to total protein stain. Data are expressed as percent fold-change relative to 
untreated control cells and presented as mean ± SEM from three independent experiments (n=3). 
Statistical analysis was performed using one-way ANOVA followed by Dunnett’s post-hoc test. 

5.3.5 Differential S1P release in gas- and CoCl₂-induced hypoxia 

In a previous study using 3T3-L1 adipocytes and CoCl2-induced hypoxia, Ito et al. 

(2013) demonstrated that CoCl2 stimulation promotes S1P production and its 

extracellular release. However, they did not investigate hypoxia induced by gas 

exposure, which may more accurately reflect in vivo conditions. To address this, 

I assessed S1P release in response to both CoCl2 and gas-induced hypoxia as part 

of our optimisation of hypoxia induction in this model. S1P concentrations in 

conditioned media from 3T3-L1 adipocytes were quantified using an ELISA-based 
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assay following exposure to either CoCl2 or gas-induced hypoxia. Cells treated with 

200 µM CoCl2 for 4 hours exhibited a significant increase in S1P release compared 

with normoxic untreated controls (p < 0.05; Figure 5-6A). In contrast, exposure to 

a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1 or 6 hours resulted in a 

significant reduction in S1P release at 1 hour (p < 0.01), with no significant 

difference observed at 6 hours, when compared with normoxic untreated controls 

(Figure 5-6B). 

 

Figure 5-6 Effect of hypoxia on S1P release into conditioned media from 3T3-L1 adipocyte 
cells.  
S1P levels were measured by ELISA in conditioned media from 3T3-L1 adipocytes subjected to 
hypoxia. (A) Cells were treated with 200 µM CoCl2 for 4 hours and compared with untreated normoxic 
controls. (B) Cells were exposed to a hypoxic gas mixture (94% N₂, 5% CO₂, 1% O₂) for 1 and 6 
hours and compared with untreated normoxic controls. S1P concentrations were normalised to total 
protein content and expressed as ng/µg protein. Data represent the mean ± SEM from three 
independent experiments (n=3). Statistical analysis was performed using an unpaired Student’s t-
test for CoCl2 treatment and one-way ANOVA followed by Dunnett’s post-hoc test for gas treatment. 
Asterisks indicate statistical significance (*p < 0.05, **p < 0.01). 

5.3.6 SphK1 gene expression in thoracic and mesenteric PVAT 
under normoxia and hypoxia 

Building on the adipocyte findings, I extended the analysis to rat PVAT, a more 

physiological context than 3T3-L1 cells, comparing thoracic (BAT-like) and 

mesenteric (WAT-like) depots to test whether brief gas hypoxia alters SphK1 

mRNA. PVAT isolated from the thoracic aorta and mesenteric artery of rats was 

initially incubated under normoxia (95% O₂ and 5% CO₂) for 30 minutes, then 

maintained in normoxia or exposed to hypoxia (95% N₂, 5% CO₂) for a further 30 

minutes. Quantitative RT-PCR analysis revealed no significant change in SphK1 



Chapter 5  153 

mRNA expression in thoracic PVAT under hypoxia (Figure 5-7A). In mesenteric 

PVAT, no significant difference in SphK1 expression was detected between 

normoxic and hypoxic conditions, with considerable inter-replicate variability 

observed (Figure 5-7B). 

 

 

Figure 5-7 Effect of hypoxia on SphK1 mRNA expression in thoracic and mesenteric PVAT.  
Thoracic and mesenteric PVAT samples were initially incubated under normoxic conditions (95% O₂ 
and 5% CO₂) for 30 minutes, followed by continued normoxia or exposure to hypoxia (95% N₂ and 

5% CO₂) for an additional 30 minutes. Total RNA was extracted and SphK1 mRNA levels were 
quantified by quantitative RT-PCR. Expression levels were normalised to TATA-binding protein 
(TBP) mRNA and are presented as percentage relative to normoxic controls. Data are presented as 
mean ± SEM from five independent experiments for thoracic PVAT (A) and three independent 
experiments for mesenteric PVAT (B). Statistical analysis was performed using the Mann–Whitney 
U test. 

5.3.7 Expression of SphK1 phosphorylation and SphK1 in 
thoracic and mesenteric PVAT under normoxia and hypoxia 

As SphK1 mRNA expression showed no significant reduction in thoracic PVAT under 

short-term hypoxia, I next assessed whether changes occurred at the protein level. 

Specifically, I investigated whether hypoxia influences SphK1 activation through 

phosphorylation (P-SphK1) or alters total SphK1 (T-SphK1) protein in thoracic and 

mesenteric PVAT. PVAT samples were incubated under normoxia for 30 minutes, 

followed by continued normoxia or exposure to hypoxic gas (95% N₂, 5% CO₂) for 

an additional 30 minutes. Western blot analysis revealed no significant differences 

in P-SphK1 (Figure 5-8A) or T-SphK1 (Figure 5-8B) in thoracic PVAT. Similarly, no 

significant changes in P-SphK1 (Figure 5-9A) or T-SphK1 (Figure 5-9B) were 

observed in mesenteric PVAT.  
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Figure 5-8 Phosphorylated and total SphK1 expression in thoracic PVAT under normoxic 
and hypoxic conditions. 
PVAT samples were initially incubated under normoxic conditions (95% O₂ and 5% CO₂) for 30 

minutes, followed by continued normoxia or exposure to hypoxia (95% N₂ and 5% CO₂) for an 
additional 30 minutes. (A) Immunoblot images show the expression of phosphorylated SphK1 (P-
SphK1) and total SphK1 (T-SphK1) proteins in thoracic PVAT (lanes 1–4, normoxia; lanes 5–8, 
hypoxia). The quantified P-SphK1 band was located at ~51 kDa, and the quantified T-SphK1 band 
was located within the ~34–51 kDa. (B) Quantification of P-SphK1 levels normalised to total SphK1. 
(C) Quantification of T-SphK1 levels normalised to total protein stain. Data are presented as mean ± 
SEM from four independent experiments (n=4) and expressed in arbitrary units. Statistical analysis 
was performed using the Mann–Whitney U test. 
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Figure 5-9 Expression of phosphorylated and total SphK1 in mesenteric PVAT under 
normoxic and hypoxic conditions. 
PVAT samples were initially incubated under normoxic conditions (95% O₂ and 5% CO₂) for 30 

minutes, followed by continued normoxia or exposure to hypoxia (95% N₂ and 5% CO₂) for an 
additional 30 minutes. (A) Immunoblot images show the expression of phosphorylated SphK1 (P-
SphK1) and total SphK1 (T-SphK1) proteins in mesenteric PVAT (lanes 1–3, normoxia; lanes 4–7, 
hypoxia). The quantified P-SphK1 band was located at ~51 kDa, and the quantified T-SphK1 band 
was located within the ~34–51 kDa.  (B) Quantification of P-SphK1 levels normalised to total SphK1. 
(C) Quantification of T-SphK1 levels normalised to total protein stain. Data are presented as mean ± 
SEM from three independent experiments for normoxia and four for hypoxia (n=3 normoxia, n=4 
hypoxia) and expressed in arbitrary units. Statistical analysis was performed using an unpaired 
Student’s t-test. 
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5.3.8 SphK1 protein accumulation via inhibition of protein 
degradation 

5.3.8.1 SphK1 expression in the presence of protein synthesis and 
degradation inhibitors in thoracic and mesenteric PVAT under 
normoxia and hypoxia 

Following the observation that SphK1 mRNA expression was not significantly 

altered in thoracic or mesenteric PVAT under hypoxia, and that neither SphK1 

phosphorylation nor total protein levels were significantly affected, I next 

explored whether hypoxia might regulate SphK1 at the post-translational level. In 

my earlier work using 3T3-L1 adipocytes, I found that CoCl2-induced hypoxia 

increased SphK1 mRNA expression without significantly altering total SphK1 

protein levels, whereas gas-induced hypoxia led to a transient increase in SphK1 

phosphorylation at 1 hour. Furthermore, pharmacological inhibition of 

proteasomal and lysosomal pathways did not lead to a significant increase in total 

SphK1 protein levels. To determine whether similar mechanisms operate in PVAT, 

thoracic and mesenteric PVAT samples were preincubated with the protein 

synthesis inhibitor cycloheximide (10 µM), the proteasome inhibitors lactacystin 

and MG132 (10 µM each), the cathepsin B inhibitor CA-074ME (10 µM), or a 

combination of MG132 and CA-074ME, and subsequently maintained under 

normoxic conditions or exposed to hypoxia. In thoracic PVAT, none of the 

inhibitors significantly affected SphK1 expression under normoxia (Figure 5-10A) 

but under hypoxic conditions, the combination of CA-074ME with MG132 

significantly increased SphK1 protein levels (p < 0.01) (Figure 5-10B). In contrast, 

no significant effects were observed in mesenteric PVAT under either normoxic or 

hypoxic conditions following treatment with any of the inhibitors (Figure 5-11A 

and B). 
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Figure 5-10 Effect of protein synthesis and degradation inhibitors on SphK1 expression in 
thoracic PVAT under normoxia and hypoxia.  
Representative immunoblot and quantification showing the effect of pre-treatment with 
cycloheximide (10 μM, 30 min), lactacystin (10 μM, 30 min), MG132 (10 μM, 30 min), CA-074ME (10 
μM, 30 min), or a combination of MG132 and CA-074ME on SphK1 protein expression in rat thoracic 
PVAT under (A) normoxia and (B) hypoxia. Total SphK1 (T-SphK1) levels were normalised to total 
protein stain. The quantified T-SphK1 band was located within the ~34–51 kDa.  Data are expressed 
as percent fold-change relative to untreated control and presented as mean ± SEM from four 
independent experiments (n = 4). As data in panel A were not normally distributed, panel A and B 
was analysed using the Kruskal–Wallis test followed by Dunn’s multiple comparisons test. Asterisks 
indicate statistical significance (*p < 0.05, ***p < 0.001). 
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Figure 5-11 Effect of protein synthesis and degradation inhibitors on SphK1 expression in 
mesenteric PVAT under normoxic and hypoxic conditions. 
Representative immunoblot and quantification showing the effect of pre-treatment with 
cycloheximide (10 μM, 30 min), lactacystin (10 μM, 30 min), MG132 (10 μM, 30 min), CA-074ME (10 
μM, 30 min), or a combination of MG132 and CA-074ME on SphK1 protein expression in rat 
mesenteric PVAT under (A) normoxia and (B) hypoxia. Total SphK1 (T-SphK1) levels were 
normalised to total protein stain. The quantified T-SphK1 band was located within the ~34–51 kDa.   
Data are expressed as percent fold-change relative to untreated control and presented as mean ± 
SEM from three independent experiments for normoxia and four for hypoxia (n=3 normoxia, n=4 
hypoxia). Statistical analysis was performed using one-way ANOVA followed by Dunnett’s post-hoc 
test.  
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5.3.9 S1P content in thoracic and mesenteric PVAT lysate under 
normoxia and hypoxia 

Following the modulation of SphK1 protein stability under hypoxic conditions, I 

next measured S1P content within PVAT lysates to determine whether these 

molecular changes were associated with alterations in local S1P levels. PVAT 

samples were maintained under normoxic conditions or exposed to hypoxia (95% 

N₂, 5% CO₂) for 30 minutes, and S1P content was measured using an ELISA-based 

assay. No significant differences in S1P levels were observed between normoxic 

and hypoxic conditions in either thoracic or mesenteric PVAT (Figure 5-12). 

However, baseline S1P content in thoracic PVAT was significantly lower than that 

in mesenteric PVAT under both normoxia (p < 0.01) and hypoxia (p < 0.05), 

consistent with regional differences in PVAT metabolic profiles. 

 

Figure 5-12 S1P levels in thoracic and mesenteric PVAT lysates under normoxic and 
hypoxic conditions. 
S1P levels were quantified by ELISA in lysates of thoracic and mesenteric PVAT from rats exposed 
to normoxic or hypoxic conditions. PVAT samples were initially incubated under normoxic conditions 
(95% O₂ and 5% CO₂) for 30 minutes, followed by continued normoxia or exposure to hypoxia (95% 

N₂ and 5% CO₂) for an additional 30 minutes. S1P concentrations are expressed as ng S1P per mg 
tissue. Data are presented as mean ± SEM from three independent experiments (n=3). Statistical 
analysis was performed using two-way ANOVA followed by Tukey’s post-hoc test. Asterisks indicate 
statistical significance (*p < 0.05, **p < 0.01). 
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5.3.10 Effect of hypoxia and SphK1 inhibition on S1P content in 
thoracic PVAT Conditioned Media 

To further explore S1P regulation in thoracic PVAT, I measured S1P release into 

conditioned media collected under normoxic and hypoxic conditions. S1P levels 

were quantified by ELISA following 30 minutes of incubation. Under hypoxia, S1P 

release was significantly decreased compared to normoxia (p < 0.01) (Figure 

5-13A). To determine the contribution of SphK1 activity under normoxic 

conditions, thoracic PVAT samples were pre-treated with the SphK1 inhibitor 

PF543 (100 nM) for 30 minutes. Pre-treatment with PF543 under normoxia resulted 

in a significant decrease in S1P release compared to untreated normoxic controls 

(p < 0.01) (Figure 5-13B). Furthermore, when comparing PF543-treated samples 

under normoxic and hypoxic conditions, hypoxia induced a further significant 

decrease in S1P release (p < 0.05) (Figure 5-13C). 
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Figure 5-13 Impact of hypoxia and PF543 on S1P content in thoracic PVAT.  
S1P levels were measured by ELISA in conditioned media collected from thoracic PVAT samples 
maintained under normoxic or hypoxic conditions. PVAT samples were initially incubated under 
normoxic conditions (95% O₂ and 5% CO₂) for 30 minutes, followed by continued normoxia or 
exposure to hypoxia (95% N₂ and 5% CO₂) for an additional 30 minutes. (A) S1P release under 
normoxia and hypoxia (n = 8). (B) Comparison between untreated and PF543 pre-treatment under 
normoxia (n = 3). (C) Comparison between PF543-treated samples under hypoxia versus PF543 
normoxia (n = 3). S1P concentrations are expressed as ng S1P per mg PVAT. Data are presented 
as mean ± SEM. Statistical analysis was performed using unpaired Student’s t-test. Asterisks 
indicate statistical significance (*p < 0.05, **p < 0.01). 

5.3.11 S1P release in mesenteric PVAT conditioned media 

To determine whether similar regulatory patterns occurred in mesenteric PVAT, I 

next assessed S1P release into conditioned media collected from mesenteric PVAT 

samples maintained under normoxic and hypoxic conditions. In contrast to the 

findings in thoracic PVAT, no significant differences in S1P release were observed 
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between normoxia and hypoxia, or following pre-treatment with the SphK1 

inhibitor PF543 (Figure 5-14) 

 

Figure 5-14 Effect of hypoxia and SphK1 inhibition on S1P content in mesenteric PVAT 
Conditioned Media.  
S1P levels were measured by ELISA in conditioned media collected from mesenteric PVAT samples 
maintained under normoxic or hypoxic conditions. PVAT samples were initially incubated under 
normoxic conditions (95% O₂ and 5% CO₂) for 30 minutes, followed by continued normoxia or 

exposure to hypoxia (95% N₂ and 5% CO₂) for an additional 30 minutes. (A) S1P release under 
normoxia and hypoxia (n=6). (B) Comparison between untreated and PF543 pre-treatment under 
normoxia (n=3). (C) Comparison between PF543-treated samples under hypoxia versus PF543 
normoxia (n=3). S1P concentrations are expressed as ng S1P per mg PVAT. Data are presented as 
mean ± SEM. Statistical analysis was performed using unpaired Student’s t-test. 

5.3.12 Effect of S1P and S1P2 receptor activation on hypoxia-
induced relaxation in PE-precontracted thoracic aorta 

To investigate whether S1P signalling contributes to the acute hypoxia-induced 

vascular relaxation observed in Chapter 3, thoracic aortic rings were pretreated 
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with either S1P (10 µM) or the selective S1P2 agonist CYM 5478 (10 µM) before 

exposure to hypoxia. 

In PVAT(+)/E+ and PVAT(+)/E– rings, there were no significant differences in 

hypoxia-induced relaxation between hypoxia-only rings (control), S1P-, and CYM 

5478-treated groups (Figure 5-15A, B). In contrast, in PVAT(–)/E+ rings, both S1P 

and CYM 5478 significantly reduced relaxation compared to hypoxia-only rings 

(controls) (p < 0.05) (Figure 5-15C). In PVAT(–)/E– rings, treatment with CYM 5478 

abolished hypoxia-induced relaxation (p < 0.01), whereas S1P had no significant 

effect (Figure 5-15D). A representative control recording from a PVAT(+) ring is 

provided in Figure 5-15E to illustrate hypoxia-induced relaxation. In summary, 

S1P and S1P2 activation had no effect on hypoxia-induced relaxation in PVAT(+) 

rings, but significantly reduced relaxation in PVAT(–) rings. 
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Figure 5-15 Hypoxia-induced relaxation in S1P- and CYM-treated thoracic aorta with and 
without PVAT and endothelium. 
Thoracic aortic rings were precontracted with PE (1 µM), then treated with either S1P (10 µM) or the 
selective S1P2 agonist CYM 5478 (10 µM) or left untreated as hypoxia-only control rings prior to 
hypoxic exposure (95% N₂ and 5% CO₂ for 30 minutes). Relaxation is expressed as a percentage 
of the precontracted tone induced by PE and presented as mean ± SEM from arteries obtained from 
different animals. (A) PVAT(+) /E+ rings (n = 7 control, 6 for S1P and 7 for CYM 5478). (B) PVAT(+) 
/E– rings (n = 8 control, 10 for S1P and 8 for CYM 5478). (C) PVAT(–)/E+ rings (n = 7 control, 7 for 
S1P and 6 for CYM 5478). (D) PVAT(–)/E– rings (n = 7 control, 5 for S1P and 7 for CYM 5478). (E) 
Representative myograph recording from a PVAT(+) control ring showing PE pre-contraction, the 
onset of hypoxia and the subsequent relaxation. Statistical analysis was performed using the 
Kruskal–Wallis test followed by Dunn’s multiple comparisons test. Asterisks indicate statistical 
significance (*p < 0.05, **p < 0.01). 
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5.3.13 Modulatory effect of CYM 5478 on PE-precontracted 
thoracic aorta under normoxia 

A relaxation in response to CYM 5478 was noted before hypoxic exposure. As this 

was not observed with S1P, the direct effect of CYM 5478 on vascular tone was 

further investigated under normoxic conditions. Thoracic aortic rings were 

precontracted with PE (1 µM) and subsequently treated with CYM 5478 (10 µM). 

CYM 5478 induced significant relaxation in PVAT(+)/E+ and PVAT(+)/E– rings (p < 

0.01), as well as in PVAT(–)/E+ and PVAT(–)/E– rings (p < 0.05), compared with 

untreated controls (Figure 5-16). 

 

Figure 5-16 Effect of CYM 5478 on relaxation in thoracic aorta with and without PVAT under 
normoxia.  
Thoracic aortic rings were precontracted with PE (1 µM) and subsequently treated with CYM 5478 
(10 µM) under normoxic conditions. Relaxation is expressed as a percentage of the precontracted 
tone induced by PE and presented as mean ± SEM from arteries obtained from different animals. 
Data are presented as mean ± SEM from seven independent experiments for control (untreated), 
seven for PVAT(+) /E+, eight for PVAT(+) /E–, six for PVAT(–)/E+, and seven for PVAT(–)/E–. 
Statistical analysis was performed using the Kruskal–Wallis test followed by Dunn’s multiple 
comparisons test. Asterisks indicate statistical significance (*p < 0.05, **p < 0.01). 
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5.4 Discussion 

This chapter aimed to define how acute hypoxia affects the SphK/S1P axis in 

adipocytes and PVAT from different anatomical locations and to test whether S1P 

signalling contributes to the PVAT-dependent hypoxic relaxation observed 

previously (Chapter 3). In differentiated 3T3-L1 adipocytes, both chemical (CoCl₂) 

and gas hypoxia selectively increased SphK1 mRNA, but only gas hypoxia 

transiently increased SphK1 phosphorylation and total SphK1 protein was 

unchanged. Despite this shared transcriptional response, extracellular S1P release 

differed, increasing with CoCl₂ (4 h) and decreasing with gas hypoxia (1 h). A short 

period of gas hypoxia (30 min) did not significantly alter SphK1 mRNA, SphK1 

phosphorylation, total SphK1, or tissue S1P content in thoracic or mesenteric 

PVAT. However, thoracic PVAT released less S1P into conditioned medium during 

hypoxia, and basal S1P release was sensitive to SphK1 inhibition (PF543), whereas 

mesenteric PVAT showed effect of hypoxia on S1P release. In thoracic aorta, 

exogenous S1P or the S1P2 agonist CYM 5478 did not modify hypoxic relaxation 

when PVAT was present but reduced relaxation when PVAT was removed, and 

under normoxia CYM 5478 produced a modest relaxation in most ring preparations. 

Taken together, these findings indicate that (i) acute gas hypoxia suppresses S1P 

release from thoracic PVAT despite preserved SphK1 protein, (ii) S1P/S1P2 

signalling can oppose hypoxic relaxation at the vessel wall when PVAT is absent, 

and (iii) PVAT-derived factors predominate over S1P/S1P2 under PVAT-replete 

conditions, consistent with Chapter 3 where the presence of PVAT enables robust 

hypoxic relaxation. 

My results from 3T3-L1 adipocytes demonstrate that chemical (CoCl₂) and gas-

induced hypoxia had differential effects on the SphK/S1P signalling. Both 

increased SphK1 mRNA; however, only gas hypoxia increased SphK1 

phosphorylation at 1 h, and only CoCl₂ increased extracellular S1P at 4 h, whereas 

gas hypoxia actually decreased it. These differences likely reflect the mechanism 

of action of CoCl₂, which functions as a prolyl-hydroxylase (PHD) inhibitor and 

transition metal that stabilises HIF-α by substituting for Fe²⁺ in the catalytic 

centre of PHD enzymes. This disrupts recognition of hydroxylated HIF-α by the von 

Hippel–Lindau (pVHL) E3 ubiquitin ligase complex, thereby preventing 

ubiquitination and proteasomal degradation (Muñoz‐Sánchez and Chánez‐

Cárdenas, 2019, Srinivasan and Dunn, 2011). CoCl₂ has also been reported to 
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display HIF-isoform bias, with a tendency to favour induction of HIF-1α over HIF-

2α in certain cellular contexts, and to trigger additional redox -metallic effects 

unrelated to physiological oxygen sensing (Leonard et al., 2004, Tripathi et al., 

2019, Befani et al., 2013). In contrast, gas hypoxia engages oxygen-sensing 

pathways more broadly, including HIF-2α–dependent SphK1 programmes (Anelli et 

al., 2008) and the wider hypoxia stress response. 

Functionally, effective concentrations of S1P depend not only on synthesis by 

SphK1/2 but also on degradation by sphingosine-1-phosphate phosphatase 1 

(SGPP1) and S1P lyase (SPL), and on export by transporters such as SPNS2, MFSD2B 

and ABCC1. In RA synoviocytes, chemical hypoxia decreases intracellular S1P by 

upregulating SGPP1 and SPL and blocking SPL restores S1P-receptor signalling 

(Zhao et al., 2015a, Zhao et al., 2019). Moreover, SPNS2-dependent export is 

required for extracellular S1P–HIF coupling in cancer cells; neutralising S1P or 

knocking down SPNS2 blunts hypoxia–HIF signalling (Bouquerel et al., 2016, Ader 

et al., 2015). My data are most consistent with a scenario in which gas hypoxia 

transiently activates SphK1 phosphorylation but simultaneously suppresses S1P 

export and/or enhances degradation, producing lower extracellular S1P at 1 h. 

CoCl₂, by contrast, may permit or even augment export while stabilising HIF-1α, 

thereby allowing extracellular S1P accumulation at 4 h, aligning with findings from 

Ito et al. (2013). Overall, these differences emphasise that CoCl₂ and gas hypoxia 

should not be treated as equivalent, and that gas hypoxia provides the more 

physiologically relevant stimulus, even though it is technically more demanding. 

Hypoxia affects the SphK1/S1P axis differently across cells and conditions. For 

example, human and rat endothelial cells display increased SphK1 expression and 

activity during hypoxia, whereas SphK2 expression is not changed (Schwalm et al., 

2008, Alganga et al., 2019). Moreover, human pulmonary artery smooth muscle 

cells exhibit SphK1/2 upregulation after short-term hypoxia and selective SphK1 

induction with chronic hypoxia (Ahmad et al., 2006). Additionally, glioma cells 

show rapid SphK1 mRNA induction peaking at approximately 4 h (Anelli et al., 

2008). Furthermore, rat amoeboid microglia demonstrate a quick rise in SphK1 

immunoreactivity within 15–60 min (Lin et al., 2011) and osteosarcoma cells 

display a transient twofold increase in S1P production at 2–4 h that returns to 

baseline by about 16 h (Gomez-Brouchet et al., 2022). Ader et al. (2008) further 

demonstrated that SphK1 activation stabilises HIF-1α via Akt/GSK-3β-dependent 
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inhibition of VHL-mediated proteasomal degradation. In disease conditions with 

constitutive HIF stabilisation, SphK1 overexpression is likewise evident, for 

example in clear cell renal carcinoma (Salama et al., 2015). Conversely, in primary 

HUVECs and rat heart tissue from our lab, short-term hypoxia did not alter SphK1 

(Alganga, 2017). In rheumatoid arthritis research, CoCl₂ increased SphK1 in 

fibroblast-like synoviocytes (FLS) from healthy donors (normal FLS) but not in FLS 

derived from rheumatoid arthritis patients (RA-FLS) (Zhao et al., 2019), and 

chemical hypoxia lowered intracellular S1P through upregulated SGPP1 and SPL 

despite potential increases in synthesis (Zhao et al., 2015a). Taken together, these 

reports indicate that hypoxic regulation of SphK1 is highly context dependent, 

varying with cell type, the hypoxic stimulus (gas versus CoCl₂) and duration, and 

with the relative effects on synthesis, degradation and export. 

Across adipocytes and PVAT, total SphK1 remained stable despite hypoxia-induced 

transcriptional and/or phospho-activation, indicating that acute regulation is 

determined by activity and localisation rather than abundance. In 3T3-L1 cells, 

inhibiting the proteasome (MG132, lactacystin) or cathepsin B/lysosome (CA-

074ME) did not elevate SphK1, consistent with protein turnover not being rate-

limiting at the sampled times. In contrast, in thoracic PVAT, the combination of 

CA-074ME with MG132 increased SphK1 under hypoxia, suggesting involvement of 

both lysosomal and proteasomal pathways in SphK1 turnover in this depot. This is 

consistent with evidence that SphK1 can be directed to proteasomal or lysosomal 

degradation in a cell- and stimulus-dependent manner, and with observations in 

rat coronary endothelium where, under short hypoxia, the non-specific SphK1 

inhibitor Ski-induced loss of SphK1 was rescued by either MG132 or CA-074ME 

alone; implicating both proteasome and lysosome in SphK1 turnover during 

hypoxia (Taha et al., 2006b, Loveridge et al., 2010, Alganga et al., 2019). 

Mechanistically, SphK1 can be rapidly activated without a change in total protein 

through ERK1/2-dependent phosphorylation at Ser225 that drives plasma-

membrane recruitment (Pitson et al., 2003), through phosphorylation-

independent Gq-coupled receptor signalling that relocalises/activates the enzyme 

(ter Braak et al., 2009, Gault et al., 2012), and via regulatory interactions (e.g., 

CIB1 and binding to anionic phospholipids such as phosphatidic acid and 

phosphatidylserine) that stabilise a high-activity, membrane-proximal 

conformation (Jarman et al., 2010, Delon et al., 2004, Stahelin et al., 2005). 
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Beyond these acute changes, SphK1 abundance is regulated more slowly by 

transcriptional inputs (e.g., Sp1, AP-1/AP-2, E2F family, HIF-2α, LMO2) and 

microRNA-mediated post-transcriptional downregulation (e.g., miR-124, miR-506, 

miR-3677, miR-6862) (Hazar-Rethinam et al., 2015, Bonica et al., 2020, Wang et 

al., 2020d, Zhang et al., 2013b, Lu et al., 2015, Yao et al., 2020, Xue et al., 2020), 

processes unlikely to shift total protein within the time-frame of 6 h (adipocytes) 

and 30 min (PVAT) examined here. Finally, the depot-specific behaviour, observed 

in thoracic but not mesenteric PVAT, likely reflects intrinsic BAT-like versus WAT-

like phenotypes and differences in synthesis and release profiles that influence 

SphK1 localisation and degradation. Collectively, these observations indicate that 

hypoxia regulates SphK1 mainly via rapid localisation/activation and lysosomal 

turnover, resulting in reduced extracellular S1P release rather than changes in 

total protein. A schematic summary of the depot-specific effects in thoracic versus 

mesenteric PVAT is provided in Figure 5-17. 

 

Figure 5-17 Schematic of hypoxia effects on SphK1 and S1P in thoracic and mesenteric PVAT  
Thoracic PVAT (BAT-like): Acute gas hypoxia (30 min) does not significantly change P-SphK1 or 
total SphK1, but the combination of CA-074ME with MG132 under hypoxia increased SphK1, 
consistent with lysosomal and proteasomal turnover. Hypoxia reduces S1P release into conditioned 
media; basal S1P release is sensitive to SphK1 inhibition (PF543). Tissue S1P content is lower than 
in mesenteric PVAT. Mesenteric PVAT (WAT-like): No significant change in P-SphK1 or total SphK1; 
inhibitors have no effect on SphK1 abundance; S1P release is unchanged by hypoxia; tissue S1P 
content is higher than in thoracic PVAT. ↑ increase; ↓ decrease; = no detectable change. 

Across assays, thoracic PVAT responded differently from mesenteric PVAT. 

Baseline S1P content in thoracic PVAT lysate was lower than in mesenteric PVAT, 

hypoxia reduced S1P release from thoracic but not mesenteric PVAT, and SphK1 

inhibition with PF543 decreased S1P release from thoracic PVAT under normoxia 

whereas mesenteric PVAT was relatively unaffected. These depot-specific effects 

are consistent with the BAT-like phenotype and higher sympathetic tone of 
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thoracic PVAT (Ahmad et al., 2019, Jeong et al., 2018, Hanscom et al., 2024) and 

with the established observation that BAT-like and WAT-like PVAT exhibit distinct 

metabolic and secretory features (Gálvez-Prieto et al., 2008, Padilla et al., 2013, 

Victorio et al., 2016, Hwej et al., 2024). They also align with Chapter 4, where 

acute hypoxia selectively suppressed adiponectin in 3T3-L1 adipocytes and 

thoracic PVAT but not mesenteric PVAT, and where thoracic PVAT showed higher 

basal adiponectin than mesenteric PVAT, whereas tissue S1P content was higher 

in mesenteric than thoracic PVAT; moreover, hypoxia reduced S1P release from 

thoracic but not mesenteric PVAT, reinforcing a depot-specific hypoxic response 

of the PVAT secretome. A mechanistic basis likely includes differences in 

expression or activity of S1P exporters such as SPNS2, MFSD2B and ABCC1 and 

degradative enzymes such as SGPP1 and SPL, which warrant direct measurement. 

The PF543 sensitivity of thoracic PVAT also aligns with vascular work in which 

PF543 diminished hypoxia-driven increases in SphK1 and reduced S1P-induced 

vasorelaxation in rat arteries, supporting SphK1 as a regulatory node for local S1P 

availability in hypoxic vascular tissues (Alganga et al., 2019). 

My wire-myography data indicate no supportive role for exogenous S1P or S1P2 

activation in enhancing hypoxic relaxation when PVAT is present, and S1P/S1P2 

signalling attenuates relaxation when PVAT is absent. This is consistent with the 

reduced S1P release from hypoxic thoracic PVAT and suggests S1P is not the PVAT-

derived pro-relaxant in acute hypoxia. Instead, PVAT likely releases other 

vasodilators that counteract any S1P2-mediated anti-relaxant influence on smooth 

muscle, consistent with Chapter 3 where PVAT enabled robust hypoxic relaxation. 

Consistent with this interpretation, VSMCs predominantly express S1P2 with lower 

S1P1/3, and S1P binding induces calcium influx and RhoA/ROCK-dependent 

contraction, providing a likely mechanism by which S1P/S1P2 signalling reduces 

hypoxic relaxation in PVAT(–) rings (Alewijnse et al., 2004, Bischoff et al., 2000, 

Hemmings et al., 2006, Coussin et al., 2002). Additionally, PVAT can facilitate 

hypoxia-induced vasorelaxation via adipocyte-derived relaxing factors, including 

H₂S, and through activation of ATP-sensitive potassium channels, independently 

of the endothelium and NO (Donovan et al., 2018, Maenhaut et al., 2010). The 

normoxic relaxation observed with CYM 5478 is notable and may reflect off-target 

effects, endothelial crosstalk that secondarily engages S1P1/3–eNOS signalling, or 

differences in baseline tone, as the rings were precontracted with PE. 
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Nevertheless, its inhibitory effect on hypoxic relaxation in PVAT(–) rings supports 

the interpretation that S1P2 acts as an inhibitory regulator of hypoxic vasodilation 

when PVAT-derived relaxants are absent. Notably, independent work from our 

laboratory showed that activating S1P2 with CYM 5478 increases iNOS expression 

and NO production in IL-1β–stimulated 3T3-L1 adipocytes (Aljaezi, 2024), 

consistent with reports that S1P2 inhibition reduces iNOS in a rat glomerular 

mesangial cell line (Gong et al., 2020) and lowers iNOS and NO in rat placenta in 

a preeclampsia model (Zhang et al., 2021).Together, these findings suggest a 

context-dependent role for S1P2, pro-contractile via RhoA/ROCK in vascular 

smooth muscle while pro-NO in adipocytes. Overall, PVAT-dependent hypoxic 

relaxation (Chapter 3) is unlikely to be driven by S1P export from PVAT. Rather, 

S1P/S1P2 may counter-regulate hypoxic dilation in PVAT(–) vessels while PVAT-

derived mediators dominate in PVAT(+) rings. 
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5.5 Conclusion 

In summary, acute gas hypoxia rapidly reduces S1P release from 3T3-L1 adipocytes 

and thoracic PVAT despite transient SphK1 activation and unchanged total SphK1. 

Functionally, S1P/S1P2 acts as a negative regulator of hypoxic dilation when PVAT 

is absent, whereas PVAT-derived mediators dominate in PVAT(+) rings and enable 

the robust relaxation seen in Chapter 3, arguing against S1P as the PVAT-derived 

pro-relaxant in acute hypoxia. Depot-specific differences were clear, with 

thoracic (BAT-like) PVAT showing hypoxia-induced suppression of S1P release and 

PF543 sensitivity, whereas mesenteric PVAT was comparatively insensitive and 

had higher S1P content in tissue lysates irrespective of oxygenation. Because they 

produce distinct S1P responses, CoCl₂ and gas hypoxia should not be treated as 

equivalent models. Future work should focus on S1P exporters, degradative 

control, receptor-selective pharmacology, and comprehensive proteomics of 

secreted factors (secretomics) coupled to reconstitution/neutralisation 

experiments to define how PVAT contributes to hypoxia-induced vasorelaxation. 
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Chapter 6 General discussion 
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6.1 Summary and General discussion 

The present thesis combined in vitro and ex vivo approaches to determine how 

acute hypoxia affects adiponectin and SphK1/S1P pathways in adipocytes and 

PVAT, and how PVAT shapes hypoxic vasoreactivity. The central hypothesis was 

that PVAT modulates hypoxia-induced vasoreactivity in a vessel- and depot-

specific manner, reflecting the differential effects on contractility reported across 

vascular beds, and that this modulation is conditioned by endothelial integrity and 

specific receptor pathways (e.g., AdipoR1 and S1P2). In line with this, Chapter 3 

analysed functional vascular responses to hypoxia with controlled manipulation of 

PVAT and endothelium; Chapter 4 examined adiponectin gene expression, protein 

and secretion in adipocytes and PVAT and tested pathway involvement in hypoxic 

relaxation; and Chapter 5 investigated SphK1/S1P pathway in adipocytes and PVAT 

and assessed whether S1P/S1P₂ contributes to hypoxia-induced vasorelaxation.  

Three broad conclusions emerge from these chapters. First, PVAT augments acute 

hypoxic vasorelaxation via mechanisms that can function independently of the 

endothelium. In the acute hypoxia protocol (hypoxia applied during phenylephrine 

tone), hypoxic relaxation was statistically significant and PVAT-dependent, and it 

was also observed in endothelium-denuded rings, consistent with PVAT-derived 

H₂S/CBS pathways and K⁺-channel opening observed in other studies (Donovan et 

al., 2018, Maenhaut et al., 2010, Fang et al., 2009, Daut et al., 1990). This 

vasodilation primarily augments oxygen delivery to tissues when oxygen 

availability is reduced. By contrast, when vessels were pre-exposed to hypoxia and 

then re-oxygenated before testing, phenylephrine contractions increased and 

cromakalim (KATP opener) relaxation was also enhanced, highlighting how timing 

(pre-exposure versus real-time hypoxia) and redox transitions during re-

oxygenation remodel PVAT, endothelium and VSMC cross-talk (Granger and 

Kvietys, 2015, Ku, 1982, VanBenthuysen et al., 1987, Tsao et al., 1990, Pearson 

et al., 1990, Kaeffer et al., 1996). Mechanistically, previous studies have shown 

that re-oxygenation elevates reactive oxygen species from mitochondria, xanthine 

oxidase and NADPH oxidases and activates inflammatory signalling, while 

adipocytes up-regulate IL-1β, IL-8 and TNF-α during hypoxia/re-oxygenation with 

peaks on re-oxygenation (He et al., 2014, Hong et al., 2014, Granger and Kvietys, 

2015, Ku, 1982, Tsao et al., 1990). Although the present study did not directly 

quantify reactive oxygen species or cytokines, these literature-supported changes 
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provide a plausible explanation for the increased phenylephrine contractions and 

the enhancement of KATP-dependent relaxation after pre-exposure/re-

oxygenation, via impairment of endothelial NO-dependent pathways and a shift in 

PVAT/VSMC signalling towards greater α₁-adrenergic responsiveness and KATP-

sensitive relaxation.  

Secondly, while adiponectin is a widely recognised PVAT-derived relaxing factor 

(Sena et al., 2017, Chen et al., 2003), acute hypoxic vasorelaxation in the thoracic 

aorta was largely adiponectin-independent. Acute hypoxia reduced adiponectin 

expression in 3T3-L1 adipocytes and in thoracic PVAT without detectable 

cytotoxicity, whereas mesenteric PVAT was relatively resistant over the same 

brief exposure, consistent with depot heterogeneity (Gil-Ortega et al., 2015, Hwej 

et al., 2024). Notably, this reduction was statistically significant after 1–4 h in 

adipocytes , and after 30 min in PVAT, earlier than the 6–24 h period commonly 

examined in studies of adipocyte/adipose hypoxia, including chronic and 

intermittent hypoxia models of obstructive sleep apnoea, in which reductions in 

adiponectin expression and/or secretion are frequently reported (Tsuchida et al., 

2004, Hosogai et al., 2007, Ye et al., 2007, Wang et al., 2007, Chen et al., 2006, 

Magalang et al., 2009). Pharmacological modulation showed that neither AdipoR1 

blockade nor β3-adrenoceptor agonists altered hypoxic relaxation when PVAT was 

present; in PVAT-removed, endothelium-intact rings, β3-adrenoceptor agonism 

attenuated relaxation, implying a β3-linked endothelial inhibitory pathway that is 

normally buffered by PVAT. This contrasts with report that endothelial β3-

adrenoceptors promote vasorelaxation via NO/EDH in other vascular beds (Dessy 

et al., 2004, Filippi et al., 2022). This is compatible with reports that β3-

adrenoceptor stimulation of PVAT is associated with endothelium-independent, 

adiponectin-dependent anticontractile (vasodilatory) effects, suggesting that β3 

activation may promote adiponectin release (Saxton et al., 2018, Weston et al., 

2013). Moreover, PVAT provides a range of mediators that can support relaxation 

under oxygen stress, including hydrogen peroxide (H₂O₂), H₂S and nitric oxide 

(NO), omentin, methyl palmitate, prostacyclin and angiotensin 1–7 (Tong et al., 

2023, Victorio et al., 2016, Lee et al., 2011, Gao et al., 2007, Fang et al., 2009, 

Gil-Ortega et al., 2014). This diversity of mediators likely preserves the immediate 

hypoxic response in the thoracic aorta despite a decrease in adiponectin. 

Generally, systemic arteries dilate under hypoxia to enhance tissue perfusion via 
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metabolites like adenosine, NO, and HIF activation (Böger and Hannemann, 2020, 

Hannemann and Böger, 2022).  

Thirdly, although brief hypoxic exposure altered S1P release in a depot-specific 

manner, S1P did not modify PVAT-dependent hypoxic relaxation. In thoracic PVAT, 

30 min of gas hypoxia lowered S1P release into conditioned media, an effect 

reproduced under normoxia by SphK1 inhibition (PF543), whereas mesenteric 

PVAT was unchanged, consistent with known phenotypic differences between 

these depots (Gálvez-Prieto et al., 2008, Padilla et al., 2013, Victorio et al., 2016, 

Hwej et al., 2024). In adipocytes, acute hypoxia selectively engaged SphK1 

signalling. Similarly, hypoxia increases SphK1, without affecting SphK2, in human 

and rat endothelial cells (Schwalm et al., 2008, Alganga et al., 2019). It also 

produced stimulus-dependent changes in extracellular S1P, increasing with CoCl₂ 

and decreasing with gas hypoxia; this was a clear instance in which the hypoxia 

model altered the direction of effect in my experiments. The decrease in 

extracellular S1P with gas hypoxia is most consistent with reduced export and/or 

enhanced degradation. Consistent with this interpretation, SphK1 inhibition 

(PF543) mimicked the hypoxia-induced decrease under normoxia and further 

lowered extracellular S1P during hypoxia, indicating that some SphK1-dependent 

S1P production continues under low O₂. The net extracellular pool nevertheless 

declines, plausibly because hypoxia limits export (SPNS2-dependent) and/or 

accelerates degradation (SGPP1/SPL), as reported in previous studies linking S1P 

export to HIF signalling and hypoxia-dependent remodelling of S1P turnover (Ader 

et al., 2015, Bouquerel et al., 2016, Zhao et al., 2015a, Zhao et al., 2019). 

Functionally, exogenous S1P or the selective S1P₂ agonist CYM 5478 reduced 

hypoxia-induced relaxation in PVAT(–) thoracic aorta, with stronger effects via 

S1P₂. This pattern is in line with previous reports that S1P₂ signalling activates 

RhoA/ROCK in vascular smooth muscle to oppose dilation (Alewijnse et al., 2004, 

Hemmings et al., 2006, Coussin et al., 2002). By contrast, neither S1P nor CYM 

5478 altered hypoxic relaxation when PVAT was present, in keeping with evidence 

that PVAT-derived mediators such as H₂S and K⁺-channel mechanisms dominate 

under PVAT(+) conditions (Donovan et al., 2018, Maenhaut et al., 2010). Overall, 

acute hypoxia suppresses S1P release from thoracic PVAT and reveals an S1P/S1P₂-

mediated inhibitory influence on hypoxic dilation in PVAT-depleted vessels, 
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indicating that mediators other than S1P likely underlie the acute PVAT-

dependent vasorelaxant response.  

Integrating across chapters, timing and the hypoxia stimulus are key determinants 

of outcome, which helps explain why some studies report hypoxia-induced 

relaxation (Donovan et al., 2018, Maenhaut et al., 2010) while others find 

impaired PVAT anti-contractility or greater acetylcholine dysfunction in PVAT-

intact vessels (Greenstein et al., 2009, Zaborska et al., 2016, Sousa et al., 2019). 

Acute hypoxia applied during established contraction consistently revealed PVAT’s 

ability to augment endothelium-independent relaxation, whereas pre-exposure to 

hypoxia followed by re-oxygenation increased phenylephrine contractility and, in 

some conditions, enhanced KATP-dependent relaxation under normoxia. As noted 

above, re-oxygenation can generate reactive oxygen species and inflammatory 

signalling that reduce endothelial NO and alter PVAT–VSMC cross-talk; these 

processes may underlie the increased phenylephrine contractions and KATP-related 

changes observed here, although I did not measure these mediators in this study 

(He et al., 2014, Hong et al., 2014, Granger and Kvietys, 2015, Ku, 1982, Tsao et 

al., 1990, VanBenthuysen et al., 1987, Pearson et al., 1990). The choice of hypoxic 

stimulus also influences interpretation: as reported in previous studies, CoCl₂ acts 

as an Fe²⁺-mimetic prolyl-hydroxylase inhibitor that preferentially stabilises HIF-

1α and introduces redox-metal effects, whereas gas hypoxia engages physiological 

O₂-sensing pathways, including HIF-2α-linked transcriptional responses such as 

SphK1 regulation (Muñoz‐Sánchez and Chánez‐Cárdenas, 2019, Befani et al., 2013, 

Anelli et al., 2008, Tripathi et al., 2019, Leonard et al., 2004). Taken together, 

the timing of oxygen exposure, endothelial integrity, PVAT status and the hypoxia 

model explain much of the apparent variation across studies and underline the 

importance of experimental design when deciding which pathways are 

responsible.  

Moreover, depot phenotype plays an important role in regulating the molecular 

response to hypoxia. Thoracic PVAT displays BAT-like features, with multilocular 

adipocytes and UCP-1 expression, whereas mesenteric/abdominal PVAT is WAT-

like, less vascularised, lower in thermogenic capacity, and more pro-inflammatory 

(Padilla et al., 2013, Gálvez-Prieto et al., 2008, Cinti, 2011). In line with this 

background, thoracic depots exhibit higher eNOS/NO bioavailability and greater 
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sympathetic tone/noradrenaline content than mesenteric depots; in the present 

data, thoracic PVAT also showed higher basal adiponectin (Victorio et al., 2016, 

Jeong et al., 2018, Ahmad et al., 2019, Leloup et al., 2015). In this study, brief 

gas hypoxia reduced adiponectin in 3T3-L1 adipocytes and in thoracic PVAT and 

lowered S1P release from thoracic PVAT, whereas mesenteric PVAT was less 

affected over the same interval. These molecular features are consistent with 

broader BAT biology, including roles in lipid clearance, BATokine signalling and 

improved insulin sensitivity, although BAT activity declines with obesity 

(Hildebrand et al., 2018, van Marken Lichtenbelt et al., 2009, Gil-Ortega et al., 

2015). Taken together, the thoracic–mesenteric contrast in adipokine pathways 

(adiponectin) and sphingolipid pathways (S1P/SphK1) provides the mechanistic 

context for PVAT biology during hypoxia. Additionally, thoracic aorta (elastic 

conduit) and mesenteric arteries (muscular resistance) differ in wall composition 

and haemodynamic role (pressure buffering vs control of regional 

perfusion/systemic resistance); these distinctions shape how PVAT influences 

reactivity under hypoxia (Leloup et al., 2015). They also align with the distinct 

disease contexts of each bed, with atherosclerosis in conduit arteries and 

dysregulated tone and hypertension in resistance arteries. Therefore, 

interpretation and experimental design should give due consideration to depot 

identity and, where possible, use depot-derived adipocytes or intact PVAT tissue 

preparations, rather than generalising from a single differentiated cell line.  

During the immediate hypoxic phase, PVAT-derived dilator pathways and K⁺-

channel mechanisms, notably H₂S and KATP, set the tone. Acute hypoxia produced 

clear PVAT-dependent relaxation in both endothelium-intact and endothelium-

denuded rings, consistent with published H₂S/CBS and K⁺-channel mechanisms 

(Donovan et al., 2018, Maenhaut et al., 2010). By contrast, adiponectin may be 

more relevant to basal anticontractility and longer-term homeostasis, consistent 

with literature showing reduced adiponectin in chronic hypoxia or obesity-

associated conditions, and that restoring adiponectin can rescue function (Badran 

et al., 2019, Almabrouk et al., 2018, Ye et al., 2007). Consistent with this 

hierarchy, acute hypoxic relaxation in the present study was maintained when 

AdipoR1 was blocked or when S1P or an S1P₂ agonist was applied in PVAT(+) rings, 

whereas in PVAT-removed vessels exogenous S1P or S1P₂ activation limited 

hypoxic relaxation, consistent with smooth-muscle RhoA/ROCK signalling 
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(Alewijnse et al., 2004, Hemmings et al., 2006, Coussin et al., 2002). In the 

systemic circulation , and in the absence of PVAT, hypoxia can relax pre-constricted 

vessels in several species and beds, with proposed mechanisms involving O₂-

sensing that lowers intracellular Ca²⁺ in vascular smooth muscle (Totzeck et al., 

2014, Kerkhof et al., 2002, Lynch et al., 2006, Herrera and Walker, 1998, Gasser 

et al., 1993, Pearce et al., 1992). The β₃-adrenoceptor context is also important. 

In intact PVAT, β₃-adrenoceptor stimulation induces adiponectin-dependent 

anticontractile effects, indicating that β₃ activation likely promotes adiponectin 

release (Saxton et al., 2018, Weston et al., 2013), whereas in PVAT(–), 

endothelium-intact rings β₃ agonism attenuated hypoxic relaxation in this study, 

pointing to an endothelial β₃-linked inhibitory pathway when PVAT buffering is 

absent. Taken together, acute hypoxic relaxation in the thoracic aorta is PVAT-

supported and largely independent of endothelial status, adiponectin, or 

sphingosine signalling over this time interval. β₃-adrenoceptor and S1P/S1P₂ 

pathways appear primarily as inhibitory or counter-regulatory influences when 

PVAT’s rapid dilator support is removed. 

Link to adiponectin–sphingolipid interplay. Prior work indicates bidirectional 

crosstalk: adiponectin, through its receptors AdipoR1 and AdipoR2, exhibits 

intrinsic ceramidase activity that hydrolyses ceramide to sphingosine, which is 

then phosphorylated by sphingosine kinases to generate S1P, with increased 

extracellular S1P release also observed (Holland et al., 2010, Bikman and 

Summers, 2011, Bernacchioni et al., 2022, Botta et al., 2020). Conversely, S1P 

signalling, particularly via S1P₂, can inhibit adipogenesis and reduce adiponectin 

expression, and genetic or pharmacological suppression of the SphK/S1P pathway 

increases adiponectin and an anti-inflammatory profile in adipose depots (Moon 

et al., 2015, Jeong et al., 2015, Moon et al., 2014, Wang et al., 2014). In this 

thesis, brief gas hypoxia lowered adiponectin in 3T3-L1 adipocytes and thoracic 

PVAT and reduced S1P release from thoracic PVAT, yet PVAT-dependent hypoxic 

relaxation remained intact and was unaffected by AdipoR1 blockade and by S1P 

or S1P₂ activation when PVAT was present. These observations are consistent 

with, but do not establish, a reduction in AdipoR-associated ceramidase activity 

and ceramide-to-sphingosine flux under acute hypoxia, which could lower S1P 

generation. Additionally, although S1P/S1P₂ signalling has been reported to lower 

adiponectin (Moon et al., 2015, Jeong et al., 2015, Moon et al., 2014), exogenous 
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S1P and S1P₂ agonism did not diminish hypoxic relaxation in PVAT-intact aorta in 

this study, with inhibitory effects obvious only in PVAT-removed rings. Adiponectin 

is therefore unlikely to be a major contributor to PVAT-dependent hypoxic 

relaxation when the hypoxia is applied acutely.  
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6.2 Limitation and future direction 

6.2.1  limitations 

Experimental context. Most vascular experiments used isolated aortic rings and 

ex vivo PVAT, which allowed tight control of O₂ and pharmacology but removed 

neural, humoral and haemodynamic inputs present in vivo. Consequently, PVAT–

endothelium–VSMC crosstalk was studied without systemic feedback, so effect 

sizes and mediator hierarchies may differ in the intact circulation. 

Euthanasia method. A further limitation is that pentobarbital was used only in the 

initial thoracic aorta experiment (Section 3.3.2), which involved a small number 

of vessels (n = 1–2 per condition), whereas all other vascular experiments used 

CO₂ overdose. Pentobarbital can modulate several ion channels, including GABAA 

receptors and certain voltage-gated Ca2+ and K+ channels (Löscher and Rogawski, 

2012, Barker and Rogawski, 1993, Joksovic et al., 2004, O'beirne et al., 1987, 

Gibbons et al., 1996), raising the possibility that euthanasia method might 

influence vascular tone. Although qualitative inspection of the recordings did not 

reveal obvious differences between vessels from pentobarbital- and CO₂-

euthanised animals, the sample size was too small for statistical comparison. 

Moreover, all vessels were extensively washed in PSS and required robust KPSS 

(more than 4.90 mN) and PE responses to be included. However, a minor 

confounding effect of euthanasia method cannot be formally excluded.  

Time-matched controls during prolonged preconstriction. In the hypoxia-induced 

relaxation experiments (e.g., Figure 3.10), thoracic aortic rings were 

precontracted with PE and maintained under tension during the 30-minute hypoxic 

exposure. A time-matched normoxic control in which vessels remain under 

sustained PE-induced contraction for an equivalent duration was not included. 

Because vascular tone may slowly decline over time, part of the relaxation could 

reflect time-dependent changes rather than hypoxia alone. However, the marked 

and rapid fall in tension immediately following hypoxic gas introduction, together 

with the clear recontraction upon reoxygenation, strongly suggests that the 

response was primarily due to hypoxia rather than by time-related changes. 

Although the absence of a formal time-matched normoxic control introduces some 
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uncertainty, the overall pattern of relaxation and recovery supports a hypoxia-

dependent effect. 

Species and depot scope. Work was performed in male Sprague–Dawley rat 

thoracic aorta and mesenteric beds and in mouse 3T3-L1 adipocytes. 

Translatability across species, sexes and PVAT depots therefore remains 

uncertain. Depot heterogeneity was obvious. For example, acute gas hypoxia 

suppressed adiponectin in thoracic but not mesenteric PVAT, and reduced S1P 

release from thoracic PVAT but not mesenteric PVAT, underscoring the need to 

extend beyond the studied beds.  

Exposure conditions. Tissues were maintained under 95% O₂/5% CO₂ (normoxia) 

for viability and challenged with 95% N₂/5% CO₂ (open bath) ex vivo, or 1% O₂ in 

sealed chambers for cells. Baseline hyperoxia can condition vascular redox tone 

and increase reactive oxygen species (Singer et al., 2021), which, as reported in 

the literature, alters endothelium-dependent responses in organ-bath 

experiments (Wong et al., 2015). Moreover, oxidation of protein sulfhydryl groups 

and accumulation of oxidized glutathione (GSSG) are established markers of 

oxidative stress after ischaemia–reperfusion (I/R), illustrating how extremes of O₂ 

can disrupt redox signalling (Granger and Kvietys, 2015). For physiological 

context, in healthy humans at sea level, arterial blood is ~95–100 mmHg pO₂ (~12–

13% O₂) and mixed venous blood ~40 mmHg (~5% O₂); most tissues work at 

(physioxia) around ~5% O₂ (typical ~3–7%), far below atmospheric 21% O₂ and well 

below organ-bath (95% O₂/5% CO₂) (Ortiz-Prado et al., 2019, McKeown, 2014). 

Within the arterial wall, microelectrode studies show an adventitia-to-media 

gradient of roughly 30 to 20–25 mmHg (≈4–3% O₂), with further reductions in 

atherosclerosis (Hajjar et al., 1988). In adipose depots, interstitial pO₂ is usually 

in the low % O₂ range; obesity can lower adipose pO₂ (Pasarica et al., 2009). 

Hypoxic exposures here were short (30 min ex vivo; 1–6 h in vitro), examining only 

early-phase adaptations rather than chronic or intermittent models relevant to 

conditions like obstructive sleep apnoea, where recurrent hypoxia–reoxygenation 

contributes to cardiovascular risk (Tietjens et al., 2019, Magalang et al., 2009). 

Furthermore, chemical (CoCl₂) and gas hypoxia were not equivalent: CoCl₂ 

increased extracellular S1P from adipocytes, whereas gas hypoxia reduced it 

acutely, highlighting stimulus-dependent biology.  
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Measurement strategy and analytical resolution. S1P was measured by ELISA, 

which is convenient and relatively rapid but does not resolve molecular species. 

It cannot distinguish S1P long-chain-base variants, and antibody cross-reactivity 

with structurally similar lipids can inflate results when analogues are present. This 

limitation is noted in literature comparing ELISA with LC–MS/MS for S1P (Sun et 

al., 2022). By contrast, LC–MS/MS provides species-level resolution and validated 

sensitivity/specificity for S1P and related sphingolipids, so the exact molecule 

being measured can be confirmed (Tang et al., 2020). Transporters /degradation 

components (SPNS2, MFSD2B, ABCC1, SGPP1, SPL) were not measured here, 

limiting mechanistic explanation for the hypoxia-induced drop in S1P release from 

thoracic PVAT. 

Pharmacology and stimulus scope. Functional assays relied on phenylephrine (PE) 

for constriction and cromakalim (CK) for relaxation. This narrow focus may limit 

applicability to other stimuli. Likewise, exogenous S1P and the S1P₂ agonist CYM 

5478 were tested at a single concentration (10 µM) and although used in prior 

studies (Herr et al., 2016, Moon et al., 2014), a greater range of concentrations 

may have revealed different effects. For S1P and CYM 5478, full concentration–

response curves in the sub-micromolar range and receptor-selective ligands 

(including S1P₁/₃ agonists and S1P₂ antagonists) were not applied.  

Mechanistic testing of candidate mediators. While PVAT augmented hypoxic 

relaxation and adiponectin declined acutely in thoracic PVAT and 3T3-L1 

adipocytes, I did not establish adiponectin causality. The study used β₃-

adrenoceptor agonism and an AdipoR-blocking peptide during hypoxia; however, 

recombinant adiponectin add-back, receptor-selective ligands to distinguish 

AdipoR1 from AdipoR2, and genetic loss-of-function approaches (e.g., PVAT from 

Adipoq-deficient donors) were not performed. Other candidate dilator pathways, 

including H₂S signalling and specific K⁺ channels, implicated by prior studies, were 

not tested here(Donovan et al., 2018, Maenhaut et al., 2010).  

β₃-adrenoceptor localisation. β₃-AR agonism reduced hypoxic relaxation only in 

PVAT(–)/E+ rings, indicating an endothelium-dependent inhibitory mechanism that 

is prevented by PVAT. However, endothelial versus adipocyte β₃-AR contributions 

were not distinguished. 
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Group sizes and statistical power. The adipokine array performed on thoracic 

PVAT conditioned medium indicated early reductions in LIF, IGFBP-1, IL-10 and 

resistin under hypoxia; however, the small sample size (n = 2) prevented statistical 

testing, and these findings should therefore be considered exploratory and used 

only to guide future work. Across several experiments in this thesis, some groups 

also had modest sample sizes, which reduces statistical power and may limit the 

ability to detect subtle but biologically relevant differences. This is particularly 

obvious in datasets that show directional trends without achieving statistical 

significance (e.g., Figures 3-2B and 4-6B). Although care was taken to apply 

consistent methodologies and to confirm vessel or cell viability before analysis, 

smaller group sizes mean that some comparisons may remain underpowered. 

Moreover, trend-level effects should be interpreted cautiously. 

Housekeeping gene selection. Only one housekeeping gene (TBP) was used for 

qPCR normalisation. Although raw Ct values confirmed that TBP was stable across 

normoxic and hypoxic conditions, the use of additional stable reference genes is 

recommended for maximal accuracy and strengthen the reliability of gene 

expression analyses. 

Use of 3T3-L1 adipocytes as a model of PVAT adipocytes. Differentiated 3T3-L1 

adipocytes are widely used as an in vitro model of white adipocytes; however, 

they do not fully reproduce the phenotype of native PVAT. PVAT is heterogeneous, 

containing white, beige and brown-like adipocytes alongside stromal and immune 

cells, whereas 3T3-L1 cultures are a homogeneous, fibroblast-derived lineage. 

Importantly, previous work has shown that 3T3-L1 adipocytes express features of 

multiple adipocyte lineages. Although their basal gene expression and 

bioenergetics resemble white adipocytes, they can undergo UCP1-dependent 

increases in oxygen consumption and upregulate brown-adipocyte-enriched genes 

in response to catecholamines, while failing to adopt a beige phenotype under 

beige-inducing protocols (Morrison and McGee, 2015). These mixed-lineage 

characteristics highlight that 3T3-L1 adipocytes may not accurately reflect the 

receptor profile, metabolic properties or hypoxia responses of native PVAT 

adipocytes. Consequently, molecular findings obtained in 3T3-L1 cells should be 

interpreted with caution when generalising to thoracic or mesenteric PVAT and 

their functional contributions to vascular tone or to human adipose tissue. 
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RNA quality and integrity. A further limitation is that RNA integrity was not 

formally assessed prior to qPCR analysis. The quality of total RNA is a critical 

determinant of reliable gene expression measurement, as degraded RNA can 

compromise downstream applications such as qRT-PCR by increasing variability 

and reducing the consistency of amplification across samples (Fleige and Pfaffl, 

2006). This is particularly relevant for experiments where group sizes were modest 

or where only trend-level differences were observed, as reduced RNA integrity 

could increase data variability and further limit statistical power. Although RNA 

was prepared according to standard procedures and samples showed appropriate 

260/280 ratios, the absence of a direct integrity measure (e.g., RIN) introduces 

uncertainty regarding the contribution of RNA quality to the variability observed 

in some datasets. 

Sex differences in adipose tissue biology. Another limitation of the present study 

is the use of only male rats, which prevents assessment of potential sex-specific 

differences in PVAT function and responses to hypoxia. Sex is known to influence 

adipose tissue distribution, endocrine function, and thermogenic capacity. 

Visceral adipose tissue represents a greater proportion of total fat mass in men 

(10–20%) compared with women (5–8%) (Ibrahim, 2010, Wajchenberg, 2000), 

whereas women accumulate more subcutaneous and overall body fat (Palmer and 

Clegg, 2015, Berryman and List, 2017). Dorsocervical BAT activity is also greater 

in young adult women than in men (Martinez‐Tellez et al., 2019, Gómez-García et 

al., 2022), and females show an increased propensity for WAT browning and beige 

adipocyte recruitment (Gómez-García et al., 2022, Herz et al., 2021). These 

established sex differences may influence adipokine secretion, adipose 

oxygenation, vascular regulation, and S1P signalling. The absence of female 

animals therefore limits generalisability, and future studies incorporating both 

sexes will be needed to determine whether the hypoxia-induced PVAT responses 

observed here are sex-specific (sexual dimorphism). 

 

6.2.2 Future directions 

Expand vascular function experiments. Extend wire-myography to additional 

constrictors (e.g., U46619, KCl, Ang II, endothelin-1, serotonin) and dilators 
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(acetylcholine, sodium nitroprusside [SNP], isoprenaline, bradykinin [BK], 

adenosine). This will test whether PVAT-dependent hypoxic support and S1P/S1P₂–

mediated inhibition persist across distinct signalling pathways, including α1-

AR/Gq (PE), TP/ETA with prominent ROCK activation (U46619/ET-1), and GPCR-

independent depolarisation (KCl), and whether PVAT-derived hyperpolarising 

mediators interact differently with endothelium-dependent (ACh/BK/adenosine) 

versus endothelium-independent (SNP) relaxations. 

Human and primary adipocytes. Repeat key cellular experiments in primary PVAT 

adipocytes isolated enzymatically from thoracic and mesenteric depots, and in 

human adipocyte models such as Simpson-Golabi-Behmel syndrome (SGBS) cells 

and primary human preadipocyte/adipocyte cultures (Wang et al., 2007, Thelen 

et al., 2018, Scott et al., 2019, Montanari and Colitti, 2018). Compare depot-

specific hypoxia responses and adiponectin/S1P coupling, because primary PVAT 

and human adipocytes preserve depot identity and human relevance, enabling 

validation of native AdipoR/S1PR/exporter expression and direct causal linkage to 

vascular function. 

Mechanistic characterisation of the S1P axis. Quantify exporters (SPNS2, MFSD2B, 

ABCC1), degradative enzymes (SGPP1, SPL), and HIF-1α/-2α in adipocytes and 

PVAT under gas hypoxia ± SphK1 inhibition (PF543). Test whether blocking export 

or inhibiting lyase/phosphatase restores extracellular S1P during hypoxia, 

particularly in thoracic PVAT where release decreased acutely. Combine S1P₂ 

antagonism (JTE-013) with ROCK inhibition under hypoxia to confirm the S1P₂–

ROCK inhibitory mechanism observed in PVAT(–) rings. 

Adiponectin causality during acute hypoxia. Perform add-back (recombinant 

adiponectin; multimer-resolved), neutralisation, and AdipoR1/2 

agonism/antagonism during hypoxia in PVAT(+/–) rings. Use PVAT from Adipoq-

deficient donors when possible. Increased temporal sampling at 5–10 min intervals 

of tissue and CM can resolve rapid secretion vs content changes noted in thoracic 

PVAT. 

Define compensatory dilators and channels. In PVAT(+/–) rings during hypoxia, 

inhibit NOS/sGC, H₂S synthesis (CBS/CSE), neutralise H₂O₂, and block candidate 

K+ channels (KATP, BKCa, Kv) to quantify the relative contributions when 
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adiponectin/S1P are altered. This will address why PVAT sustains hypoxic 

relaxation even when adiponectin declines and S1P/S1P₂ limits dilation at the 

vessel wall. 

Improve quantitation and scope of lipidomics/secretomics. Replace/augment 

ELISAs with targeted LC–MS/MS for S1P species and precursors. LC–MS/MS methods 

have been validated for S1P quantification and routinely differentiate multiple 

sphingolipid species by chain length and saturation (Frej et al., 2015, Li et al., 

2014, Byeon et al., 2024). Run secretome proteomics on PVAT CM across short 

time-courses (15–180 min) to capture dynamics suggested by the array. 

Reconstitute PVAT support by add-back/neutralisation in CM-transfer experiments 

to identify a minimal mediator set. 

Chronic exposure and systemic context. Test intermittent and chronic hypoxia 

(with re-oxygenation cycles) in vivo and ex vivo, include metabolic stress (diet-

induced obesity), both sexes, and additional PVAT depots (abdominal, coronary). 

Add blood-cell components (e.g., erythrocyte-conditioned medium) to mimic 

circulating S1P sources alongside local PVAT release. 

Together, these steps will convert the present findings into a mechanistic 

foundation: clarifying how hypoxia modulates PVAT secretomes in a depot- and 

time-dependent manner, determining when S1P/S1P₂ limits dilation versus when 

PVAT-derived dilators dominate, and establishing whether the same rules apply in 

human PVAT and in vivo.  



Chapter 6  188 

6.3 Conclusion 

Across complementary cellular, molecular, and functional assays, this thesis shows 

that PVAT is the dominant enabler of acute hypoxic vasorelaxation in the rat 

thoracic aorta. Over the same time scale, hypoxia downregulates adiponectin in 

thoracic PVAT and 3T3-L1 adipocytes, but hypoxic relaxation remains intact, 

pointing to compensatory PVAT dilators and ion-channel mechanisms. In parallel, 

the SphK1/S1P axis is reprogrammed in a stimulus- and depot-specific manner: gas 

hypoxia suppresses S1P release from thoracic PVAT, and vessel-wall S1P/S1P₂ 

signalling attenuates hypoxic dilation when PVAT is absent but is overcome when 

PVAT is present. Together, these findings refine the Chapter 1 hypothesis by 

identifying PVAT-centric, adiponectin-independent, and S1P-resistant 

mechanisms of acute hypoxic vasodilation, and by highlighting depot 

specialisation as a key determinant of outcome. 

Future work should identify the PVAT mediators that acutely drive dilation, 

characterise how S1P transport and degradation regulate its paracrine 

bioavailability, and test whether targeted modulation of these pathways can 

restore PVAT support in disease states with chronic hypoxia and PVAT dysfunction. 
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Appendices 

1.1 Appendix A – Full-Length Western Blot Images 

Full, uncropped Western blot images with visible molecular weight (MW) ladders 

are presented in this appendix for all proteins analysed in the main thesis. These 

images show the entire membrane, including MW ladder positions, sample lane 

order, and any non-specific bands. The quantified band used in the main figures 

is specified in each caption. 

 

 

Appendix A 1 Full-length adiponectin Western blot (3T3-L1 adipocytes).  
Full, uncropped immunoblot showing adiponectin bands with visible molecular weight ladder. The 
quantified band in the main figures corresponds to ~30 kDa. 
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Appendix A 2 Full-length total SphK1 Western blot (3T3-L1 adipocytes).  
Complete, uncropped Western blot with MW ladder. Several immunoreactive bands are visible; the 
band used for quantification in the main figures corresponds to ~34–36 kDa. 

 

 

Appendix A 3 Full-length phosphorylated SphK1 (P-SphK1) Western blot (3T3-L1 adipocytes). 
Uncropped membrane image with MW ladder visible. The quantified P-SphK1 band in the main 
figures is located at ~51 kDa. 
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Appendix A 4 Full-length adiponectin Western blot (PVAT). 
Full, uncropped immunoblot showing adiponectin bands in mesenteric PVAT with visible molecular 
weight ladder. The quantified band in the main figures corresponds to ~30 kDa. 

 

Appendix A 5 Full-length total SphK1 Western blot (PVAT). 
Full, uncropped blot showing SphK1 bands in thoracic PVAT alongside the MW ladder. Multiple 
bands are present; the band used for quantification in the main figures is indicated in that figure 
and lies between ~34–51 kDa. 
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Appendix A 6 Full-length phosphorylated SphK1 Western blot (PVAT). 
Uncropped membrane with MW ladder. The quantified P-SphK1 band shown in the main figures 
corresponds to ~51 kDa. 

 

Appendix A 7 Full-length GAPDH Western blot (3T3-L1 adipocytes). 
Uncropped Western blot with MW ladder; the quantified GAPDH band was located at ~37 kDa. 
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